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Abstract 

Resonant Localized Surface Plasmon Resonance Spectroscopy: Fundamentals and 
Applications 

 
Jing Zhao 

The work presented here describes investigations into the interaction of resonant 

molecules with metallic nanoparticles by localized surface plasmon resonance (LSPR) 

spectroscopy.  The contents of this thesis include the study of the coupling mechanism between 

molecular resonance and plasmon resonance from experimental and theoretical perspectives and 

applications of this mechanism to biological sensing. From these studies, LSPR spectroscopy is 

shown to be a powerful tool to study the electronic structures of resonant molecules adsorbed on 

nanostructured metallic surfaces.  

In studies of the dye molecule Rhodamine 6G on Ag nanoparticles, we find that  

Rhodamine 6G is prone to aggregation on the Ag nanoparticle surface, leading to electronic 

structure changes that can be detected by LSPR and simulated by electrodynamics and density 

functional theory. It is further shown that resonant LSPR spectroscopy is able to detect the 

electronic resonance changes in heme-containing proteins caused by small molecules binding to 

the protein. Moreover, for the resonant analyte tris(bipyridine)ruthenium(II) with two electronic 

resonances polarized in different directions, the LSPR couples strongly to only one of the 

electronic resonances that is in-plane with the plasmon resonance.  

The correlation between the molecular resonance, LSPR and the wavelength-scanned 

surface-enhanced resonance Raman scattering (WS-SERRS) excitation profile is investigated 

using the tris(bipyridine)ruthenium(II)/Ag nanoparticle system.  In combination with 

electrodynamics modeling, it is demonstrated that the WS-SERRS excitation profiles involve 
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multiplicative electromagnetic and resonance Raman enhancement. Lastly, the optical 

properties of new plasmonic materials are explored by a numerical electrodynamics method and 

compared with experimental results. LSPR of truncated tetrahedral copper and aluminum 

nanoparticles of different sizes and in different media are studied by the discrete dipole 

approximation method. Since copper and aluminum are very active and prone to oxidize, the 

effect of oxides on the LSPR nanoparticles is also examined. 
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blue), h = 50 nm, λmax = 655 nm; spectrum 4 (green), h = 40 nm, 
λmax = 660 nm; spectrum 5 (dark blue), h= 30 nm, λmax = 670 nm; 
and spectrum 6 (red), h= 20 nm, λmax = 705 nm.  (B) LSPR λmax. 
versus nanoparticle height (h) is shown for calculated results. (C) 
Extinction spectra of the Cu nanoparticle arrays after acetic acid 
treatment (D = 390nm; h = 20 - 70 nm) measured with UV-vis 
spectroscopy.  All spectra were collected in a N2 environment.  
Spectrum 1 (red), h = 20 nm,  λmax = 764 nm; spectrum 2 (dark 
blue),  h = 30 nm, λmax = 730 nm; spectrum 3 (green), h = 40 nm, 
λmax = 713 nm; spectrum 4 (light blue), dh = 50 nm, λmax = 698 nm; 
spectrum 5 (black), h = 60 nm, λmax = 685 nm; and spectrum 6 (light 
gray), h = 70 nm, λmax = 670 nm.  (D) LSPR λmax. versus 
nanoparticle height (h) is shown for the experimental results. 
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Figure 6.6 (A) SEM image of Al nanoparticles on a Si substrate where D = 390 

nm and h = 50 nm.  (B) AFM image of the same size Al 
nanoparticles on a glass substrate.  (C) AFM linescan profile of 
particle 1 and 2 in (B). 
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Figure 6.7 DDA simulations of the effect of oxidation of aluminum (Al2O3) on 

a NSL Al nanoparticle at room temperature.  Calculations were 
performed for a nanoparticle with Al core surrounded an Al2O3 
shell.  The inset shows a side view of the core-shell nanoparticle.  
The thicknesses (T) of the Al2O3 shell were varied from 0 to 10 nm. 
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Figure 6.8 (A) Extinction spectra of Al nanoparticle with varying widths 

calculated by DDA. Spectrum 1 (purple), width = 95 nm, spectrum 2 
(blue), width = 136 nm; spectrum 3 (red), width = 174 nm; spectrum 
4 (green), width = 206 nm; spectrum 5 (pink), width = 230 nm.  (B) 
Extinction spectra of Al nanoparticle with varying widths measured 
with UV-vis spectroscopy. All spectra were collected in a N2 
environment. Spectrum 1 (black), D = 280 nm, λmax = 390 nm; 
spectrum 2 (blue), D = 390 nm, λmax = 508 nm; spectrum 3 (green), 
D = 410 nm, λmax = 579 nm; spectrum 4 (yellow), D = 500 nm, λmax 
= 667 nm; and spectrum 5 (red), D = 590 nm, λmax = 806 nm. 
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Figure 6.9 (A) Extinction spectra of Al nanoparticle ( D = 390 nm, h= 50 nm) 

on a glass substrate in different external environments calculated by 
DDA. Spectrum 1 (black), in N2, λmax = 380 nm; spectrum 2 (blue), 
in H2O, λmax = 450 nm; spectrum 3 (red), in ethanol, λmax = 460 nm; 
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spectrum 4 (green), in chloroform, λmax = 480 nm; and spectrum 5 
(pink), in benzene, λmax = 490 nm. (B) The change in λmax (eV) 
versus the refractive index of the surroundings. Black line with 
triangles is for a bare Al nanoparticle and red line with circiles is for 
Al nanoparticle with a 2 nm aluminum oxide layer. 

  
Figure 6.10 (A) LSPR λmax of Ag and Al spheroid versus the refractive index of 

surroundings calculated by Eq. 6.1 with different χ parameters. Red 
line with circles is for Ag and blue line with triangles is for Al.  (B) 
LSPR λmax of Ag, Al, Au and Cu spheroid versus the refractive 
index of surroundings calculated by Eq. 6.1 with different χ 
parameters. Red line with circles is for Ag, blue line with triangles is 
for Al, purple line with squares is for Au and green line with 
diamonds is for Cu. 
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Figure 6.11 Comparison of the LSPR of Cu, Ag, Au, and Al for a similar size 

and shape obtained from experiment (A) and DDA calculations (B) 
(D = 390 nm; h = 50 nm; glass substrate; N2 environment). 
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Figure A.1 (A) Schematic representation of CYP3A4-Nanodisc immobilized 

Ag nanobiosensor, followed by binding of drug molecule. The Ag 
nanoparticles are fabricated using NSL (nanosphere lithography) on 
a glass substrate. (B) UV-vis absorption spectra of CYP3A4-
Nanodisc in the following states: (1) low spin substrate free ferric 
state of with a Soret band at 415 nm (blue solid line) (2) high spin 
type I drug bound ferric state with a Soret band at 391 nm (red 
dotted line) and (3) low spin type II drug bound ferric state with 
Soret band at 425 nm. The inset shows the detailed changes in the 
Q-bands region. (C) Schematic notations of 11-MUA, CYP3A4-
Nanodisc and drug. 
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Figure A.2 (Top panel) (A) (B) (C) UV-vis absorption spectrum of CYP3A4-

Nanodisc with testosterone (TST) bound (type I substrate), 
Ketoconazole (KTC) bound (Type II drug) and Erythromycin (ERY) 
bound (shows a very small type I shift). (Bottom panel) UV-vis 
extinction spectra of each step in the surface modification of NSL 
fabricated Ag nanoparticles for the different drug molecules. (D) For 
testosterone (representative type I substrate) binding, λmax,MuA = 547 
nm, λmax,CYP3A4-ND = 596 nm, and λmax,CYP3A4-ND-TypeI = 589 nm (blue 
shift). The direction of shift is same as in top panel A. (E) For 
ketoconazole (representative type II substrate), λmax,MuA = 553 nm, 
λmax,CYP3A4-ND = 566 nm, and λmax,CYP3A4-ND-KTC = 570 (red shift). The 
direction of shift in same as top panel B. (F) For erythromycing 
binding, λmax,MuA = 591 nm, λmax,CYP3A4-ND = 610 nm and λmax,CYP3A4-

ND-ERY = 609 nm. All extinction measurements were collected in a 
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N2 environment.  A typical concentration of 100 μM drug molecule 
was used to saturate all the binding sites. 
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Chapter One 

Introduction to the Localized Surface Plasmon Resonance and Its Interaction with 

Molecular Resonance 
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1.1 Introduction to Plasmonics 

PLASMONICS, an emerging branch of nanophotonics, is the study of light interacting 

with nanostructured materials that can support surface plasmon resonance excitation.  Plasmon 

resonance excitation is a coherent oscillation of the surface conduction electrons excited by 

electromagnetic (EM) radiation1-8.  The excitations are very intense, and strongly dependent on 

the shape, size and arrangement of the nanoparticles.8-15  Unlike fluorescence, plasmon 

resonance excitation is not subject to blinking or irreversible loss,16 thus making the 

nanoparticles exquisite reporters of their local dielectric environment.  The rapidly growing 

interest in plasmonics lies in its potential applications for highly miniaturized and sensitive 

photonic devices by controlling, manipulating, and amplifying light on the nanoscale17,18.  To 

date, a variety of plasmonic devices have been demonstrated, such as waveguides18-21, photonic 

circuits22,23, filters21, and nanoscopic light sources24.  Furthermore, our rapidly improving 

understanding of the interactions between adsorbed molecules and plasmonic nanostructures (i.e., 

molecular plasmonics) is having a significant impact on a broad spectrum of other applications, 

including nanoscale optical spectroscopy25,26, surface-enhanced Raman spectroscopy (SERS)4,27-

31, and surface plasmon resonance sensing31-37.   

There are two types of surface plasmon excitations —surface plasmon polaritons (SPPs) 

and localized surface plasmon resonances (LSPRs) (schematic shown in Figure 1.1).  SPPs are 

propagating excitations, which move along the metal-dielectric interface, for distances on the 

order of tens to hundreds of microns.  SPPs are associated with smooth, thin metal films with 

thicknesses in the 10–200 nm range.  The interaction between the metal surface-confined EM 

wave and an adsorbate layer leads to angle shifts in the plasmon resonance condition that are 

measured in surface plasmon resonance (SPR) measurements.  LSPR excitation, by contrast, 
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Figure 1.1 Schematic illustration of SPR (A) and LSPR (B). 
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occurs in metal nanoparticles that are much smaller than the incident wavelength.  Here the 

induced polarization oscillates locally around the nanoparticle at a certain frequency.  The LSPR 

wavelength (λmax) and peak width of the nanoparticles are extremely sensitive to nanoparticle 

composition,9,38 size,26,39,40 shape,13,39,41-45 dielectric environment,12,36,44,46,47 and proximity to 

other nanoparticles,48-51  

Both SPR and LSPR are sensitive to the local refractive index changes that occur when a 

target analyte binds to the metal film or nanoparticles; therefore, a variety of chemical/biological 

sensors have been developed based on SPR and LSPR.  These sensors are highly sensitive, label-

free, and can provide real-time kinetic information for binding processes.32,52-56  In addition, 

LSPR sensing elements are intrinsically at the single nanoparticle level,26,44,45 making the LSPR 

sensors possible for in situ detection in biological systems.  Furthermore, advances in synthetic 

and lithographic fabrication techniques allow for tuning the LSPR wavelength throughout the 

visible, near-infrared, and into the infrared region of the EM spectrum, by varying the shape, size, 

and material of the nanoparticles 9,41,44,45,57-60.  This gives flexibility in designing and optimizing 

LSPR sensors.  

In addition to high environmental sensitivity, LSPR also results in enhanced local 

electromagnetic field around the nanostructures.  Experimental and theoretical studies over the 

last thirty years show that the enhanced electromagnetic field is the origin of the majority of the 

enhancement in surface-enhanced spectroscopies. Surface-enhanced Raman scattering (SERS) is 

one of the most studied surface-enhanced spectroscopic techniques to date.61-65  When molecules 

are absorbed on metallic nanoparticles or thin films, the Raman signal can be enhanced by 

several orders of magnitude due to the local field enhancement. The enormous amount of SERS 
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enhancement from the plasmon resonance in combination with molecular resonance 

enhancement allows for SERS detection at single molecule level.62,64,65 

Well-defined and uniform nanostructures are critical to the reproducibility of LSPR and 

SERS spectra. A commonly used method in the Van Duyne group to fabricate nanostructures is 

known as nanosphere lithography (NSL). NSL is an inexpensive and simple method to fabricate 

large arrays of nanoparticles of well-controlled size and shape.39,42,43 NSL fabrication begins 

with the self-assembly of size-monodisperse polystyrene nanospheres on a substrate to form a 

deposition mask. Then, metal is deposited through the nanosphere masks using thermal or 

electron beam evaporation. After removal of the polystyrene nanospheres, well-ordered two-

dimensional triangular nanoparticle arrays remain on the substrates. By changing the nanosphere 

diameter, D, and the deposited metal thickness, dm, nanoparticles with different in-plane width, 

out-of-plane height, and interparticle spacing can be produced.  Since the LSPR of nanoparticles 

is sensitive to its geometry, the NSL technique allows for fabricated nanostructures with tunable 

LSPR wavelengths.  It has been demonstrated that NSL-fabricated Ag nanoparticles can exhibit 

tunable LSPR all through visible wavelength range.13,39,42 NSL-fabricated nanotriangles have 

sharp tips that are responsible for extremely high electromagnetic fields around the 

nanoparticles.66,67  Therefore, NSL-fabricated nanoparticles are an excellent platform for sensing 

applications and surface-enhanced spectroscopies.    

 

1.2 Theoretical Approaches to the Optical Properties of Nanoparticles 

 In addition to the experimental advances described above, theory has long played an 

important role in the modeling of metal nanoparticle optical properties.  100 years ago, the 

celebrated work of Mie68 (along with important contributions from many others69), revealed that 
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classical electromagnetic theory (i.e., solving Maxwell’s equations for light interacting with 

the particles) provides a quantitative description of the extinction and scattering spectra of a 

sphere of arbitrary sizes.  Mie’s solution is of great interest to researcher even now, and it 

provides a good approximation in a lot of applications even when the particles are not spherical. 

Other particle shapes, such as spheroids, do admit to exact solutions, 70 but the solutions are 

harder to use.  For anisotropic nanoparticles, one of the most useful approaches has been the 

quasistatic approximation, in which Maxwell’s equations are replaced by electrostatics (LaPlace 

equation), but still using frequency dependent dielectric functions.  

For a prolate spheroid oriented along the z direction (
2 2

2 2 1x y z
a b
+

+ = , a<b), parallel to 

the direction of the applied electric field, in the quasistatic limit where the dimension of a 

spheroid is much smaller than the incident wavelength, the extinction cross-section (Cext) of a 

spheroidal using spheroid coordinates is expressed by the following equation:10,71,72  
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where ε0 is the dielectric constant of the medium outside the spheroid,  εi is the dielectric 

function of the spheroid, and f is the focus of the spheroid given by: 

2 2 1/ 2( )f b a= −     (1.2) 

 0ξ  is the value of ξ at the spheroid surface where: 
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Q1 is a Legendre function of the second kind where: 
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and the function χ is given by:  
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From this primitive estimation, it can be concluded that the extinction of a sphere or spheroid 

depends on its size and shape (f, ξ0, Q1, and χ), material (εi) and the surrounding environment (εo). 

For metals that can support surface plasmons, the dielectric function εi is complex and 

wavelength-dependent, and has a large negative real part and a small positive imaginary part.  

Usually, εo is a real constant, and it is small compared to the real part of εi. Therefore, when 

Re( ) 0i oε χε+ = , Cext reaches its maximum, known as the resonant condition. ε0 is not limited to 

a real constant but can be complex and wavelength-dependent, eg., that of dye molecules. In this 

case, the resonant condition and Cext profile versus wavelength become more complicated. 

Recently, we applied this approach to the treatment of spheroids interacting with dye molecule 

adsorbates,73 which will be discussed in the next section and Chapter Two. 

Recent experimental advances in colloid chemistry enable making colloidal 

nanostructures with narrow distributions of particle shape and size.  The most commonly 

prepared shapes are spheroids,70,74,disks,75 triangular prisms,41,60 rods76,77 and cubes,78 which are 

produced by the reduction of a metal salt.  In addition, the colloidal nanoparticle forms 

aggregates upon addition of electrolytes.  The nanoparticle aggregates are responsible for the 

extremely high enhancement observed in surface-enhanced Raman spectroscopy at the single 

molecule level.79-81  A quantitative electromagnetic description was needed to study these 

arbitrarily shaped colloidal nanoparticles and nanoparticle aggregates.  On the other hand, 
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progress in lithographic methods for making surface-bound and released nanoparticles results 

in interest in describing the optical properties of nonspherical nanoparticles and nanoparticle 

arrays, 82-88 particles on substrates and/or coated with dielectric/molecular layers,89-92 holes in 

metal films93,94 and many other complex nanostructures.  Therefore, it is important to have more 

powerful numerical approaches for these problems. 

One of the most commonly used numerical methods for solving Maxwell’s equations is 

the discrete dipole approximation (DDA) method. DDA was first developed in the field of 

astrophysics by Purcell and Pennypacker,95 and has proved to be a powerful tool in studies of 

light scattering from nonmetallic dust particles of astrophysical interest.  In this approach, one 

represents the object of interest as a cubic lattice having a finite number of polarizable dipoles, 

each of which is small enough that only dipole interactions with an applied electromagnetic field 

and with induced fields in other elements need to be considered.96,97 The number of dipoles is 

determined by the dimension of the object and the cubic lattice grid spacing. The polarizabilities 

of the dipoles can be chosen so that bulk materials will behave the same as the continuum 

solution to Maxwell’s equations. In the limit of a large enough number of elements, the electric 

fields determined by the DDA method will match the analytical solutions quantitatively.98 With 

appropriate choice of the grid spacing, DDA is accurate enough for many applications, and 

therefore, has been widely used to simulate the optical spectra of nanostructures.14,15,66,67,86,99,100  

 

1.3 Interaction of Resonant Molecules with Metallic Nanoparticles and Resonant Localized 

Surface Plasmon Resonance Spectroscopy 

The interaction between chromophores and metallic nanoparticles or thin films has 

gained growing interest in the past ten years.  The study is driven by applications ranging from 
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chemical and biological sensing and imaging,101-103 surface-enhanced spectroscopies,4,63,104 to 

dye-sensitized solar cells,105-111 and so on. In this section, I will introduce recent experimental 

and theoretical studies of dye molecules interacting with single nanoparticles and nanoparticle 

arrays, and compare them with the studies done in the Van Duyne and Schatz groups.   

When chromophores adsorb onto metallic nanostructures that can support surface 

plasmon resonance, there is coupling between the plasmon resonance modes and chromophore 

molecular resonances. The strength of the coupling between molecular resonance and LSPR 

depends on the degree of overlap in the absorption spectrum of the molecules and the extinction 

(or scattering) spectrum of the nanoparticles. When the LSPR of the nanoparticles is on resonant 

with the molecular resonance, there is strong coupling between the molecular resonance and 

LSPR; and both the intensity and line shape of the extinction (or scattering) spectrum of the 

nanoparticle change significantly.  When the LSPR of the nanoparticles is off molecular 

resonance, the coupling between LSPR and molecular resonance becomes weaker; and the 

molecular resonance shows up in the LSPR of the nanoparticles as an extra peak. This was 

verified by several studies with systems of organic dyes and biological analytes interacting with 

Au and Ag nanoparticles, and also theoretical modeling using electrodynamics and quantum 

mechanics. 73,103,112-117 

In 2004, Wiederrecht et. al. studied the coupling between organic molecular J-aggregated 

dyes and plasmon resonance of colloidal nanoparticles by UV-vis spectroscopy and 

electrodynamics simulation.114  Ag and Au nanoparticles were used in this study to control the 

LSPR of the nanoparticles to be off and on molecular resonance so one can compare the weak 

and strong coupling cases.  The absorption spectra of the J-aggregate coated nanoparticles are 

different from that of the bare nanoparticles.  For Ag nanoparticles, an extra band from the J-
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aggregate absorption was observed (weak coupling); while for Au nanoparticles, a decrease in 

the extinction spectrum intensity was observed (strong coupling). From electrodynamics 

simulation, the different coupling behavior was attributed to constructive and destructive 

coherence effects between the nanoparticle electronic porlarization and that of the exciton 

transition dipole.  Moreover, in 2007, Wurtz et. al. studied coupling of the J-aggregate coating 

with a Au nanorod assembly in an alumina template on a glass substrate.115 The coupling 

strength was controlled by the geometry of the Au nanorod assembly and the thickness of the J-

aggregate layer.  The change in the extinction spectra of the Au nanorods after coating with the 

J-aggregates is similar as what was observed by Wiederrecht and coworkers, in both the weak 

and strong coupling cases.114  In addition, in the strong coupling case, a split in the extinction 

band of the Au nanorods was also observed.  Quantum mechanics interpreted the nature the 

coupled states as hybrid states from the plasmon resonance of the Au nanorods and the J-

aggregate excitonic states.  

From a theoretical perspective, Ambjörnsson et. al. reported study of the resonant 

coupling between anisotropic molecular layer and localized plasmons in ellipsoidal metal 

nanoparticles using electrodynamics methods in 2005.112 The molecular resonance of the coating 

was tuned to be close-to or far-off the ellipsoid plasmon resonances to study strong and weak 

couplings.  From the calculations, for the off-resonance case (weak coupling), the extinction 

spectrum of the coated-nanoparticle is the summation of the LSPR of the bare nanoparticle and 

the molecular resonance peak, where the magnitude of the molecular resonance peak is enhanced 

by the presence of the metallic surface.  For the case when the molecular resonance is degenerate 

with the plasmon resonance, the plasmon resonance peak is split into two hybridized resonance 

peaks, consistent with experimental observation of the strong coupling between dye molecules 
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and Au nanorods.  Recently, in 2007, A. M. Kelley described the optical spectra of J-

Aggregated dyes on Au nanospheres by quantum mechanics.117 She solved the Schrödinger 

equation for the wave functions and energies of new states that result from the coupling of the 

molecular states to the nanoparticle states through dipole-dipole interaction.  The coupling 

strength is controlled by the distance between the molecular dipole and the nanoparticle dipole, 

and the molecular resonance of the dye molecules.  The calculations showed the same coupling 

behavior in the dye-nanoparticle structures as in the aforementioned experiments and 

electrodynamics simulations.  

The measurements performed by Wiederrecht et. al. and Wurtz et. al. are ensemble 

extinction spectra of organic dye molecules on colloidal nanoparticles and nanoparticle 

arrays.114,115  Recently, Lee and coworkers explored the interaction between biological analytes 

with visible chromophores and single nanoparticles by dark-field microscopy.116  It was found 

that when the LSPR of Au nanoparticles overlaps with the Q absorption bands of heme-protein 

Cytochrome c, quenching dips were observed in the scattering of single Au nanoparticles rising 

from the absorption of Cytochrome c.  The authors claimed that the quenching dips resulted from 

plasmon resonance energy transfer (PRET) process.  When tuning the Au nanoparticle size, the 

LSPR of the Au nanoparticles changes; therefore, the intensity of the PRET bands varies, 

depending on the degree of spectral overlap of Cytochrome c and the nanoparticle LSPR.  The 

experimental observations are similar to the experimental and theoretical studies discussed above.  

The results open up the possibility of using the biomolecule-conjugated nanoparticle sensors to 

detect local environment changes in living cells with potentially nanoscale spatial resolution.  

The work presented above all demonstrate that the coupling between the molecular 

resonances of chromophores and the localized surface plasmon resonances of metallic 
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nanoparticles leads to spectral line shape and intensity changes.  However, there is a lack of 

analysis of the LSPR spectral shift caused by resonant adsorbates, which is crucial in LSPR 

sensing applications.  The Van Duyne group studied the coupling between molecular resonances 

and LSPR using a different approach named resonant LSPR spectroscopy where we use Ag 

nanoparticles fabricated by NSL with varying LSPR wavelength, and monitor the effect of the 

resonant adsorbates on this wavelength, leading to a wavelength shift (Δλmax) at different LSPR 

wavelengths.73,103,113   

As mentioned in section 1.1, the NSL fabricated Ag nanoparticles are triangular shape 

with sharp tips while the previously discussed studies were mostly performed on Au 

nanoparticles with no sharp features.  It was demonstrated by several theoretical and 

experimental studies that the sharp tips in nanoparticles are responsible for the majority of the 

electric field enhancement around the nanoparticles and their sensitivity to environment.56,67 

Therefore, comparing with the aforementioned work, the resonant LSPR study on the NSL 

nanotriangles should lead to different spectral changes that may result from the sharp features in 

their structure. In addition, even though Au nanoparticles are more stable at ambient conditions 

than Ag nanoparticles, the LSPR band of the Au nanoparticles is usually broader and less intense 

in the visible wavelength range than the Ag nanoparticles due to the intrinsic dielectric properties 

of Au. And Au has interband transitions at ~ 500 nm which limits the tunable range of the LSPR 

of the Au nanoparticles to be above 500 nm.9,66,118 Using Ag nanoparticles extends the LSPR 

tuning range down to 400 nm, and this that allows us to study the coupling of the chromophores 

with molecular resonances below 500 nm to the LSPR of the Ag nanoparticles. 

In 2006, Haes et. al. studied the effect of a monolayer of [2, 3, 7, 8, 12, 13, 17, 18-

Octakis(propyl) porphyrazinato] magnesium (II) (MgPz) on the LSPR of the NSL-fabricated Ag 
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nanoparticles, nanoparticles with varying LSPR throughout the 450 ~ 700 nm range 

(experimental scheme shown in Figure 1.2 A).113  The structure of MgPz was shown in Figure 

1.2 B (inset) and the green line is the absorption spectrum of MgPz in ethanol.  The LSPR shift 

(Δλmax) upon adsorption of MgPz is shown in Figure 1.2 B as the black solid line with dots. At 

an off-molecular-resonance wavelength (weak coupling), a LSPR shift of ~ 20 nm was observed.  

However, when the LSPR peak maximum directly overlaps with the molecular resonance (strong 

coupling), the LSPR shift is reduced to less than 2 nm.  When the LSPR maximum is slightly 

red-shifted from the molecular resonance, the LSPR shift is amplified by 300% over the average 

LSPR shift (20 nm) to 60 nm.  It is apparent that the LSPR shifts exhibit highly wavelength-

dependent behavior. Comparing to the results of dye molecules on the Au nanospheres and 

nanorods, no significant change in the LSPR spectral line shape and width was observed in both 

the weak or strongly coupling cases.  Possible reasons for this difference compared to the ealier 

work on Au nanoparticles are that the intrinsic dielectric property difference between Ag and Au 

is responsible, the sharp tip features of the Ag nanotriangles are involved, or the NSL-fabricated 

particle inhomogeneity is obscuring the linshapes.103,113  

In section 1.2, we discussed that for a particle with size much smaller than the 

wavelength of the incident light, the electrostatics (quasistatic) approximation can be applied to 

simplify the calculation of the absorption and scattering efficiency. We can use this approach to 

approximately simulate the extinction of nanoparticles coated with a layer of molecules. The 

extinction cross section of a metallic spheroid embedded in a homogeneous medium is given by 

Eq.1.6 (which is a simplification of Eqs. 1.1 ):1,2,68 
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Figure 1.2.  (A) Schematic illustration of the experimental 

procedure. (B) Wavelength dependent LSPR shifts induced by 

MgPz adsorption to Ag naoparticles. Inset shows the molecular 

structure of MgPz. The solid green line is the solution 

absorption spectrum of MgPz. The black solid line with dots 

presents the induced LSPR shifts from a monolayer of MgPz 

versus the LSPR of bare Ag nanoparticels.  
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The shape factor χ for the particle has the value 2 for a sphere, and increases with increasing 

aspect ratio (thereby describing the shape dependence of the plasmon resonance).  To treat an 

inhomogeneous medium consisting of a layer of molecules surrounded by a solvent, an effective 

medium theory can be developed wherein the effective dielectric function of the surrounding 

medium is assumed to be of the form: 

                      , (1 )o effect mol ox xε ε ε= ⋅ + ⋅ −                                      (1.7) 

where εmol is the dielectric function of the molecule, and x is a empirical parameter (between 0 

and 1) which is determined by the relative amounts of molecules and solvent that are contained 

within the range of the electromagnetic field around the particle. To model the wavelength shift 

induced by resonant molecules in the extinction of Ag nanoparticle arrays, one evaluates this 

equation using the dielectric function of N2 and the effective dielectric function of N2 with a thin 

layer of resonant molecules.     

Eqs 1.6 and 1.7 are used to calculate the extinction wavelength shift induced by MgPz as 

a function of the plasmon resonance wavelength.  The dielectric functions of MgPz were taken 

from Haes et al113 and parameter x in the effective medium theory was chosen as 0.01 to match 

the experimental data.  Figure 1.3 A shows the calculated extinction spectra of bare (solid lines) 

and MgPz-coated (dashed lines) Ag spheroids.  Here the extinction wavelength of the Ag 

spheroid is varied by varying χ.  Each pair of spectra with the same colors is calculated using the 

same χ.  When the extinction maximum of the Ag spheroid is separated by more than 50 nm 

from the absorption peak of MgPz, the extinction maximum of the MgPz-coated Ag nanoparticle 

is red-shifted from that of the bare Ag nanoparticle.  In addition, there is a small peak at ~ 600 

nm in the spectrum due to absorption by MgPz.  When the extinction wavelength of the Ag  

http://www.glossary.oilfield.slb.com/Display.cfm?Term=medium
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Figure 1.3. Extinction spectra of Ag spheroid/MgPz and LSPR shift induced 

by MgPz. (A) Extinction spectra of bare Ag spheroid (solid lines) and Ag 

spheroid with MgPz (dashed lines) with varying χ parameters. Each pair of 

spectra of the same color was calculated with the same χ. (B) LSPR shift of 

the Ag nanoparticles induced by MgPz versus LSPR wavelength of bare Ag 

nanoparticles. The black line with dots is experimental LSPR shift data and 

the red curve is the calculated LSPR shift.   
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nanoparticle is close to the MgPz absorption peak, a dip in the extinction spectrum of the 

MgPz-coated Ag nanoparticle is found due to MgPz absorption, and the extinction is split into 

two bands.  This result is consistent with the experimental and theoretical studies from several 

other groups discussed previously.  Figure 1.3 B shows the predicted LSPR wavelength shift (red 

solid line) in comparison with the experimental data (black solid line with dots).  The modeling 

agrees well with the experiments, confirming that this method can be used to calculate the LSPR 

of metal nanoparticles coated with a resonant molecular layer.  

Results shown in Figure 1.2 reveal that resonant LSPR spectroscopy is a powerful tool to 

study the interaction between dye molecules and metallic nanoparticles.  The LSPR is extremely 

sensitive to the electronic resonances of the dye molecules so it can be used to detect small 

changes in the dye molecular resonances due to environmental change (such as PH,119-123 polarity 

of the solvent124-127), aggregation,128-130 and binding of other analytes,131-134 etc.  The results also 

provide guidance to design and optimization of resonant LSPR sensors.  

 

1.4 Goals and Organization 

 The work presented in this thesis focuses on the fundamentals of resonant chromophores 

interacting with metallic nanoparticles by monitoring the localized surface plasmon resonance of 

the nanoparticles, modeling the results with electrodynamics theory, and exploring applications 

in biological detection. The goal of this work is to understand the coupling mechanism of the 

molecular and plasmon resonances, to learn its role in surface-enhanced Raman scattering 

(SERS) spectroscopy, and to get optimized conditions for resonant biological target sensing. 

 In Chapter Two, we consider the coupling of the LSPR of the NSL-fabricated Ag 

nanoparticles and Rhodamine 6G, a widely used molecular probe for (single-molecule) SERS. 
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The LSPR shift induced by Rhodamine 6G has complicated features, that are related to the 

electronic resonances of the Rhodamine 6G monomer and dimers formed on the nanoparticle 

surface.  The findings show the extreme sensitivity of the LSPR in elucidating the detailed 

electronic structure of a resonant adsorbate.  In Chapters Three and Four, the coupling 

mechanism of resonant molecules with LSPR is applied to the detection of small molecules 

binding to cytochrome P450 proteins.  When small substrate or inhibitor molecules bind to 

cytochrome P450 proteins, they induce a shift in the wavelength of the Soret and Q absorption 

bands of the protein. Resonant LSPR spectroscopy was used to detect this electronic resonance 

change. In Chapter Five, we study the correlation between LSPR, molecular resonance and 

SERS enhancement. Wavelength-scanned surface-enhanced resonance Raman excitation 

spectroscopy profiles of Tris-(2,2'-bipyridine)-ruthenium(II) (Ru(bpy)3
2+) adsorbed on Ag 

nanoparticle arrays were taken and correlated to the LSPR of Ag nanoparticles. Quasi-static 

electrodynamics modeling was applied to simulate the WS-SERRES profiles, demonstrating that 

the WS-SERRES profiles involve multiplicative electromagnetic and resonance Raman 

enhancement. Finally, in Chapter Six, we explore new plasmonic materials. The discrete dipole 

approximation method was used to study the plasmonic properties of Cu and Al nanoparticles 

fabricated by nanosphere lithography.  A comparison of the calculated results with the 

experiments is presented.  

 



 41
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Chapter Two 

Interaction of Plasmon and Molecular Resonances for Rhodamine 6G Adsorbed on Silver 

Nanoparticles 
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2.1 Introduction 

The last two decades have witnessed a rapid growth in the development of highly 

selective and sensitive optical chemical and biological nanosensors.33,102  Fluorescent and 

colorimetric dyes are widely used in these applications, where they can be immunoassay labels, 

tissue stains, and chemical indicators.135  However, individual dye molecules produce a relatively 

weak signal (e.g. fluorescein has an absorbance cross section of 3.5×10-16cm2)16, and most 

fluorescent dyes photobleach, providing only a limited “photon budget.”136  Nanoparticles do not 

have the same limitations.  Noble metal nanoparticles produce extremely intense scattering and 

extinction signals (e.g. a single 60 nm silver nanosphere has an extinction cross section of 

2.5×10-10 cm2)16 and do not photobleach.  Adding chemically sensitive dyes to these metal 

nanostructures produces integrated chemical sensors with bright, low bleaching extinction and 

scattering signal. This paper describes, for the first time, a metal nanoparticle/chromophore 

coupling with multiple resonant states.   

When metal nanoparticles are excited by electromagnetic radiation, they exhibit 

collective oscillations of their conduction electrons known as localized surface plasmon 

resonance (LSPR).2,4,137  The wavelength (λmax) associated with maximum LSPR extinction of 

the nanoparticles can be measured with UV-Vis spectroscopy.  It has been well established that 

the LSPR maximum of the nanoparticles strongly depends on the composition, size, shape and 

local dielectric environment.12,14,39  Therefore, nanoparticles can sense the change in the local 

refractive index that accompanies molecular binding. Such nanoparticle-based optical sensing 

techniques are effective for quantitative detection of chemical and biological targets.26,32,56,113,138-

141  This is achieved by monitoring the shift in λmax upon binding of the probe analytes onto the 

nanoparticles.   
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Most LSPR sensing experiments have been performed with electronically nonresonant 

adsorbates, which do not have electronic transitions in the visible wavelength range.  However, 

since many biological targets have visible chromophores, it is worthwhile to broaden the scope 

of LSPR sensing by exploring electronically resonant adsorbates.  Recent progress has revealed 

the correlation between the molecular resonances and the nanoparticles’ surface plasmon 

resonances for two different resonant adsorbates, [2, 3, 7, 8, 12, 13, 17, 18-Octakis(propyl) 

porphyrazinato] magnesium (II) and Iron (II) Tris 2,2’-bipyridine.113  When resonant molecules 

are adsorbed on the nanoparticles, strong coupling between the molecular resonance and 

nanoparticle LSPR has been observed experimentally and simulated by electrodynamics 

theory.112-114  The induced LSPR shift due to this coupling is found to be strongly dependent on 

the spectral overlap between the molecular resonances and the LSPR.  Specifically, a large red 

shift occurs when the LSPR is located at a slightly longer wavelength than the molecular 

resonance, i.e., a factor of 3 greater than when the LSPR is distant from the molecular resonance.  

On the basis of this amplification mechanism, a nanoparticle-based biosensor has been 

successfully developed to detect the binding of a low molecular weight substrate to cytochrome 

P450 proteins.103  By coupling LSPR with the resonant states of these heme-containing proteins, 

one can monitor the LSPR response to the change in the Soret band of these proteins upon 

substrate binding.  

Rhodamine 6G (R6G) has been chosen in this study because of its active role in surface-

enhanced Raman spectroscopy (SERS).  It was one of the first molecules used for single-

molecule SERS (SMSERS) studies with enhancement as large as 1014 to 1015 being 

observed.62,80,142  It has been demonstrated that the SERS enhancement factor is closely related to 

the plasmon resonance of the nanoparticle, laser excitation wavelength and the molecular 
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resonance.4,28,29,143-145  However, the single molecule SERS mechanism is not fully understood.  

Therefore, understanding the coupling of R6G molecular resonances with LSPR is crucial for 

elucidating the single molecule SERS mechanism.  

In this work, the coupling between the molecular resonances of R6G and the 

nanoparticles’ LSPR is systematically studied by monitoring the change in λmax before and after 

R6G binding.  To explore the wavelength-dependent LSPR shift, nanoparticles with varying λmax 

through the visible region are fabricated using nanosphere lithography (NSL).39,43  It is found 

that the LSPR response is highly wavelength and concentration dependent.  In addition, the 

LSPR response shows extreme sensitivity to all resonant states of the adsorbed species, revealing 

features difficult to observe using standard absorption methods.  By combining theoretical 

modeling with the experimental observations, a microscopic understanding of the complicated 

LSPR response is obtained.   

 

2.2 Experimental Methods  

2.2.1 Materials  

Absolute ethanol was obtained from Pharmco (Brookfield, CT). Methanol was purchased 

from Fisher Scientific (Pittsburgh, PA). Silver wire (99.99%, 0.5 mm diameter) was purchased 

from D.F. Goldsmith (Evanston, IL). Tungsten vapor deposition boats were acquired from R.D. 

Mathis (Long Beach, CA). Polystyrene nanospheres with diameters of 280, 390, 450, and 510 

nm were received as a suspension in water (Interfacial Dynamics Corporation, Portland, OR or 

Duke Scientific, Palo Alto, CA) and were used without further treatment. Millipore cartridges 

(Marlborough, MA) were used to purify water to a resistivity of 18.2 MΩ·cm. Fisherbrand No. 2 

glass coverslips with 18 mm diameters were obtained from Fisher Scientific (Pittsburgh, PA). 
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Benzenethiol and Rhodamine 6G was obtained from Sigma Aldrich (St. Louis, MO) and used 

as received. 

2.2.2 Substrate Preparation 

Glass substrates were cleaned in piranha solution (1:3 30% H202/H2SO4) for 30 minutes 

at 80°C. (Warning: Piranha reacts violently with organic compounds and should be handled with 

caution.) Samples were allowed to cool and were then rinsed profusely with water. Samples were 

then sonicated in 5:1:1 H2O/NH4OH/30% H2O2 and rinsed with water. The samples were stored 

in ultrapure water prior to use.  

2.2.3 Nanoparticle Preparation 

NSL was used to create monodispersed, surface-confined Ag nanotriangles.43 Polystyrene 

nanospheres (~2.2 μL) were drop-coated onto the glass substrates and allowed to dry, forming a 

monolayer in a close-packed hexagonal formation. This close-packed layer of nanospheres 

served as a lithographic mask to deposit Ag in the triangular voids between the spheres.  The 

samples were mounted into a Consolidated Vacuum Corporation vapor deposition chamber. A 

Leybold Inficon XTM/2 quartz crystal microbalance (East Syracuse, NY) was used to measure 

the thickness of the Ag film deposited over the nanosphere mask, dm. Following metal 

deposition, the samples were sonicated for 3-5 minutes in ethanol to remove the polystyrene 

nanosphere mask. The perpendicular bisector of the nanoparticles was varied by changing the 

diameter of the nanospheres used. The height of the nanoparticles was varied by depositing 

varying amounts of Ag onto the sample. These two parameters were varied to alter the LSPR 

peak position throughout the visible region of the spectrum.  In general, an increase in 

nanosphere diameter and/or a decrease in metal film thickness result in a red shift in LSPR. 

2.2.4 Nanoparticle Solvent Annealing and Functionalization 
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For each experiment, the sample was stabilized and functionalized in a home built flow 

cell.36 Prior to modification, the Ag nanoparticles were solvent annealed36 with methanol. Dry N2 

gas and solvent were cycled through the flow cell until the λmax of the sample stabilized. Samples 

were then incubated in 0.6 μM R6G ethanolic solutions for 1 hour. After incubation, the 

nanoparticle samples were rinsed with 10-20 mL ethanol and dried by flowing N2 gas through 

the sample cell.  

2.2.5 Ultraviolet-Visible Extinction Spectroscopy 

UV-vis extinction spectra were collected using an Ocean Optics (Dunedin, FL) SD2000 

or HR2000 fiber optically coupled spectrometer with a CCD detector. All spectra in this study 

are macroscopic measurements performed in standard transmission geometry with unpolarized 

light. The probe spot size was approximately 2 mm in diameter. 

2.2.6 Ultraviolet-Visible Surface Absorption Spectroscopy of R6G 

UV-vis surface absorption spectra of R6G on thin metal films were collected using an 

integrating sphere (RSA-HP-84, LabSphere) and fiber-optic coupled spectrometer (USB2000-

VIS-NIR, Ocean Optics) with a CCD detector. R6G was adsorbed onto a 200 nm thick Ag film 

(vapor deposited onto a glass substrate) by immersion in R6G ethanolic solutions at room 

temperature for 12 h, followed by thorough rinsing in ethanol. Two reflectance spectra were 

measured. The reference spectrum, reference (λ), was that of an identical 200 nm thick Ag film 

on glass with no R6G adsorbed. The sample spectrum, sample (λ), was that of R6G on a 200 nm 

thick Ag film. The surface absorption spectrum was then calculated as Asurf(λ) = –log10 

(sample(λ)/reference (λ)). All the measurements were conducted in air at room temperature.  

2.3 Results and Discussion 
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2.3.1 Wavelength Dependence of Benzenethiol Induced LSPR Shift 

To explore the wavelength dependence of the adsorbate-induced LSPR shift, a non-

resonant adsorbate, benzenethiol was investigated.  Nanoparticles with various heights and 

widths were fabricated by NSL.13  The extinction spectra of the nanoparticles before and after 

exposure to benzenethiol were collected in a N2 environment.  As the aspect ratio (in-plane 

width/out-of-plane height) of the nanoparticles increase from 1.3 to 2.9, the LSPR of bare 

nanoparticles varies from ~ 460 nm to ~ 730 nm.  The effect of a monolayer of benzenethiol on 

the LSPR (Δλmax) versus the LSPR wavelength of bare nanoparticles (λmax,bare) was monitored 

and plotted in Figure 2.1.  From Figure 2.1, the LSPR shift increases monotonically from 35 nm 

to 55 nm with increasing λmax,bare.  This agrees with previous observations, showing that with 

increasing aspect ratio of the nanoparticle, the LSPR shift increases.56 

2.3.2 Wavelength Dependence of the R6G Induced LSPR Shift 

Figure 2.2 A-B shows the structure of R6G and its solution absorption spectrum, 

respectively.  In ethanol solution (solid green line in Figure 2.2 B), R6G exhibits a peak at 530 

nm from the S0-S1 electronic transition (extinction coefficient εmax = 105 mM-1 ·cm-1, FWHM = 

31.85 nm, 1145 cm-1) and a shoulder at 495 nm from vibronic S0-S1 transition.144,146  

The LSRP shift induced by resonant adsorbates is known to be highly wavelength-dependent.  

Figure 2.3A reveals the influence of a monolayer of R6G on the LSPR wavelength of Ag 

nanoparticles.  The electronic absorption spectrum of R6G has been included for direct 

comparison with the experimental data points.  The LSPR shift displays interesting behavior 

when scanning λmax,bare from 450 to 750 nm.  When λmax,bare is much bluer (i.e. 450 ~ 470 nm) 

than the molecular resonance, a small LSPR shift (less than 5 nm) is observed.  As λmax,bare is  
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Figure 2.1 Wavelength-dependent LSPR 

shift induced by a monolayer of 

benzenethiol vs. the LSPR wavelength of 

bare Ag nanoparticles. 
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Figure 2.2 (A) Molecular structure of Rhodamine 6G. (B) Absorption spectrum 

of R6G in ethanol solution. 
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Figure 2.3 Influence of R6G on the LSPR shift of Ag nanoparticles and representative 

LSPR spectra. (A) Wavelength-dependent LSPR shift induced by a monolayer of R6G 

vs. the LSPR wavelength of bare Ag nanoparticles.  Solid black line with filled dots is a 

plot of the LSPR shift (nm) vs. LSPR position of Ag nanoparticles. The green solid and 

dashed lines are the absorption spectrum of the R6G in ethanol solution and on a 200 nm 

Ag film (arbitrary scaling), respectively. (B)-(E) LSPR spectra of Ag nanoparticles 

(associated with points B-E in Figure A) before (black line, 1) and after (red line 2) 

chemical modification. (B) (1), λmax = 535.9 nm and (2), λmax = 530.3 nm. The LSPR 

shift = -5.6 nm, %FWHM =1.1%, and %I= -5.9%.  (C) (1), λmax = 575.0 nm and (2), λmax 

= 629.7nm. The LSPR shift = 54.7 nm, %FWHM =3.4%, and %I= +11.9%. (D) (1), λmax 

= 598.0 nm and (2), λmax = 647.4 nm. The LSPR shift = 49.4 nm, %FWHM = 8.9%, and 

%I= +1.5%. (E) (1), λmax = 717.8 nm and (2), λmax = 723.1 nm. The LSPR shift = 5.3 nm, 

%FWHM =8.6%, and %I= -1.8%. 
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gradually tuned to the red, an increase in the induced shift is found.  A local LSPR shift 

maximum of 25 nm occurs at λmax,bare ~ 500 nm.  When λmax,bare approaches the molecular 

resonance at 530 nm, the induced LSPR shift gradually decreases in the range of 500 ~ 530 nm.  

When λmax,bare is very close to the molecular resonance, the LSPR shift drops and a slight blue 

shift (~ 5 nm) is observed (Figure 2.3B).  Although minima in wavelength shift plots similar to 

what we find in the 520-530 nm range were seen in an earlier study of resonant chromophores on 

metal particles,113 this is the first time that a blue-shift has been observed.  In the past work it 

was noted that minima are found on the blue side of the molecular resonance as this is where the 

molecular polarizability is negative, leading to an induced polarization that destructively 

interferes with the oscillating polarization associated with plasmon resonance excitation.  

Whether this leads to a blue shift or not is likely determined by the size of the adsorbate 

polarizability, and whether this dominates over other contributions to the adlayer polarizability 

(from molecules that are not in resonance) which would typically be positive. 

When λmax,bare is shifted red from the molecular resonance at 530 nm, the LSPR shift 

gradually recovers from 530 ~ 575 nm and reaches a maximum value of 55 nm at λmax,bare ~ 575 

nm.  This maximum response is amplified by ~ 300% over the average LSPR shift (~20 nm) 

(Figure 2.3C).  Maxima similar to this were seen previously for other molecules103,113 and their 

occurrence was explained based on the fact that both the molecular and metal polarizability is 

positive on the red side of the molecular resonance. 

As λmax,bare is further red-shifted from 575 to 590 nm, the LSPR shift sharply drops to a 

less than 10 nm shift followed by another LSPR shift maximum (~ 50 nm) at λmax,bare ~ 595 nm 

(Figure 2.3D).  Finally, when λmax,bare is red-shifted past 595 nm, the LSPR shift slowly 
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decreases to less than 10 nm at λmax,bare close to 700 nm (Figure 2.3E).  Notice that the LSPR 

shifts induced by R6G at an off-resonance wavelengths (< 470 nm and >650 nm) are small 

compared to the shifts induced by benzenethiol.  This simply reflects the lower packing density 

of R6G compared to benzenethiol due to its larger size.  Furthermore, unlike the previously 

reported studies,113 the LSPR peak intensity and width do not change significantly over the 

scanned wavelength region.   

It is especially noteworthy that three LSPR shift maxima have been observed while there 

are only two absorption features in the molecular electronic transitions.  This phenomenon is 

different from what was observed in previous wavelength shift spectroscopy studies near 

molecular resonances, where only one LSPR shift maximum was observed. 113  

2.3.3 Empirical Model of the Wavelength Shift 

The LSPR shift is dependent on the refractive index of the surrounding medium of the 

nanoparticle. For non-resonant adsorbates, the LSPR wavelength shift ( maxλΔ ) can be estimated 

from the following empirical equation:113,138,147,148 

                                     d

2

-2d
l

max ads Nm(n -n )(1-e )λΔ =                                                   (2.1) 

 

where m is the refractive index sensitivity of the nanoparticles (~200 nm/RIU),36,147 nads is the 

real part of the refractive index of the adsorbate, 
2Nn is the refractive index of the N2 

surroundings (1.0), d is the molecular thickness (experimentally determined to be 1.0 nm by 

measuring the particle height before and after R6G adsorption using Atomic Force Microscopy, 

data not shown), and ld is the characteristic electromagnetic field decay length of the 

nanoparticles (approximately 6 nm).147  For resonant adsorbates, it has been demonstrated 
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that maxλΔ near molecular resonance can be estimated from the real part of the refractive index 

using a Kramers-Kronig transformation149 and Eq. 2.1. Using the same treatment as in the 

previous studies, nads is expressed as the sum of the nonresonant part of the refractive index 

(nnon,ads) and the resonant contribution (Δnres,ads).  From Eq.2.1, the refractive index of the 

adsorbate layer can be estimated.  Since the average Δλmax at off-molecular resonance 

wavelengths is 10 nm, the nnon,ads of the R6G monolayer is calculated to be ~ 1.3.  

Using a Kramers-Kronig transformation, Δnres,ads of R6G was transformed from its 

solution absorption spectrum (Figure 2.2B) using the following equation:10,149 

                                         res,ads 2 20

c ( ')n ( )= d '
( ')

α ωω ω
π ω ω

∞ Δ
Δ

−∫                                         (2.2) 

where αΔ  is the change in the absorption coefficient ( 2.303*A( )/Tλ  in which A( )λ  is the 

molecular absorbance at a given wavelength and T is the effective molecular thickness), c is the 

speed of light, λ  is the wavelength of light, and ω  is the angular frequency ( 2 c/π λ ).  The 

Kramers-Kronig transformation expresses the real part of the refractive indices as an integral of 

the absorption coefficients.  Notice that the integral in this formula has a singularity, which was 

treated numerically by excluding the singular point in the integral.  This treatment will lead to 

some uncertainty in the absolute value of the refractive indices; however, it will simply result in 

a different scaling factor than what is used in the following sections to predict the LSPR shift.  

Therefore, the overall line shape of the predicted LSPR shift will not be affected. 

Figure 2.4 shows the LSPR shift predicted using Eq. 2.1.  The predicted LSPR shift has a 

maximum at 550 nm and a minimum at 520 nm associated with the S0-S1 transition.  And the 

very small peak at 500 nm (indicated by the arrow in Figure 2.4) is associated with the vibronic 

band.  This model fails to predict the complicated LSPR shift features.  Although it captures two  
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Figure 2.4 Predicted LSPR shift (using Eq. 

1) with a scaled refractive index from 

Kramers-Kronig analysis. The solid black 

line with filled dots is a plot of the 

experimental LSPR shift (nm) vs. spectral 

position of the bare Ag nanoparticles.  
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of the experimental LSPR shift features to some extent, the position and magnitude of the two 

features do not agree with the experiments.  The additional LSPR shift maximum at ~ 595 nm is 

not predicted using this empirical model.  According to the empirical analysis, another 

absorption feature at ~570 nm is necessary to generate such LSPR shift results.  

2.3.4 Concentration Dependence of the R6G Absorbance on Ag film and Analysis 

As discussed, R6G has two absorption features in ethanol solution -- an S0-S1 electronic 

transition and a vibronic shoulder.  Figure 2.5A shows the deconvolution of the R6G solution 

phase absorption spectrum with two Gaussian curves at 532 and 504 nm.  Since all the R6G 

induced LSPR shift measurements were conducted on an Ag surface with nanoscale patterns, it 

is important to examine the absorption behavior of R6G on an Ag surface.  Ideally, one should 

study the R6G absorbance on Ag nanoparticles.  However, the LSPR extinction always would 

interfere with the measurements.  Instead, an alternative approach is to conduct the optical 

absorbance measurement of R6G on a continuous Ag film.     

Figures 2.5(B-D) show the absorbance of different dosing concentrations of R6G (0.6 μM, 

6 μM and 0.1 mM, respectively) on an Ag surface.  R6G is known to form dimers in solution at 

high concentrations and when intercalated in heterogeneous materials like clays, silica and 

colloidal gold nanoparticles.130,150-154  R6G can form both J-type (head-to-tail dipole moments) 

and H-type dimers (parallel dipole moments).  The latter conformer is expected to be more likely 

on a surface due to the adsorption of R6G through one of its N atoms. The formation of dimers 

will affect the absorption characteristics of R6G by inducing spectral shifts and band splitting. 

These changes can be qualitatively explained by exciton theory155,156 based on interactions 

between the dipole moments of the monomeric units. The dipole-dipole interactions result in a  
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Figure 2.5 Absorption spectra of R6G in ethanol solution 

and different concentrations of R6G on a Ag surface. 

Dashed lines represent deconvolution of the spectra into 

Gaussian bands. (A) R6G in ethanol (B) 0.6 μM R6G on 

Ag surface (C) 6 μM R6G on Ag surface (D) 0.1 mM 

R6G on Ag surface. 



 57
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 
Figure 2.6. Exciton splitting diagram of the 

electronic states for R6G monomer and two 

types (H or J) of dimers, according to the 

arrangement of the dipole moments. M 

represents the R6G monomer excitation. H-type 

and J-type splitting results in an increase or 

decrease in the excitation energy. The thickest 

arrow represents the strongest transition. 
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splitting of the monomer excitation which depends on the geometry of the aggregates. The 

geometry with the head-to-tail transition dipoles leads to a decrease in energy, and the geometry 

with the parallel transition dipoles leads to an increase in energy (see the exciton energy diagram 

in Figure 2.6).  Therefore, the absorption of H-type dimers is predicted to blue-shift the R6G 

absorption whereas for J-dimers the absorption is predicted to red-shift.  To examine whether 

there is R6G dimmer formation on the Ag surface, each absorption spectrum is deconvoluted by 

different numbers of Gaussian curves with correlation coefficients greater than 0.99.  As shown 

in Figure 2.5B, when the R6G dosing concentration is as low as 0.6 μM, a weak absorption 

spectrum is collected and the major absorption band can be fitted with one Gaussian curve at 534 

nm.  Although there are a few longer wavelength features, the signal to noise ratio is not high 

enough to resolve those peaks.  Compared to the R6G solution absorption in Figure 2.5A, the 

major absorption band is slightly red shifted and broadened. Notice that the S0-S1 vibronic 

shoulder observed in solution can not be resolved when R6G adsorbs on the surface at this 

dosing concentration.  When the R6G dosing concentration is 6 μM, the absorbance of R6G is 

stronger and broadened compared to the lower concentration case, indicating that the R6G 

coverage on Ag surface is higher.  For the higher R6G dosing concentrations (Figures 2.5C-D), 

three Gaussian curves are necessary to generate a good deconvolution of the absorption spectra.  

Figure 2.5C shows the deconvolution of this absorption spectrum using three Gaussian curves at 

506, 537 and 568 nm. The curve at 537 nm has the highest intensity, followed by the curve at 

506 nm, and the lowest intensity at 568 nm.  Notice the major absorption is red-shifted from the 

R6G solution absorption.  The ratio of the 506 to 537 nm bands is 0.41, higher than that of the 

504 and 532 nm bands for the solution case (0.38).  When the R6G dosing concentration is 0.1 

mM, the absorption of R6G increases and broadens further compared to the lower concentrations.  
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Figure 2.5D shows the deconvolution of the absorption spectrum using three Gaussian curves 

at 502, 539 and 572 nm.  The peak at 539 nm has the highest intensity, followed by the curve at 

502 nm, and the lowest intensity at 572 nm.  Notice that the major absorption is shifted further to 

the red from the R6G solution absorption.  The ratio of the 502 nm to 539 nm bands further 

increases to 0.56.  Since the spectral positions of the dimer band and the vibronic shoulder of the 

monomer overlap, it is not possible to distinguish them.  However, it is known from the solution 

and intercalation experiments that an increase in the ratio of the band at ~ 500 nm and the band at 

~ 540 nm and a shifting in the position of these bands is evidence for dimer formation.130,150-154  

The increase in the ratio of these two bands with increasing concentration observed here, 

therefore, suggests that R6G dimer formation is important on the Ag surface.  Note that different 

concentrations of R6G were used to dose the surface due to the morphology difference of the Ag 

nanoparticles and films.  The NSL-fabricated nanoparticles are more likely to encourage the R6G 

dimer formation at a lower concentration.  Higher concentration of R6G dosing solution could be 

used, but past studies show that R6G tends to form dimers in ethanol solution when its 

concentration is higher than 0.1 mM thus introducing interference from R6G dimers already 

formed in the solution.157 

2.3.5 Concentration Dependence of the R6G Induced LSPR Shift 

From the above discussion, it is clear that the absorbance of R6G on an Ag surface is 

concentration-dependent.  It is therefore worthwhile to quantitatively study the effect of a sub-

monolayer coverage of R6G on the LSPR shift.  As described in the experimental section, 0.6 

μM R6G is used to ensure monolayer coverage with 1 hr incubation time.  By keeping the same 

incubation time, the effect of sub-monolayer R6G on the LSPR of the Ag nanoparticles is studied  
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Figure 2.7 LSPR shift vs. concentrations of R6G dosing solutions at 

constant LSPR of the bare Ag nanoparticles. (A) The LSPR of the 

bare Ag nanoparticles is ~ 540 nm. (B) The LSPR of the bare Ag 

nanoparticles is ~ 560 nm. 
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by varying the R6G concentration.  Since the LSPR shift is highly wavelength dependent, two 

representative plasmon wavelengths of the bare nanoparticles are chosen: one at ~ 540 nm, 

which is slightly red of the molecular resonance; the other at ~ 560 nm, which is close to the 

wavelength of the maximum LSPR shift observed in Figure 2.3A.  

The LSPR shift versus the concentration of R6G is plotted in Figure 2.7.  The data shown 

in Figure 2.7A represent the LSPR shift when λmax,bare is at 540 nm and that in Figure 2.7B 

represents the LSPR shift when λmax,bare is at 560 nm.  From Figure 2.7A, when the concentration  

of R6G is as low as 0.006 μM, no shift is observed.  As the concentration is gradually increased, 

the induced LSPR shift increases.  When the R6G concentration is 0.3 μM, a maximum LSPR 

shift of 55 nm is observed.  Interestingly, as the concentration further increases, the LSPR shift 

gradually decreases to less than 10 nm at a concentration of 0.6 μM.  Further increase in 

concentration gives the same LSPR shift which confirms that the nanoparticle surface is 

saturated with a R6G monolayer.  By contrast, the LSPR shifts plotted in Figure 2.7B do not 

exhibit such behavior.  As the concentration increases, the LSPR shift gradually increases and 

saturates at 0.6 μM. An explanation for the concentration dependence of LSPR shifts will be 

presented in the following section.  

2.3.6 Electrodynamics Model of the Wavelength Shift  

Three R6G absorption bands are observed on the Ag surface, which are probably 

associated with different R6G monomer and dimers.  We calculated refractive indices of the 

R6G monomer and dimers from the Kramers-Kronig analysis using the deconvoluted curves in 

Figure 2.5D.  This set of refractive indices is chosen to match these experimental results because 

they best represent the saturated R6G surface absorption response.  Two types of R6G dimers,  
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Table 2.1 Refractive indices of Rhodamine 6G monomer, H-dimer and J-dimer transformed 
from Rhodamine 6G absorption spectra on Ag surface.  
 

Wavelength 
(nm) 

Monomer H-dimer J-dimer 

 Real Imaginary Real Imaginary Real Imaginary 
450 
460 
470 
480 
490 
500 
510 
520 
530 
540 
550 
560 
570 
580 
590 
600 
610 
620 
630 
640 
650 
660 
670 
680 
690 
700 
710 
720 
730 
740 
750  

 1.31E+00 
1.30E+00 
1.29E+00 
1.28E+00 
1.25E+00 
1.21E+00 
1.16E+00 
1.12E+00 
1.19E+00 
1.37E+00 
1.54E+00 
1.60E+00 
1.57E+00 
1.51E+00 
1.47E+00 
1.45E+00 
1.44E+00 
1.43E+00 
1.42E+00 
1.41E+00 
1.41E+00 
1.40E+00 
1.40E+00 
1.40E+00 
1.40E+00 
1.39E+00 
1.39E+00 
1.39E+00 
1.39E+00 
1.39E+00 
1.39E+00  

1.85E-08
6.46E-07
1.48E-05
2.24E-04
2.22E-03
1.44E-02
6.18E-02
1.74E-01
3.22E-01
3.91E-01
3.12E-01
1.64E-01
5.65E-02
1.28E-02
1.91E-03
1.87E-04
1.20E-05
5.09E-07
1.42E-08
2.59E-10
3.11E-12
2.45E-14
1.27E-16
4.35E-19
9.74E-22
1.44E-24
1.39E-27
8.86E-31
3.71E-34
1.02E-37
1.84E-41 

1.27E+00 
1.25E+00 
1.24E+00 
1.25E+00 
1.28E+00 
1.34E+00 
1.41E+00 
1.46E+00 
1.48E+00 
1.48E+00 
1.47E+00 
1.45E+00 
1.43E+00 
1.42E+00 
1.41E+00 
1.41E+00 
1.40E+00 
1.40E+00 
1.39E+00 
1.39E+00 
1.39E+00 
1.39E+00 
1.39E+00 
1.38E+00 
1.38E+00 
1.38E+00 
1.38E+00 
1.38E+00 
1.38E+00 
1.38E+00 
1.38E+00  

1.75E-02 
4.05E-02 
7.89E-02 
1.29E-01 
1.76E-01 
2.02E-01 
1.95E-01 
1.58E-01 
1.07E-01 
6.09E-02 
2.91E-02 
1.16E-02 
3.91E-03 
1.10E-03 
2.61E-04 
5.18E-05 
8.63E-06 
1.21E-06 
1.41E-07 
1.39E-08 
1.15E-09 
7.95E-11 
4.62E-12 
2.25E-13 
9.21E-15 
3.16E-16 
9.11E-18 
2.20E-19 
4.46E-21 
7.60E-23 
1.08E-24  

1.34E+00 
1.34E+00 
1.34E+00 
1.34E+00 
1.34E+00 
1.34E+00 
1.33E+00 
1.33E+00 
1.32E+00 
1.31E+00 
1.31E+00 
1.32E+00 
1.34E+00 
1.37E+00 
1.39E+00 
1.40E+00 
1.39E+00 
1.38E+00 
1.37E+00 
1.37E+00 
1.37E+00 
1.37E+00 
1.36E+00 
1.36E+00 
1.36E+00 
1.36E+00 
1.36E+00 
1.36E+00 
1.36E+00 
1.36E+00 
1.36E+00  

1.59E-11 
5.16E-10 
1.25E-08 
2.24E-07 
3.00E-06 
2.98E-05 
2.21E-04 
1.21E-03 
4.97E-03 
1.51E-02 
3.42E-02 
5.76E-02 
7.22E-02 
6.73E-02 
4.66E-02 
2.40E-02 
9.22E-03 
2.63E-03 
5.58E-04 
8.81E-05 
1.03E-05 
9.03E-07 
5.87E-08 
2.84E-09 
1.02E-10 
2.73E-12 
5.43E-14 
8.04E-16 
8.86E-18 
7.26E-20 
4.43E-22  
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Figure 2.8 Predicted LSPR shift (using Eq. 

2.1) with arbitrarily scaled refractive indices 

from Kramers-Kronig analysis. The solid black 

line with filled dots is a plot of the 

experimental LSPR shift (nm) vs. spectral 

position of the Ag nanoparticles. The blue 

dashed-dotted line, red dotted line and green 

dashed line represent the predicted LSPR shift 

using the refractive indices of the R6G H-

dimer, monomer and J-dimer, respectively. 
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the H-dimer and J-dimer, are assumed to form on the surface, and these lead to a blue and red 

shift of the absorption peak, respectively, relative to the monomer wavelength.  We assign the 

blue shifted peak of the deconvoluted curves in Figure 2.5D as an H-dimer absorption, and the 

red-shifted peak as a J-dimer absorption.   Figure 2.8 shows the predicted LSPR wavelength shift 

( maxλΔ ) from Eq 2.1 using the real parts of the refractive indices of the R6G monomer and two 

dimers.  (The refractive indices of R6G monomer and two dimers are available in Table 2.1)  

The three curves in Figure 2.8 are arbitrarily scaled (with a scaling factor of 2, 2, and 10 for 

monomer, H-dimer and J-dimer, respectively) due to the uncertainty of the coverage of R6G 

monomer and dimers on the surface.  From Figure 2.8, it is clear that the curves associated with 

the R6G monomer and dimers correspond to the three experimental LSPR shift features.  

Nevertheless, the line shape and peak position of the predicted LSPR shift curves do not track 

the details of the experimental results.  

The above empirical model only considered the contribution from the real part of the 

refractive indices of the R6G monomer and dimers.  An advanced electromagnetic method, such 

as the Discrete Dipole Approximation method,11,95,96 including both the real and imaginary parts 

of the adsorbates’ dielectric constants, is needed to reveal the overall effect of the adsorbates.   

However, such calculations are very compute intensive and time-consuming.  As an alternative, 

we use quasistatic (Gans) theory as a simplified model wherein the particle shape is assumed to 

be an oblate spheroid.68  This approach leads to the following expression for the extinction cross 

section Cext of a metallic particle in a homogenous medium:,10,68 

Im Ag m
ext

Ag m

C
ε ε

ε χε
⎧ ⎫−⎪ ⎪∝ ⎨ ⎬+⎪ ⎪⎩ ⎭

                                              (2.3) 
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where εAg is the dielectric constant of Ag, εm is the dielectric constant of the surrounding 

medium, and χ is a shape factor for the particle that has the value 2 for a sphere, and increases 

with increasing aspect ratio.  In the present application, we use χ as a parameter to tune the 

plasmon resonance wavelength, so the quantitative connection between χ and the structure of the 

particle is not needed. 

For the bare Ag particle, εm is set to be 1 for N2.  When χ varies from 2.0 to 24.0, the 

extinction maximum wavelength of the bare Ag particle (λmax,bare) varies from 400 to 750 nm.  It 

is hypothesized that one of the three R6G structures, i.e., the monomer or one of the two dimers, 

dominates the LSPR shift at each wavelength; therefore, εm for the adsorbates (εm,ads) is 

expressed using the following function,  

, ,

, , ,

, ,

 400 530
=  530 570

 570 750

H max bare

m ads mon max bare

J max bare

ε λ

ε ε λ

ε λ

⎧ < <
⎪

< <⎨
⎪ < <⎩

                                             (2.4) 

where εH, εmon,and εJ  are the dielectric constants of the R6G H-dimer, monomer and J-dimer, 

respectively.  Values for these dielectric constants were obtained by Kramers-Kronig 

transformation as noted above.  Furthermore,  Eq. 3 applies when the particle is in a homogenous 

environment; however, in the experiments, the particles are coated with a very thin layer of R6G, 

and the rest of the medium is N2.  This inhomogeneous medium is treated using effective 

medium theory2,37 (εm,effective = εm·x +(1-x)·
2Nε , where 0<x<1, and x is chosen differently for εH, 

εmon, and εJ to match the experiments. x is chosen as for 0.3, 0.05, and 0.9 for εH, εmon, and εJ to 

match the experimental LSPR shifts line shape ).  Plugging εm,effective into Eq 2.3, the extinction 

maximum of the Ag particle embedded in R6G (λmax,R6G) for each χ value is obtained.  The LSPR  
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Figure 2.9 Predicted LSPR shift using Eq. 2.3. 

The solid black line with filled dots is a plot of the 

experimental LSPR shift (nm) vs. spectral position 

of the Ag nanoparticles. The blue dashed-dotted 

line, red dotted line and green dashed line 

represent the predicted LSPR shift using the 

dielectric constants of the R6G H-dimer, monomer 

and J-dimer, respectively. 
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shift is then calculated from the difference between λmax,bare and λmax,R6G, then scaled up to 

match the magnitude of the experimental LSPR shifts by factors of 6, 1 and 2 for, R6G monomer, 

H-dimer and J-dimer, respectively. This scaling corrects for deficiencies of the Gans model 

which typically will underestimate dielectric shifts since there are no sharp features on the 

spheroidal particles. 

Figure 2.9 shows the resulting LSPR shift versus λmax,bare.  The blue dashed-dotted line, 

red dotted line and green dashed line represent the predicted LSPR shift using the dielectric 

constants of the R6G H-dimer, monomer and J-dimer, respectively.  From Figure 2.9, the 

predicted LSPR shift agrees well with the experimental data.  This illustrates that the three LSPR 

shift features are associated with R6G in the three different forms. This can be understood if we 

assume that each particle is primarily coated with one of the three forms of R6G, and then there 

is a random mixture of the three different kinds of particles.  We also considered an effective 

medium model in which each particle is assumed to be coated with a random mixture of the three 

R6G’s, so that the adsorbate dielectric constant is a weighted average of the three values, 

however this did not match the measurements.  

The quasistatic model can also be applied to simulate the concentration dependent LSPR 

shifts in Figure 2.7 by fixing χ for two different initial LSPR wavelengths and varying x in 

theeffective medium treatment. When this is applied at 560 nm, where the R6G monomer 

absorption dominates, we find that the LSPR shift increases with increasing concentration much 

as in Figure 2.7B, as increasing concentration produces a higher effective dielectric constant in 

the surrounding medium. On the other hand, the complicated concentration dependence at 540 

nm (Figure 2.7A) can only be understood if we assume that there is a switch in the dominant 

adsorbed species as concentration is increased.  Thus the portion of the curve in Figure 2.7A 
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below 0.4 μM would correspond to one species (such as the H dimer) and then there is a 

switch to another species (such as the monomer) at high concentration.  

2.3.7 Quantum Chemical Modeling of the Absorption Spectra of Rhodamine 6G 

Although the empirical modeling qualitatively reproduces the LSPR shift, it is 

worthwhile to study the microscopic origin of the R6G absorption features using electronic 

structure theory.  The electronic states of R6G were calculated within time-dependent density 

functional theory (TD-DFT) using the Amsterdam Density Functional (ADF) program 

package.158,159  The Becke-Perdew (BP86) XC-potential160,161 and a triple-ζ polarized Slater type 

(TZP) basis set from the ADF basis set library have been used.  The following possible origins of 

the LSPR shift maximum at ~ 595 nm have been examined (1) formation of R6G dimers; (2) 

metal molecule charge-transfer transitions; (3) the change of the angle between the xanthene 

plane and the phenyl substituent of R6G.  

The optimized R6G structure (shown in Figure 2.10A) was taken from previous work,162 

where the simulated Raman spectrum is in good agreement with the experimental spectrum.  The 

S0-S1 transition of R6G corresponds to an excitation from the highest occupied molecular orbital 

(HOMO) to the lowest unoccupied molecular orbital (LUMO), where both orbitals are localized 

in the xanthene chromophore and the nitrogen of the ethylamino side groups. The transition is 

therefore expected to be sensitive to any perturbation on the xanthene ring.  The S0-S1 transition 

is calculated to be at 474 nm in vacuum, and a weaker S0-S2 transition is at 416 nm.  Notice that 

the calculated S0-S1 transition is ~ 60 nm blue-shifted from the experimental measurement in 

solution at 530 nm. Only small changes in the simulated absorption spectrum were found by 

using larger basis sets and different functionals. Previously, we found that the agreement with  
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Figure 2.10 Optimized structure and simulated absorption spectrum of R6G 

in solution. Solvent effects accounted for by a red-shift of 56 nm. 
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Figure 2.11 Simulated structure of R6G dimers 

and absorption spectra. (A) Structure of H-type 

dimer. (B) Structure of J-type dimer. (C) 

Calculated absorption spectra of R6G monomer 

(black line), H-type dimer (blue line) and J-type 

dimer (red line). Solution effects are accounted 

for by a red shift of 56 nm. 
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experiments was significantly improved by considering solvent effects directly in the 

calculations.162  For simplicity, the solvent effects in this work are accounted for by applying a 

constant red shift of 56 nm to the calculated values (simulated spectrum shown in Figure 2.10B).  

This value is added to all the calculated spectra discussed below.  

To examine the exciton splitting in R6G, we calculated the absorption spectra of an anti-

parallel H-dimer separated by 3.5 Å and a J-dimer with a center-to-center separation of 13.5 Å 

(structures and spectra shown in Figure 2.11). For the H-dimer a slight blue shift (less than 10 

nm) of the main transition is observed which agrees with the shift direction observed 

experimentally, but underestimates the shift magnitude. In addition, a small band at 565 nm is 

found in the simulated dimer absorption spectrum; however, it has very small oscillator strength.  

In the case of the J-dimer an 8 nm red shift of the main transition is found with a weaker 

transition around 500 nm. In addition, the main J-dimer transition is stronger than the 

corresponding H-dimer transition. These results are in very good agreement with the expectation 

from the simple exciton theory. For both dimers, the calculated exciton splitting is smaller than 

the experimental observation.130,150-154  However, the structures for the dimers adopted in the 

calculation are highly idealized and it is quite likely one would obtain a better agreement with 

the experiments by optimizing the dimer structures. The calculations support the findings in the 

concentration-dependent absorption study of R6G adsorbed on an Ag film.  Therefore, the 

formation of dimers provides a very plausible explanation for the LSPR shift experiments, 

especially considering that R6G tends to form dimers in constrained systems.   

As a second explanation of the results in Figure 2.3, we consider the possibility that new 

transitions, metal molecule charge-transfer transitions, arise when R6G adsorbs onto the metal 

surface. To examine this possibility we calculated the absorption spectrum of R6G interacting 
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with an Ag2 cluster (structure and spectrum shown in Figure 2.12A).  The Ag2 is used as a 

model for the ad-atom adsorption site. Because such a small cluster can not represent the full 

effect of an Ag surface, we shifted the spectrum in Figure 2.12A by 56 nm. Therefore, the 

modeling should provide a reasonable description of the CT transitions. The interactions of R6G 

with the Ag2 cluster cause a red shift of the main transition to 544 nm, which is a 14 nm shift 

compared to that in solution. Two CT transitions red of the main peak are found at 1010 and 617 

nm, corresponding to transitions from the HOMO of Ag2 to the LUMO and LUMO+1 of R6G, 

respectively.  Since both transitions have small oscillator strength and are more than 100 nm red 

of the main transition, it is not likely that they are responsible for the LSPR shift feature at ~ 595 

nm.  

Another possibility is that the interaction between R6G and the surface may cause a 

complete charge transfer from the metal to R6G since it is a cationic dye.  Therefore, we 

calculated the absorption spectrum of neutral R6G (see Figure 2.12B). The main absorption peak 

is at 498 nm with a weaker band at around 530 nm. Both bands are blue shifted relative to the 

cationic R6G absorption with smaller oscillator strength.  This makes it unlikely that the 

formation of the neutral R6G is the cause for the LSPR shift feature at ~ 595 nm. 

The last explanation that we considered is that the adsorption of R6G onto the surface 

causes the angle, Ω, between the xanthene plane and the phenyl substituent to change (see Figure 

2.13A for definition of Ω).  Notice that the optimized structure of R6G (shown in Figure 2.10A) 

from the calculations has an angle of 88° while in the experimental crystal structure R6G has an 

angle of 63°.163 We calculated the absorption spectra of R6G as a function of Ω to show how the 

S0-S1transition is sensitive to the perturbation on the xanthene ring. The resulting absorption  
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Figure 2.12 Simulated absorption spectra of R6G with an Ag2 cluster and 

neutral R6G. (A) Calculated absorption of R6G with an Ag2 cluster. Inset is 

the optimized structure of R6G-Ag2. The distance between the N atom of 

R6G and Ag atom is 3.08 Å. (B) Calculated absorption of neutral R6G. 

Solution effects are accounted for by a red shift of 56 nm. 
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Figure 2.13 S1 absorption maximum as a function of the angle (Ω) between the 

xantheneplane and the phenyl substituent. Solvent effects accounted for by a red shift of 

56 nm. (A) Side-view of the structure of R6G. (B) Plot of the S1 absorption maximum 

as a function of the angle (Ω). (C) Schematic illustration of the two possible adsorption 

sites. Ω-1 = 88°, Ω-2 = 66° 
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maximum of the S0-S1 transition is plotted (see Figure 2.13B) as a function of Ω.  When Ω 

decreases, the excitation energy of the S0-S1 transition increases, leading to a red shift of the 

main absorption peak.  In order to explain the LSPR shift maximum at ~595 nm, an absorption 

feature around 570 nm is required.  Figure 2.13B shows that such an absorption feature can be 

achieved when Ω is decreased by 20-25°.  The corresponding Ω is then close to the value found 

for R6G in the crystal structure. The strain caused by decreasing Ω to this value amounts to ~15-

17 Kcal/mol.  Furthermore, the strain reduces the oscillator strength of the S0-S1 transition.  One 

could speculate that if two distinct absorption sites exist, for example, the top and sides of the 

NSL-nanoparticle (cartoon shown in Figure 2.11C), one of these sites could then cause Ω to 

twist thereby red shifting the S0-S1 transition.  However, it requires a significant amount of 

energy to bend Ω by around 20-25°, making it a less likely explanation than the dimer formation. 

 

2.4 Conclusions 

The coupling between the R6G molecular resonances and the LSPR of Ag nanoparticles 

has been systematically probed.  This is achieved by monitoring the shift in LSPR wavelength of 

Ag nanoparticles upon R6G binding.  The LSPR shift depends on the relative spectral position 

between the LSPR of the Ag nanoparticles and the molecular resonances of R6G.  The LSPR 

shifts show several complicated features – indeed three local maxima have been observed.  In 

contrast, there are only two features in the R6G solution absorption spectrum. To understand the 

change in the R6G resonances when it adsorbs to metal surface, absorption spectra of R6G on an 

Ag surface have been measured at different R6G concentrations. Detailed deconvolution of the 

spectra indicates the formation of R6G dimers on the surface, even though the R6G 
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concentration in solution is low enough to avoid R6G aggregate formation in solution.  To 

understand the unusual LSPR shifts, several different kinds of theoretical modeling were 

considered, including empirical modeling with dielectric constants from a Kramers-Kronig 

analysis, electrodynamics modeling using Gans theory, and electronic structure calculations 

using TDDFT. The combined experimental evidence and theoretical modeling show that dimer 

formation is responsible for the complex spectral coupling between R6G and the nanoparticles.  

The extreme sensitivity of the localized surface plasmon resonance wavelength to small 

environmental changes has been clearly demonstrated in this work.  For the first time, changes in 

the adsorbates’ electronic structure due to aggregation have been detected using LSPR 

spectroscopy.  These findings illustrate that the LSPR sensing technique is particularly suitable 

for studying molecular level information, such as electronic and structural change of the 

adsorbates.  This discovery has potential applications for chemical sensing, studying excited 

states at metal surfaces, understanding the mechanism of surface-enhanced Raman spectroscopy, 

and developing novel plasmonic devices. 
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3.1 Introduction 

Localized surface plasmon resonance (LSPR) nanosensors have been demonstrated as 

sensitive platforms for the detection of streptavidin,35 anti-biotin,138 concanavalin,56 Alzheimer 

disease biomarkers32 and many other biorecognition event.139 Sensing is accomplished by 

monitoring the wavelength shift in the LSPR extinction or scattering maximum (λmax) induced by 

the binding of target analytes to the nanoparticle surface. The concentration of target analytes is 

quantitatively related to the shift in λmax.  In these cases, however, the analytes in earlier studies 

were optically transparent; and consequently, the observed shift was only weakly dependent on 

the LSPR λmax..32,35,138,164  Since many biomolecules contain visible chromophores, it is important 

to broaden the scope of LSPR sensing by exploring electronically resonant adsorbates in 

biosensing events.  When resonant molecules are adsorbed on nanoparticles, the induced LSPR 

shift is found to be strongly dependent on the spectral overlap between the electronic resonance 

of the adsorbates and the plasmon resonance of the nanoparticles.113  Specifically, a large red 

shift occurs when the nanoparticles’ LSPR is located at a slightly longer wavelength than the 

adsorbate’s molecular resonance wavelength, i.e., a factor of 3 greater than when the LSPR is 

distant from the molecular resonance.  This resonant LSPR response opens up the possibility of 

detecting the binding of a low molecular weight analyte to a protein receptor adsorbed on a 

nanoparticle. Herein, we present a proof-of-concept experiment for the binding of camphor 

(C10H16O, molecular weight = 152.24 g·mol-1) to cytochrome P450cam protein (CYP101).  This 

system was selected because the electronic structure changes that occur when substrate binds 

have been well characterized. 131,165  

Cytochrome P450s are essential for steroid hormone biosynthesis and are involved in the 

metabolism of xenobiotics.  Many drug molecules, e.g. metyrapone, fluconazole and 
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cimetidine,166 inhibit cytochrome P450, thereby leading to a decrease in metabolism which can 

cause adverse toxicity.  The development of an ultrasensitive, label free detection method for 

binding of the molecules to cytochrome P450s would, therefore, have a significant impact on 

drug discovery research. 167-169 CYP101 is a specific member of this P450 superfamily catalyzing 

the stereospecific hydroxylation of camphor as the first step in the utilization of this terpene as a 

sole source of carbon and energy in the soil organism Pseudomonas putida.   

3.2 Experimental Methods 

3.2.1 Materials  

Silver shot was purchased from Alfa Aesar (#11357 1-3mm diameter, Premion®, 

99.9999%). Tungsten vapor deposition boats were acquired from R.D. Mathis (Long Beach, CA). 

Polystyrene nanospheres with diameters of 280 ± 4 nm, 390 nm ± 19.5 nm, were received as a 

suspension in water (Interfacial Dynamics Corporation, Portland or Duke Scientific, Palo Alto, 

CA) and were used without further treatment. Fisherbrand No. 2 glass coverslips with 18 mm 

diameters and the buffer salts (KH2PO4.3H2O and KH2PO4) were obtained from Fisher Scientific 

(Pittsburgh, PA). (1R)-camphor and 11-mercaptoundecanoic acid (11-MUA) were purchased 

from Sigma-Aldrich and used as received. For all steps of substrate preparation, water purified 

with cartridges from Millipore (Marlborough, MA) to a resistivity of 18.2 MΩ·cm was used. 1-

ethyl-3-[3-dimethylaminopropyl]carbodiimide hydrochloride (EDC) was purchased from Pierce 

(Rockford, IL).  

3.2.2 Protein expression and purification 

Recombinant wild-type P450cam protein was expressed in Escherichia coli and and 

purified as reported1 and stored at −80°C at ~100 μM concentrations in 50 mM potassium 

phosphate buffer containing 150mM potassium chloride salt (pH 7.4), 200 μM camphor and 20 
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mM β-mercaptoethanol. Concentrations of cytochrome P450cam were determined using 

extinction coefficients ε391 = 102 mM−1·cm−1 (camphor-bound) or ε417 = 115 mM−1·cm−1 

(substrate-free) in aqueous solution. The proteins were made substrate free by using Superdex G-

25 columns. 

3.2.3 Glass Substrate Preparation 

 Glass substrates were cleaned in piranha solution (1:3 30% H202/H2SO4) for one hour at 

80°C. Samples were cooled to room temperature and were then rinsed profusely with deionized 

(18.2 MΩ·cm) water. Samples were then sonicated in 5:1:1 H2O/NH4OH/30% H2O2 and 

thoroughly rinsed with water. The samples were stored in deionized (18.2 MΩ·cm) water prior to 

use.  

3.2.4 Nanoparticle Preparation 

 Nanosphere lithography (NSL) was used to create monodisperse, surface-confined Ag 

nanoparticles. Polystyrene nanospheres (~2.2 μL) were drop-coated onto the glass substrates and 

allowed to dry, forming a monolayer in a close-packed hexagonal formation, which served as a 

deposition mask. The samples were then transferred to the evaporation chamber. The pressure in 

the vacuum chamber was maintained below 1 × 10-5 Torr during the evaporation. A silver film 

was evaporated on the slides. The deposition rate Ag was 1.0 ~ 1.5 Å/s. A Leybold Inficon 

XTM/2 quartz crystal microbalance (East Syracuse, NY) was used to measure the thickness of 

the Ag film deposited over the nanosphere mask, dm. Following metal deposition, the samples 

were sonicated for 3-5 minutes in ethanol to the remove the polystyrene nanosphere mask. The 

perpendicular bisector of the nanoparticles was varied by changing the diameter of the 

nanospheres used. The height of the nanoparticles was varied by depositing varying amounts of 
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Ag onto the sample. These two parameters were varied to alter the LSPR peak position 

throughout the visible region of the spectrum.  

3.2.5 Nanoparticle Solvent Annealing and Functional Immobilization 

 For each experiment, the sample was stabilized and functionalized in a home built flow 

cell. Immediately following nanospheres removal, the samples were placed in 1 mM of 11-MUA 

ethanol solution for 24 ~ 48 h. This time was determined to produce the repeatable and 

approximately full monolayer coverage of 11-MUA. After incubation, the nanoparticle samples 

were rinsed thoroughly with neat ethanol and dried by flowing N2 gas through the sample cell. 

Samples were then activated using 10mM EDC and then they were incubated in 8 μM 

cytochrome P450cam for 1 h. After incubation, the nanoparticle samples were rinsed with MQ 

water and dried by flowing N2 gas through the sample cell. Finally, the samples were incubated 

in 200 μM camphor buffer solution for 30 mins. After incubation, the nanoparticle samples were 

rinsed with MQ water and dried by flowing N2 gas through the sample cell.  

3.2.6 Ultraviolet-Visible Spectroscopy 

 Macroscale UV-vis extinction measurements were collected using an Ocean Optics 

(Dunedin, FL) SD2000 fiber optically coupled spectrometer with a CCD detector and a Cary 300 

Bio UV-vis spectrophotometer. All spectra in this study are macroscopic measurements 

performed in standard transmission geometry with unpolarized light. The extinction spectra of 

the same sample acquired from the two spectrometers have been tested to be consistent.  

 

3.3 Results and Discussion 

3.3.1 UV-Vis Spectra and Experimental Scheme 
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Figure 3.1A shows the UV-vis absorption spectra of camphor-free (green solid line) 

and camphor-bound (pink dashed line) oxidized CYP101 in phosphate buffer (pH = 7.4).  When 

camphor binds to CYP101 with the heme iron in its +3 oxidation state ,CYP101(Fe3+), the Soret 

absorption band peak of CYP101 blue-shifts by 26 nm from its low spin state at 417 nm 

(extinction coefficient ε =115 mM-1cm-1) to its high spin state at 391 nm (ε =102 mM-1cm-1).  

The cause of this peak shift is the displacement of water coordinated with the Fe3+ in CYP101 by 

camphor which shifts the spin state of the heme iron from low to high spin.131,165,170 

Nanosphere lithography (NSL) fabricated Ag nanoparticles were used as the LSPR 

sensing platform.32,35,36,138 In order to immobilize Fe3+CYP101 onto Ag nanoparticles, a self-

assembled monolayer (SAM) of 11-mercaptoundecanoic acid (11-MUA) (Figure 3.1B) was used 

to modify the nanoparticles.  With the aid of 1-Ethyl-3-[3-dimethy-aminopropyl] carbodiimide 

hydrochloride, the amine groups on the CYP101(Fe3+) were covalently bound to the carboxyl 

groups on 11-MUA.35  Then, the samples were exposed to a 200 μM camphor solution.  Since 

the dissociation constant Kd is 0.61μM, this concentration saturates all binding sites in 

Fe3+CYP101.131,170,171 The experimental procedure is summarized in Figure 3.1C.  

3.3.2 Representative LSPR Spectra and Wavelength-Dependent LSPR Shift 

Each step of the functionalization of the samples was monitored using UV-vis extinction 

spectroscopy in a N2 environment.  Figures 3.2A and 3.2B show two sets of representative LSPR 

spectra. In figure 3.2A, after incubation in 11-MUA, the LSPR extinction wavelength, λ max,SAM 

was measured to be 636.1 nm. The sample was then incubated in CYP101(Fe3+) solution. The 

LSPR of CYP101(Fe3+) modified nanoparticles, λmax,CYP101 , red-shifted by 13.2 nm to 649.3 nm. 

Next, the sample was exposed to a camphor solution, and the LSPR, λmax, CYP101-Cam, blue-shifted  
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Figure 3.1 (A) UV-vis absorption spectra of 

CYP101(Fe3+) (green solid line) with a Soret band at 417 

nm (low spin) and camphor-bound CYP101(Fe3+) (pink 

dashed line) with a Soret band at 391 nm (high spin). (B) 

Schematic notations of 11-MUA, CYP101 and camphor. 

(C) Schematic representation of CYP101 protein 

immobilized Ag nanobiosensor, followed by binding of 

camphor. The Ag nanoparticles are fabricated using NSL 

(nanosphere lithography) on a glass substrate.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 84
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 

Figure 3.2 UV-vis extinction spectra of each step in the surface modification of 

NSL fabricated Ag nanoparticles and the wavelength-dependent LSPR shift plots. 

All extinction measurements were collected in a N2 environment.  A 200 μM 

camphor buffer solution was used.  (A) A series of UV-vis extinction spectra of Ag 

nanoparticles (a) λmax,SAM ＝  636.1 nm, (b) λmax,CYP101 ＝  649.3 nm, and (c) 

λmax,CYP101-Cam ＝  640.1 nm. (B) A series of UV-vis extinction spectra of Ag 

nanoparticles (a) λmax,SAM ＝  421.4 nm, (b) λmax,CYP101 ＝  487.6 nm, and (c) 

λmax,CYP101-Cam ＝ 452.9 nm. (C) Plots of LSPR shifts versus λmax,SAM where Δλ1 = 

λmax,CYP101 -λmax,SAM (shift on binding CYP101), and Δλ2 = λmax,CYP101-Cam -λmax,CYP101 

(shift on binding camphor). The vertical black dotted line denotes the molecular 

resonance of Fe3+CYP101 at 417 nm.  
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by 8.7 nm to 640.6 nm.  A parallel experiment was conducted using the nanoparticles with 

λmax, SAM close to but slightly greater than the molecular resonance of the CYP101(Fe3+) (λmax,SAM 

= 420 nm; the molecular resonance of CYP101(Fe3+) is at 417 nm).  In this case, dramatic 

wavelength shifts were observed (shown in Figure 2B).  Specifically, the LSPR red-shifted by 

66.2 nm to 487.6 nm after incubation in CYP101(Fe3+), and then blue-shifted by 34.7 nm to 

452.9 nm upon the substrate binding of camphor.  

Based on the aforementioned results, it is clear that the LSPR shifts vary strongly with 

λmax, SAM. To study this, experiments were conducted to measure the LSPR response of 

nanoparticles while varying the initial LSPR wavelength.  The LSPR peaks were controlled by 

changing the nanosphere diameter and the deposited metal film thickness.39 In general, an 

increase in nanosphere diameter and/or a decrease in metal film thickness result in a red shift in 

LSPR. Figure 3.2C shows the wavelength-dependent plots of Δλ1 (black line with dots), and Δλ2 

(blue line with triangles) versus λmax,SAM.  The values of Δλ were calculated from the following 

equations:  

                      Δλ1 =λmax, CYP101 -λmax, SAM    (3.1) 

                      Δλ2 = λmax, CYP101-Cam - λmax, CYP101   (3.2) 

Here, a positive wavelength shift indicates a red-shift and a negative (-) wavelength shift 

indicates a blue-shift.  When the λmax,SAM is located at wavelengths longer than the CYP101(Fe3+) 

resonance (> 460 nm), an average shift of ~19 nm is observed for Δλ1, and ~ -6 nm for Δλ2.  

However, when λmax, SAM is at a slightly longer wavelength than the CYP101(Fe3+) resonance 

(the results shown in figure 3.2B), amplified shifts are observed forΔλ1 (amplified magnitude ~ 

340%) and Δλ2 (~ 550%).  
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These results are remarkable due to both the magnitude of the shifts and the shift 

direction.  In previously reported studies of LSPR response to the binding of non-resonant 

proteins to the nanoparticles, we always observed a red-shift in LSPR wavelength.32,35  Similarly, 

we observe that the LSPR red-shifts from λmax, SAM upon binding of either CYP101(Fe3+), or 

camphor bound CYP101(Fe3+).  However, the exposure of CYP101(Fe3+) modified nanoparticles 

to camphor results in a blue-shift (i.e., Δλ2).  If camphor were a noninteracting adsorbate added 

to CYP101(Fe3+), the local refractive index around the nanoparticles would increase, resulting in 

a red shift in the LSPR peaks. However, blue shifts are found for a variety of nanoparticles with 

different λmax, SAM (Figure 3.2C). This shows that substrate binding to CYP101(Fe3+) involves a 

change in the electronic state of the protein, and since this state is at a shorter wavelength than in 

CYP101(Fe3+), the λmax, CYP101-Cam is blue-shifted relative to λmax, CYP101.  

3.3.3 Control experiments 

To further verify the blue shift in the LSPR of CYP101-functionalized Ag nanoparticles is 

not from surface displacement of CYP101 or MUA upon exposure to camphor analyte, two 

control experiments were performed.   

3.3.3.1. Camphor-MUA Adsorption 

A control experiment was performed on MUA-functionalized Ag nanoparticles with 

camphor solution.  Ag nanoparticles were fabricated with NSL (nanosphere diameter = 390 nm, 

metal thickness = 60 nm) and incubated in 1 mM MUA for 48 hrs. The sample was thoroughly 

rinsed with ethanol. Then, the extinction spectrum of MUA-functionalized Ag nanoparticles was 

collected in N2 and shown in Figure 3.3 (black solid line). The extinction maximum was found to 

be 565.5 nm. The nanoparticles were then incubated in 200 μM camphor buffer solution for 30  
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Figure 3.3 Camphor adsorption to MUA 

funcationalized Ag nanoparticles. Black 

solid line is the extinction spectrum of 

MUA-funtionalized Ag nanoparticles in 

N2 before exposure to camphor; while red 

dashed line is after exposure to camphor. 

All the spectra were measured in N2. 
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mins and rinsed with MQ water.  After the sample was dried with N2, an extinction spectrum 

was measured and shown in Figure 3.3 (red dashed line).  The extinction maximum stayed at the 

same wavelength at 565.5 nm. The constant LSPR position after introducing camphor to MUA-

functionalized Ag nanoparticles indicates that camphor is unlikely to replace or adsorb to MUA. 

3.3.3.2. Camphor-bound CYP101 Adsorption to MUA 

Two sets of experiments have been performed following two different protocols. Figure 

3.4A and 3.4B illustrate the scheme of protocol A and B. Protocol A is a 2-step experimental 

procedure of CYP101 binding to MUA, then camphor binding to CYP101. Protocol B is a 1-step 

procedure of camphor-bound CYP101 binding to MUA. Figure 3.4C shows the extinction 

spectra at each step following protocol A. The initial LSPR of the MUA-functionalized Ag 

nanoparticles is located at 527.2 nm (solid black line) in N2. After incubation in camphor-free 

CYP101, the LSPR shifts to 550.0 nm (blue dotted line). Lastly, after the sample was incubated 

in camphor solution, the LSPR blue-shifts by 8.5 nm to 541.5 nm (red dashed line) in N2. This is 

a 14.3 nm red-shift compared to the initial LSPR. Figure 3.4D shows the extinction spectra at 

each step following protocol B. The initial LSPR of MUA-functionalized Ag nanoparticles is at 

530.5 nm (black solid line) in N2. After incubation in camphor-bound CYP101, the LSPR of the 

nanoparticles shift to 545.1 nm (red dashed line) in N2. That is a 14.6 nm red-shift.  In conclusion, 

adding camphor separately in the 2-step protocol A yields the same results as immobilizing the 

camphor-bound CYP101 onto the surface in the 1-step protocol B. 

The two control experiments have demonstrated that adding camphor causes no 

displacement or dissociation of MUA or CYP101 on the surface.  Therefore, the blue-shift in the 

LSPR resulting from camphor binding to CYP101 is due to the spectral change in the CYP101  
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Figure 3.4 The LSPR shifts experiments following two different protocols. (A) 

Schematic illustration of protocol A. (B) Schematic illustration of protocol B. 

(C) Extinction spectra of functionalized Ag nanoparticles at each step 

following protocol A. Black solid line is the LSPR of MUA-Ag nanoparticles. 

Blue dotted line is the LSPR of the sample after exposure to camphor-free 

CYP101. Red dashed line is the LSPR of the sample after exposure to 

camphor. (D) Extinction spectra of functionalized Ag nanoparticles at each 

step following protocol B. Black solid line is the LSPR of MUA-Ag 

nanoparticles. Red dashed line is the LSPR of the sample after exposure to 

camphor-bound CYP101. All the spectra were measured in N2. 
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protein chromophore. 

 

3.4 Conclusions 

The tunability of the localized surface plasmon resonance has been successfully explored 

as a signal transduction mechanism for the detection of substrate binding. Indeed, this is the first 

demonstration that the binding of a small molecule (camphor) to a protein (CYP101(Fe3+)) can 

generate a LSPR spectral change. Amplified spectral response to substrate binding is achieved 

when the LSPR of the silver nanosensor is optimized to be close to the molecular resonance of 

the protein. This study demonstrates that strong coupling between the molecular resonance and 

the intrinsic LSPR of the nanoparticles results in an amplified LSPR shift that is modulated by 

substrate binding, providing further insight into possible uses of plasmon resonance 

spectroscopy. Application of this finding to the screening for inhibitors of human cytochrome 

P450s is under investigation based on these results. It is foreseeable that this discovery will 

provide guidance to the design and optimization of refractive index based sensing for biological 

targets with resonant chromophores. 
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Chapter Four 

Resonance Localized Surface Plasmon Spectroscopy: Sensing Substrate and Inhibitor 

Binding to Cytochrome P450 

 

 

 

 

 

 

 



 92
4.1 Introduction  

The interaction between the metal nanoparticles and optical chromophores has been 

widely used in a variety of applications, such as in molecular plasmonic devices,115,160,172 dye 

sensitized solar cells,105-107 and biosensing and imaging applications.53,103,141,173,174  The 

interaction between chromophore and metal nanoparticles (or thin films) is critical to the 

understanding of surface-enhanced spectroscopies, and improving the performance of 

chromophore/metal based devices. Recent progress has shown that localized surface plasmon 

resonance (LSPR) spectroscopy of metallic nanoparticles is a powerful tool to investigate the 

coupling between the chromophore’s molecular resonances and the plasmon resonance modes of 

the nanoparticles.73,103,113,115   

Localized surface plasmon resonance involves the collective oscillation of the conduction 

electrons in metallic nanostructures excited by electromagnetic radiation.2,4,7,8 The LSPR 

wavelength of a given nanostructure is extremely sensitive to the local dielectric environment, so 

a shift in this wavelength upon analyte binding can be used in refractive index sensors.33,35,175,176 

Indeed, during the past few years, many LSPR sensors have been developed for 

chemical/biological targets.26,32,35,56,138,177  Recently, LSPR sensors have been exploited for 

analytes with molecular resonances in the visible wavelength region.73,103,113   

Based on previous experimental and theoretical studies, strong coupling of molecular 

chromophore and plasmon resonances is expected when molecules are adsorbed on metal 

nanostructures.73,103,112,114,115  When chromophores adsorb on nanoparticles in monolayer 

concentrations, extinction from plasmon resonance excitation in the nanoparticle greatly exceeds 

that originating with the chromophore, although the interaction between the chromophore and 

plasmon is observable through the LSPR wavelength shift.  In addition, the LSPR wavelength 
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shift induced by resonant adsorbates is strongly dependent on plasmon wavelength. As a 

result, the LSPR shift is sensitive to small changes in the resonances of the chromophore that are 

induced by binding of an additional analyte,103 by chromophore dimerization73 etc. In particular, 

recent studies demonstrate that LSPR wavelength shifts can be used to detect the spectral 

changes caused by the electronic structure changes around the heme center in cytochrome P450 

proteins due to low molecular weight substrate binding.103  

Cytochrome P450s are ubiquitous heme iron monooxygenases which activate dioxygen 

for insertion into an unactivated C-H bond and play important roles in human drug metabolism 

and hormonal biosynthesis.166 Cytochrome P450s have interesting spectroscopic properties due 

to the unique molecular structure around the heme active site. The low spin six-coordinate P450 

resting state has cysteine and water as axial ligands. On binding a substrate such as camphor, the 

water ligand is displaced and the low spin is converted to high spin P450. On the other hand, on 

binding, N-donor or O-donor inhibitors, the water ligation is replaced by an N-donor or O-donor 

atom and the resting ferric P450 remains low spin.170,171,178,179 The spin state and the ligation 

around the iron center in P450 affect its spectroscopic properties.180,181  

These spectroscopic properties of P450 have been well characterized. The optical 

spectrum of oxidized CYP101 (a member of the P450 super family isolated from Psuedomonas 

Putida) is that of a low-spin ferric hemeprotein with Soret maximum at 417 nm (ε = 115,000 M-1 

cm-1), β-Q band at 535 nm (ε = 10, 600 M-1 cm-1) and a more intense α-Q band at 570 nm (ε = 

11,100 M-1 cm-1).31 Upon addition of substrate, which can displace the  coordinated water 

associated with heme-iron, the spin state of heme-iron changes from low-spin to high spin as 

monitored by the shift in the Soret band from 417 to 390 nm. There is a decrease in the intensity 

of the α-Q band at 570 nm relative to β-Q band at 535 nm and the appearance of a charge 
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transfer band at 645 nm. The addition of ligands with nitrogen or oxygen donor atoms causes 

the Soret band to red shift. In particular, addition of imidazole red shifts the Soret band to 425 

nm because imidazole is a π-donor to ferric porphyrins, donating electrons to the hole in the dxz, 

dyz orbitals of the iron in the ferric state. The imidazole bound CYP101 has the Soret peak at 425 

nm and the α-Q band at 578 nm and the β-Q band at 541 nm.170,178 The β-Q is more intense than 

the α-Q band and therefore the binding of substrate (such as camphor) and inhibitor (such as 

imidazole) to CYP101 can be spectrally distinguished.30 

In this work, we present the development of a LSPR sensor to detect substrate/inhibitor 

binding to cytochromes P450 and include a detailed study of the coupling between the Soret and 

Q bands of CYP101 to the LSPR wavelength of Ag nanoparticles and a comparison of the effect 

of substrate and inhibitor molecule binding to the immobilized CYP101. 

 

4.2 Experimental Methods 

4.2.1 Materials  

Silver shot was purchased from Alfa Aesar (#11357 1-3 mm diameter, Premion®, 

99.9999%). Tungsten vapor deposition boats were acquired from R.D. Mathis (Long Beach, CA). 

Polystyrene nanospheres with diameters of 280 ± 4 nm, 390 nm ± 19.5 nm, were received as a 

suspension in water (Interfacial Dynamics Corporation, Portland or Duke Scientific, Palo Alto, 

CA) and were used without further treatment. Fisherbrand No. 2 glass coverslips with 18 mm 

diameters and the buffer salts (KH2PO4.3H2O and KH2PO4) were obtained from Fisher Scientific 

(Pittsburgh, PA). (1R)-camphor, imidazole and 11-mercaptoundecanoic acid (11-MUA) were 

purchased from Sigma-Aldrich and used as received. For all steps of substrate preparation, water 

purified with cartridges from Millipore (Marlborough, MA) to a resistivity of 18.2 MΩ·cm-1 was 
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used. 1-ethyl-3-[3-dimethylaminopropyl]carbodiimide hydrochloride (EDC) was purchased 

from Pierce (Rockford, IL).  

4.2.2 Protein Expression and Purification 

Recombinant wild-type P450cam protein was expressed in Escherichia coli and  purified 

as reported182,183 and stored at −80°C at ~100 μM concentration in 50 mM potassium phosphate 

buffer containing 150 mM potassium chloride salt (pH 7.4), 200 μM camphor and 20 mM β-

mercaptoethanol. Concentrations of CYP101 were determined using extinction coefficients ε391 = 

102 mM−1·cm−1 (camphor-bound) or ε417 = 115 mM−1·cm−1 (substrate-free) in aqueous solution. 

The proteins were made substrate-free by passage through Superdex G-25 column. 

4.2.3 Glass Substrate Preparation 

 Glass substrates were cleaned in piranha solution (1:3 30% H202/H2SO4) for one hour at 

80°C. (Warning: Piranha reacts violently with organic compounds and should be handled with 

caution.) Samples were cooled to room temperature and were then rinsed profusely with 

deionized (18.2 MΩ·cm) water. Samples were then sonicated in 5:1:1 H2O/NH4OH/30% H2O2 

and thoroughly rinsed with water. The samples were stored in deionized (18.2 MΩ·cm) water 

prior to use.  

4.2.4 Nanoparticle Preparation 

 Nanosphere lithography (NSL)184 was used to create monodisperse, surface-confined Ag 

nanoparticles. Polystyrene nanospheres (~2.2 μL) were drop-coated onto the glass substrates and 

allowed to dry, forming a monolayer in a close-packed hexagonal formation, which served as a 

deposition mask. The samples were then transferred to the evaporation chamber. The pressure in 

the vacuum chamber was maintained below 1 × 10-5 Torr during the evaporation and a silver film 

was evaporated onto the slides. The deposition rate Ag was 1.0 ~ 1.5 Å/s. A Leybold Inficon 
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XTM/2 quartz crystal microbalance (East Syracuse, NY) was used to measure the thickness of 

the Ag film deposited over the nanosphere mask, dm. Following metal deposition, the samples 

were sonicated for 3-5 minutes in ethanol to the remove the polystyrene nanosphere mask. The 

perpendicular bisector of the nanoparticles was varied by changing the diameter of the 

nanospheres used. The height of the nanoparticles was varied by depositing varying amounts of 

Ag onto the sample. These two parameters were varied to alter the LSPR peak position 

throughout the visible region of the spectrum as previously described.184  

4.2.5 Nanoparticle Solvent Annealing and Functional Immobilization 

 For each experiment, the sample was stabilized and functionalized in a home built flow 

cell. Immediately following nanospheres removal, the samples were placed in 1 mM of 11-MUA 

ethanol solution for 24 ~ 48 h. This time was determined to produce the repeatable and 

approximately full monolayer coverage of 11-MUA. After incubation, the nanoparticle samples 

were rinsed thoroughly with neat ethanol and dried by flowing N2 gas through the sample cell. 

Samples were then activated using 10mM EDC and then they were incubated in 8 μM CYP101 

for 1 h. After incubation, the nanoparticle samples were rinsed with deionized (18.2 MΩ·cm) 

water and dried by flowing N2 gas through the sample cell. Finally, the samples were incubated 

in 200 μM camphor buffer solution or 1 mM imidazole buffer solution for 30 mins. After 

incubation, the nanoparticle samples were rinsed with deionized (18.2 MΩ·cm) water and dried 

by flowing N2 gas through the sample cell.  

4.2.6 Ultraviolet-Visible Spectroscopy 

 Macroscale UV-vis extinction measurements were collected using an Ocean Optics 

(Dunedin, FL) SD2000 fiber optically coupled spectrometer with a CCD detector and a Cary 300 

Bio UV-vis spectrophotometer. All spectra in this study are macroscopic measurements 



 97
performed in standard transmission geometry with unpolarized light. The extinction spectra of 

the same sample acquired from the two spectrometers were calibrated. . 

 

4.3 Results and Discussion 

4.3.1 Coupling between P450 resonances and LSPR 

The CYP101 UV-vis spectrum is shown in Figure 4.1.  The substrate free CYP101 has a 

Soret band at 417 nm with extinction coefficient ε = 115 mM·cm-1, a less intense α-Q band at 

569 nm with ε = 11.1 mM·cm-1 and β-Q band at 536 nm with ε = 10.6 mM·cm-1.  To study the 

coupling of P450 resonances with plasmon resonance of the nanoparticles, nanoparticles with 

LSPR through 400 ~ 700 nm were fabricated by nanosphere lithography (NSL) by varying the 

nanosphere diameter and deposited metal thickness.32,35,36,138 The nanoparticles were then 

functionalized with a self-assembled monolayer (SAM) of 11-mercaptoundecanoic acid (11-

MUA). With the aid of 1-Ethyl-3-[3-dimethy-aminopropyl] carbodiimide hydrochloride, the 

amine functional groups on the surface exposed arginine/lysine residues in cytochrome P450cam 

were covalently bound to the carboxyl terminated groups on 11-MUA.35  The LSPR of the 

samples during each experimental step was monitored using UV-vis extinction spectroscopy in a 

N2 environment.   

Figures 4.2A-D shows the representative spectra of MUA-functionalized nanoparticles 

and after CYP101 adsorption. Adsorption of CYP101 causes a red-shift in the LSPR of the 

nanoparticles. Previous work has demonstrated that the LSPR response of nanoparticles to 

resonant adsorbates is wavelength-dependent73,103,113 Hence, a series of nanoparticles with 

different LSPR were fabricated with NSL and their response to binding CYP101 was explored.  
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Figure 4.1 UV-vis absorption spectrum of CYP101 

(green solid line), imidazole-bound CYP101 (red 

dotted line) and camphor-bound CYP101 (blue dashed 

line).   



 99
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 

Figure 4.2 Influence of CYP101 on the LSPR shift of 11-MUA SAM functionalized Ag 

nanoparticles and representative LSPR spectra. (A-D) LSPR spectra of Ag nanoparticles 

(associated with points A-D in Figure E) before (black line) and after CYP101 binding (red 

dotted line). Labeled are the LSPR peak positions of the spectra. (E) Wavelength-dependent 

LSPR shift induced by CYP101 vs. the LSPR wavelength of 11-MUA SAM functionalized 

Ag nanoparticles.  Solid black line with filled dots is a plot of the LSPR shift (nm) vs. LSPR 

position of 11-MUA Ag nanoparticles. The green solid line is the absorption spectrum of 

the CYP101 (arbitrary scaling).  
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The LSPR shift induced by CYP101 versus LSPR of MUA-functionalized nanoparticles 

(λmax,SAM) is plotted in Figure 4.2E.  When λmax,SAM is displaced from the heme CYP101 

resonance wavelengths (> 590 nm), a average LSPR shift of ~ 11 nm is observed when CYP101 

binds to the nanoparticles. When λmax,SAM overlaps with the Soret band of CYP101 at 417 nm, a 

small LSPR shift of 12.6 nm was observed (spectra shown in Figure 4.2A), which is consistent 

with the previous studies73,103,113. When λmax,SAM is slightly to the red of the Soret band, an 

amplified LSPR shift as large as 66 nm was obtained (spectra shown in Figure 4.2B).  The LSPR 

shift is amplified by 6 times compared to the average LSPR shift at off resonance wavelength. 

When λmax,SAM is shifted to the red of the Soret band, the LSPR shift gradually decreases to ~ 20 

nm.   

An interesting phenomenon was observed that when λmax,SAM is close to the β-Q band of 

CYP101, the LSPR shift increases dramatically to 55 nm (spectra shown in Figure 4.2C). This 

behavior indicates that there is strong coupling between the β-Q band and LSPR excitation.  Note 

that although the absorption coefficient of the β-Q band is 10 times smaller than that of the Soret 

band, the magnitude of the shift from the coupling between the β-Q band and LSPR is 

comparable to the shift induced by Soret band coupling.  This is partly due to the wavelength 

dependence of the LSPR field enhancement, which even for nonresonant adsorbates leads to a 

linear increase in wavelength shift with plasmon resonance wavelength. For example, when a 

monolayer of benzenethiol molecules adsorb on Ag nanoparticles with different plasmon 

resonance wavelength, it leads to a ~ 35 nm shift when the nanoparticles’ LSPR is at 475 nm and 

a ~ 50 nm LSPR shift at 725 nm.73 However, when λmax,SAM is further red-shifted to the α-Q band 

of CYP101, the LSPR shift is ~ 10 nm, close to the average LSPR shift at off-resonance 

wavelengths.  This behavior suggests that the α-Q band is weaker relative to β-Q when CYP101 
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is adsorbed on the surface than in solution.  The ratio of α-Q/β-Q intensities is known to vary 

from one protein to another due to strong sensitivity of this ratio (which is determined by 

vibronic interactions) to small variations in the heme group excited state properties.185,186  

4.3.2 P450 LSPR Sensor Response to Low Molecular Weight Substrate and Inhibitor 

The cytochrome P450 CYP3 enzyme family plays central role in drug metabolism. In 

particular, CYP3A4 is responsible for the metabolism of more than 50% of currently marketed 

drugs and is considered central focus of clinically manifested drug-drug interactions.168 The 

binding of inhibitory drugs such as the antifungal drugs fluconazole, itraconazole, micafungin, 

miconazole, and voriconazole to cytochrome P450s in humans can dramatically modulate the 

activity of other therapeutics. The development of an ultrasensitive, label free detection method 

such as LSPR for detection of binding of the drug molecules to cytochrome P450s could have a 

significant impact on drug discovery research.166,187  

Previous studies have shown that LSPR is sensitive to the electronic structure change in 

the adsorbed species.73,103  When different drug molecules interact with P450 proteins, they 

induce a change in the absorption spectrum of P450. The wavelength of the Soret and Q bands of 

cytochrome P450s are determined by the ligand coordination of heme-iron.  Figure 4.1 shows the 

UV-vis spectra of substrate-free CYP101 (green solid line), camphor-bound CYP101 (blue 

dashed line) and imidazole-bound CYP101 (red dotted line).  From Figure 4.1, when the 

substrate molecule camphor binds to CYP101, it replaces the coordinated water and shifts the 

spin state of heme-iron to high spin.  This binding induces the Soret band to shift to from 417 nm 

to 391 nm.  When an inhibitor molecule with N-donor atoms such as imidazole (MW = 64.08 

g/mol), binds to CYP101, there is electron donation from imidazole to heme-iron which induces 

a red shift in the Soret band from 417 nm to 425 nm.170,178,180,181,188, The LSPR wavelength is 
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extremely sensitive to the electronic resonances of the adsorbates; therefore, one should be 

able to detect the above binding events by fabrication of LSPR sensors at appropriate 

wavelengths.   

The LSPR sensing scheme is illustrated in Figure 4.3A. After P450 is immobilized on the 

nanoparticle surface, camphor/imidazole is further exposed to the protein.  Figure 4.3C-D shows 

the spectra before and after camphor or imidazole binds to CYP101, respectively.  When 

camphor binds to CYP101, it induces a blue shift in the LSPR; while when imidazole binds to 

CYP101, it induces a red shift in the LSPR.  The blue/red LSPR shift response is consistent with 

the blue/red electronic resonance shifts induced by the binding of camphor/imidazole.   

Since the LSPR response to resonant analyte is wavelength-dependent, samples with 

different LSPR wavelengths were tested.  The LSPR response of the CYP101 receptor to 

camphor (blue squares) and imidazole (red dots) versus λmax,SAM is summarized in Figure 4.3B.  

At wavelengths away from the Soret band resonance (λmax,SAM > 460 nm) , camphor induces an 

average blue shift of ~6 nm.  However when λmax,SAM is slightly red of the P450 resonance, a blue 

shift as large as 34 nm (a factor of 5 amplification over the nonresonant result) is observed.  As 

for imidazole, away from the Soret band resonance (λmax,SAM > 460 nm), an average red shift of 

4.7 nm is induced.  However when λmax,SAM is close to the P450 optical resonance, a 3X 

amplified LSPR shift of 14.5 nm is observed.  Note that no significant shift on binding camphor 

or imidazole is observed at the Q-band wavelengths. This is consistent with the small wavelength 

changes seen in Fig. 1 for the Q-bands associated with camphor or imidazole binding. 

The amplitude of the LSPR shift amplification is larger for camphor binding (5X) than 

for imidazole binding (3X). This can be described by analyzing the coupling of molecular  
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Figure 4.3 (A) Schematic illustration of small molecule binding to CYP101 

receptors on 11-MUA functionalized Ag nanoparticles. Inset shows the 

molecular structure of camphor and imidazole.  (B) The wavelength-dependent 

LSPR shift induced by imidazole (red line with red dots) and camphor (blue line 

with squares). (C) Representative LSPR spectra of nanoparticles with CYP101 

before (a, pink dashed line) and after (b, green dotted line) camphor binding. (D) 

Representative LSPR spectra of nanoparticles with CYP101 before (a, pink 

dashed line) and after (b, green dotted line) imidazole binding.     
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resonances with LSPR. When camphor binds to CYP101, the Soret band is blue-shifted by 

27 nm (from 417 to 390 nm). Nanoparticles with LSPR wavelengths slightly red of the CYP101 

resonance are strongly coupled to the Soret band of substrate free CYP101 where a large LSPR 

shift is expected upon protein binding to the nanoparticle. However, the same nanoparticles (with 

the absorption slightly red of the CYP101 417 nm resonance) do not couple strongly to camphor-

bound CYP101 resonance at 390 nm where a relatively small LSPR shift is expected on binding 

camphor bound protein to the nanoparticle. Therefore, the net LSPR shift induced by camphor-

bound CYP101 is much smaller than the LSPR shift caused by camphor-free CYP101. Thus, a 

large blue shift in the LSPR is observed at the CYP101 resonance wavelength when camphor 

binds to CYP101. 

When imidazole binds to CYP101 there is an 8 nm red shift (from 417 to 425 nm) in its 

Soret band.  The magnitude of the shift is much smaller than that for camphor, which means the 

electronic resonances of CYP101 and imidazole-bound CYP101 are closer. When nanoparticles 

couple strongly to imidazole-bound P450, they also couple strongly to free CYP101. Therefore, 

the difference between the LSPR shift induced by imidazole-bound CYP101 and free CYP101 is 

relatively small and only a relatively small red-shift is observed for imidazole binding.   

 

4.4. Conclusions 

The shifts in localized surface plasmon resonance wavelengths due to substrate binding 

have been demonstrated as a platform for signal transduction and the detection of low molecular 

weight molecule binding to cytochrome P450 proteins.  The substrate free CYP101 shows an 

amplified LSPR shift from coupling of the Soret and Q bands of P450 with the LSPR.  Amplified 

spectral response to substrate/inhibitor binding is achieved when the LSPR of the silver 
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nanosensor is optimized to be close to the Soret-band of the protein.  The different binding 

mechanisms of substrate/inhibitor result in different spectral shifts, with camphor shifting blue 

and imidazole shifting red.  The shift direction and magnitude is consistent with P450 spectral 

shift direction and magnitude.   

This study demonstrates that the coupling between the molecular resonance and the 

intrinsic LSPR of the nanoparticles is determined by the orientation of the transition moment of 

the electronic resonance, providing further insight into possible uses of plasmon resonance 

spectroscopy.  In addition, the extreme sensitivity of LSPR wavelength to adsorbate electronic 

transitions makes it possible to use this technique to detect low molecular weight adsorbates in 

relatively low coverage.  Application of this finding to the screening for inhibitors of human 

cytochrome P450s is under investigation based on these results.  This discovery will provide 

guidance to the design of plasmonic switches that can be turned on/off by small molecule 

binding events.   
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Chapter Five 

Wavelength-Scanned Surface-Enhanced Resonance Raman Excitation Spectroscopy of 
Tris(bipyridine)ruthenium(II) on Ag Nanoparticles 
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5.1 Introduction  

The localized surface plasmon resonance (LSPR) is one of the characteristic optical 

properties of noble metal nanostructures.  It arises when light induces a collective oscillation in 

the conduction electrons.5,6,10 The LSPR intensity, linewidth and wavelength are determined by 

the composition, size, and shape of the nanoparticles as well as being extremely sensitive to the 

surrounding dielectric medium.9,12,60,189-194  A variety of chemical/biological sensors have been 

developed based on LSPR.32,35,138,147,173,176,195  Recent investigations showed that the when 

resonant molecules adsorb on nanoparticles, the strong coupling between the dye molecular 

resonance and LSPR leads to a LSPR wavelength shift that is dependent on the spectral overlap 

between the plasmon resonance of nanoparticles and the molecular resonance of the adsorbed 

species.73,103,113-116  In particular, a very small LSPR shift is observed when the LSPR directly 

overlaps with the molecular resonance wavelength, and an amplified LSPR shift is observed 

when the LSPR is slightly to the red of the molecular resonance. By analyzing the wavelength-

dependent LSPR wavelength shifts, one can study the electronic resonances of molecules that are 

adsorbed on a metallic surface under conditions where absorption by the molecules is too weak 

to be observed.73  

When excited at the plasmon resonance wavelength of the noble metal nanostructures, 

significantly enhanced electromagnetic fields arise at the noble metal surface, and this is 

responsible for the major enhancement (the electromagnetic mechanism (EM)) in surface-

enhanced Raman spectroscopy (SERS).3,4,81,86 SERS and its mechanisms have been extensively 

studied by experiments and theories for the past 30 years.61,62,64,145,162,196-200 For nanoparticles of 

the appropriate shape and size, the EM can give rise to enhancement factors up to 108.29,143,201 On 

the other hand, when excited at the analyte’s electronic resonance frequency, the Raman 
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scattering intensity is enhanced by 10-100 comparing to off-resonance excitation, commonly 

referred to as resonance Raman enhancement.143,144,202  Under certain conditions, the contribution 

from the EM and resonance Raman mechanisms can be combined, leading to surface enhanced 

resonant Raman (SERR) detection at single molecule level, where EM and resonant 

enhancement factors of 1010-11 and 104 are achieved, respectively.65,203-212  

The LSPR extinction and the frequency dependence of SERS intensity are closely related 

to each other.  To study the correlation between the LSPR of nanoparticles and the SERS 

excitation profile, McFarland et. al. performed wavelength-scanned surface-enhanced Raman 

excitation spectroscopy (WS-SERES) studies of a monolayer of benzenethiol on Ag 

nanoparticles with varying LSPR.29  WS-SERES profiles were taken at different wavelengths 

throughout the visible region of the electromagnetic spectrum.  The experiments revealed that the 

maximum SERS enhancement factor occurred at excitation wavelengths that are higher in energy 

than the spectral location of the LSPR extinction maximum by ½ of the Raman Stokes shift of 

that band.  This observation agrees with the SERS wavelength dependence predicted by the 

electromagnetic mechanism. 

For resonant molecules, the SERS signal intensity is not only determined by EM 

enhancement from the nanoparticles, but is also affected by the molecular absorption.  In this 

work, we explore the relationship between the SER excitation profile, LSPR of the nanoparticles 

and molecular resonance.  Tris-(2,2'-bipyridine)-ruthenium(II) (Ru(bpy)3
2+) is chosen as the 

surface-enhanced resonance Raman spectroscopy (SERRS) probe molecule.  Ru(bpy)3
2+ and its 

derivatives have been widely applied to a variety of molecular devices due to its a key role in the 

development of photochemistry,213-215 electrochemistry,216,217 photoelectrochemistry,218,219 

chemi- and electrochemi-luminescence.220-226  The Ru(bpy)3
2+ absorption spectrum has a major 
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ground state transition at 452 nm and a shoulder at 425 nm from a metal to ligand charge 

transfer transition227,228.  It fluoresces at wavelengths greater than ~ 500 nm which does not 

strongly interfere with its resonant Stokes Raman spectrum.  SER(R)S activity of (Ru(bpy)3
2+) 

has been intensively studied over the past two decades, and its vibrational modes are clearly 

assigned.216,229-232 When excited on and off resonance, Ru(bpy)3
2+ has very different SERS and 

SERRS spectra that makes it easy to distinguish the resonance effect in SERS. 

The work presented in this paper addresses two goals: (1) to present a more complete 

data set for the system of resonant molecules adsorbed on a nanostructured surface with tunable 

surface plasmon resonances; (2) to understand the relationship between laser excitation, 

molecular resonance, LSPR and SERS intensity. Three necessary experiments for these studies 

include: (1) Measurement of the surface coverage of Ru(bpy)3
2+ on Ag nanoparticles to ensure it 

is one monolayer or less, so that the SERS measurements are performed only on molecules that 

are directly adsorbed to the surface. (2) Study the LSPR wavelength shift of Ag nanoparticles 

induced by a monolayer of Ru(bpy)3
2+ to determine how the two electronic transitions of 

Ru(bpy)3
2+ couple to the LSPR. (3) Measure the wavelength-scanned SERRS excitation profile 

of Ru(bpy)3
2+ on the Ag nanoparticles while monitoring the correlated LSPR of the sample.  This 

experiment reveals how LSPR and excitation wavelength influence SERRS intensity.  In 

addition, theoretical studies using a quasi-static electrodynamics model are performed to study 

LSPR wavelength shift caused by a layer of Ru(bpy)3
2+and to predict how the EM enhancement 

together with the resonance enhancement lead to the experimental SERRS excitation profile. 

 

5.2 Experimental Methods 

5.2.1 Materials  
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Silver shot was purchased from Alfa Aesar (#11357 1-3mm diameter, Premion®, 

99.9999%). Tungsten vapor deposition boats were acquired from R.D. Mathis (Long Beach, CA). 

Polystyrene nanospheres with diameters of 280 ± 4 nm and 390 nm ± 19.5 nm were received as a 

suspension in water (Interfacial Dynamics Corporation, Portland or Duke Scientific, Palo Alto, 

CA) and were used without further treatment. Fisherbrand No. 2 glass coverslips with 18 mm 

diameters were obtained from Fisher Scientific (Pittsburgh, PA). For all steps of substrate 

preparation, deionized water was purified with cartridges from Millipore (Marlborough, MA) to 

a resistivity of 18.2 MΩ·cm. All the chemicals used were of reagent grade or better. Tetra-n-

butylammonium hexafluorophosphate (TBAH) (Aldrich Chemical Co., Milwaukee, WI), and 

acetonitrile (Fisher Scientific, Fairlawn, VA) were used as purchased. Ru(bpy)3(PF6)2 was 

prepared by using literature procedures.233 The chemical structure and a electronic absorption 

spectrum of Ru(bpy)3
2+ is given in Figure 5.1. 

5.2.2 Nanoparticle Sample Preparation 

Glass substrates were cleaned in piranha solution (1:3 30% H202/H2SO4) for one hour at 

80°C. (Warning: Piranha reacts violently with organic compounds and should be handled with 

caution.) Samples were cooled to room temperature and were then rinsed profusely with 

deionized water. Samples were then sonicated in 5:1:1 H2O/NH4OH/30% H2O2 and thoroughly 

rinsed with water. The samples were stored in deionized water prior to use. Nanosphere 

lithography (NSL) was used to create monodisperse, surface-confined Ag nanoparticles. 

Polystyrene nanospheres (~2.2 μL) were drop-coated onto the glass substrates and allowed to 

dry, forming a monolayer in a close-packed hexagonal formation, which served as a deposition 

mask. The samples were then transferred to the evaporation chamber. The pressure in the  
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Figure 5.1. The structure (left) and absorption spectrum of Ru(bpy)3

2+ 

(right). The absorption spectrum is 0.01 mM Ru(bpy)3(PF6)2 in 0.1 M 

TBAH acetonitrile solution. 
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vacuum chamber was maintained below 1 × 10-5 Torr during the evaporation. A silver film 

was evaporated on the slides. The deposition rate Ag was 1.0 ~ 1.5 Å/s. A Leybold Inficon 

XTM/2 quartz crystal microbalance (East Syracuse, NY) was used to measure the thickness of 

the Ag film deposited over the nanosphere mask, dm. Following metal deposition, the samples 

were sonicated for 3-5 minutes in ethanol to the remove the polystyrene nanosphere mask. The 

height of the nanoparticles was varied by depositing varying amounts of Ag onto the sample.  

5.2.3 Electrochemistry of Ru(bpy)3
2+ coverage on Ag electrode 

The homemade silver electrodes were masked with Torr-Seal from Varian, Inc. to expose 

an area of ~ 0.2 cm2.  Prior to use, surfaces were polished with 0.3 and 0.05 µm alumina 

successively (Buehler Ltd., Lake Bluff, IL) and sonicated in MQ water.  A Ag wire was used as 

the quasi reference electrode, typically used in nonaqueous media.  The BAS 100B/W 

electrochemical workstation was purchased from Bioanalytical Systems, Inc. (West Lafayette, 

IN). Solutions were deoxygenated with nitrogen for a minimum of 2 min prior to electrochemical 

experiments.  A blanket of nitrogen, which was presaturated with solvent by passing it through a 

solvent saturator, was maintained in the electrochemical cell by continuous purging.  The silver 

electrodes were incubated in 1.0 mM Ru(bpy)3
2+ in acetonitrile for 10-60 min.  Double potential 

step chronocoulometry measurements (DPSCC)234 of the surface coverage of Ru(bpy)3
2+ were 

made in 0.1 M TBAH in acetonitrile on those Ag electrodes by the application of a potential step 

wave form.  The starting potential for the chronocoulometry measurement was -0.8 V.  A 

potential step to -2 V past the 3e- reduction of Ru(bpy)3
2+ for 250 ms duration was applied.  The 

data were analyzed using Anson plots of the charge Qf versus t1/2 for the forward step.   

5.2.4 LSPR shift induced by Ru(bpy)3
2+ on Ag nanoparticles   
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Macro-scale UV-vis extinction measurements were collected using an Ocean Optics 

(Dunedin, FL) SD2000 fiber optically coupled spectrometer with a CCD detector. All spectra in 

this study are performed in standard transmission geometry with unpolarized light. Nanoparticles 

with various LSPR wavelengths were fabricated with NSL by varying the size of the 

nanospheres and the deposited metal thickness.  The nanoparticles were solvent-annealed with 

methanol for 10-20 mins before exposed to Ru(bpy)3
2+. The nanoparticles were then incubated in 

1 mM Ru(bpy)3
2+ ethanol solution for 30 mins, then rinsed by excessive neat ethanol and dried in 

N2.  After introducing Ru(bpy)3
2+

, the LSPR of the nanoparticle red shifts by different amount 

depending on the LSPR of the bare nanoparticles.   

5.2.5 SERS excitation profile of Ru(bpy)3
2+ on Ag nanoparticles   

In order to perform correlated LSPR wavelength shift spectroscopy and WS-SERRES, it 

was necessary to perform LSPR micro-extinction on the inverted microscope such that the 

excitation profile was measured from the same spot on the sample due to sample heterogeneity.  

As such, the LSPR of the Ag nanoparticles before and after exposure to Ru(bpy)3
2+ was 

measured with the micro-extinction setup without moving the sample. In-situ measurement of 

the LSPR spectrum was achieved by illuminating the sample with the microscope lamp and 

analyzing the transmitted light with a fiber-optically coupled miniature spectrometer (model 

SD2000, Ocean Optics, Dunedin, FL). SERR spectra of Ru(bpy)3
2+ from the same spot were 

measured at different excitation wavelengths. Figure 5.2 shows a schematic of the 

instrumentation used for the WS-SERRES experiments. All optical measurements were 

performed using a Nikon Eclipse TE300 inverted microscope (Fryer Co., Huntley, IL) equipped 

with a 20X objective (XLWD, NA 0.5, plan fluor). Substrates were mounted on a piezoelectric  
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Figure 5.2. Schematic diagram of the WS SERES apparatus. 
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stage (model P-517.3CD, Polytech PI, Auburn, MA) to allow for sample positioning and 

raster- scanning during spectral acquisition. The light scattered by the samples was analyzed with 

a TriplePro three-stage spectrograph equipped with a liquid nitrogen-cooled, deep-depletion 

Spec-10:400BR CCD detector (Princeton Instruments, Trenton, NJ). The deep-depletion CCD 

detector was not necessary for this experiment, but since this apparatus is also used for near 

infrared SERS, it was chosen to prevent etaloning at those wavelengths.  A color video camera 

was also attached to the front port of the microscope to facilitate laser alignment and positioning 

of the samples. Laser excitation was provided by a Spectra-Physics (Mountain View, CA) 

Milennia Xs (λex = 532 nm) pumping a Spectra-Physics Tsunami with a GWU harmonic 

generator (λex = 700-1000 nm, 350-500nm). The laser light from the tunable laser system was 

filtered using Pellin-Broca prisms to ensure monochromatic illumination of the sample. 

Furthermore, the SERRS intensity was normalized to the normal Raman scattering of 

cyclohexane following the procedure of McFarland et al29 to correct for the instrument 

throughput, the detector quantum efficiency and the inherent ν4 dependence on the Raman 

scattering cross-section.  It is worthwhile to note that all illumination powers reported in this 

work were the laser powers incident on the microscope beam splitter, not the power incident on 

the sample. On the basis of experimental measurements, approximately 5-10% of the reported 

power is incident on the sample. 

 

5.3 Results and Discussion 

5.3.1 Electrochemistry of Ru(bpy)3
2+ coverage on Ag electrode 

Figure 5.3A shows a cyclic voltammogram which results when a silver electrode is 

placed in a solution containing 1.0 mM Ru(bpy)3
2+ and 0.10 M TBAH in acetonitrile.  
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Ru(bpy)3

2+ has three continuous one-electron reduction peaks on Ag electrodes.  Good 

reversible behavior was observed for all three reductions.  The reduction of Ru(bpy)3
2+ to 

Ru(bpy)3
+ occurs at about -1.3 V vs. Ag quasi reference electrode.  The concentration of an 

electroactive species adsorbed on an electrode surface can be determined by DPSCC and Anson 

plots. 234-236 An example of the DPSCC data and Anson plots for the adsorption of Ru(bpy)3
2+ on 

smooth Ag electrode is shown in Figure 5.3B and 5.3C. We determined that 0.20×1014  

molecules/cm2 were adsorbed on the smooth Ag electrode from 0.1 mM Ru(bpy)3(PF6)2 and 0.1 

M TBAH acetonitrile solution.  Given the radius of Ru(bpy)3
2+ of 0.7 nm,237 the measured 

surface concentration translates to 0.3 monolayer of adsorbed Ru(bpy)3
2+.  As the incubation 

time increase from 5 to 140 min, the surface coverage of Ru(bpy)3
2+ adsorbate level off at 

~0.94×1014 molecules/cm2 (Figure 5.3D).  The error bars represent the standard deviation of at 

least three replicated DPSCC measurements, which may be mainly caused by various electrode 

surface area and roughness.  From this measurement, we determined that a incubation for 30 min 

yields a monolayer coverage of Ru(bpy)3
2+ on Ag surface (~ 0.65×1014 molecules/cm2); 

therefore, this incubation time was used in the following experiments.   

5.3.2 LSPR shift induced by Ru(bpy)3
2+ on Ag nanoparticles   

Previous studies demonstrate that the shift in the LSPR of nanoparticles induced by 

resonant adsorbates is highly dependent upon the spectral overlap between the LSPR and 

molecular resonance. To explore the effect of a monolayer of Ru(bpy)3
2+ on the LSPR of Ag 

nanoparticles, nanoparticles with varying LSPR were fabricated with NSL and then incubated in 

1 mM Ru(bpy)3
2+ solution for 30 mins, followed by thoroughly rinsing. Figure 5.4 shows the plot 

of the LSPR shift induced by Ru(bpy)3
2+ versus the LSPR position of bare Ag nanoparticles.   
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Figure 5.3. (A) Cyclic voltammogram of 0.10 mM Ru(bpy)3
2+ in acetonitrile at a silver 

electrode with 0.10 M TBAH as the supporting electrolyte.  The scan begins at 0 mV 

and first moves in the negative direction at 100 mV/sec.  The three electron reductions 

of Ru(bpy)3
2+ occur at -1347, -1539, and -1769 mV.  (B) A representative double 

potential step chronocoulogram in acetonitrile at the silver electrode with 0.10 M TBAH 

as the supporting electrolyte.  Prior to the measurement, the electrode was incubated in 

0.10 mM Ru(bpy)3
2+ solution for 5min.  Starting potential:-800 mV. Ending potential:-

2000mV.  Step width: 250 ms.  (C) Anson plots of Qf vs t1/2 (forward) and Qr vs θ 

(reverse) for (B).  (D) The plot of Ru(bpy)3
2+ adsorbate coverage vs incubation time.  As 

the incubation time is increased from 5 to 140 min, the surface concentration increases 

from 0.20×1014 to 0.94×1014 molecules/cm2. 
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When λmax is blue of Ru(bpy)3

2+  resonance, the LSPR shift is ~ 20 nm.  When λmax is 

close to the Ru(bpy)3
2+  resonance at 452 nm, the LSPR is very small as 5 nm.  As λmax is tuned 

to be slightly red of Ru(bpy)3
2+  resonance at 453 nm, an amplified LSPR response of 50 nm was 

observed.  Then the LSPR gradually decreased to 15 nm as λmax is located further to red of the 

Ru(bpy)3
2+  resonance.  The sharp transition of the LSPR shift from 5 nm to 50 nm within 10 nm 

of the molecular resonance was observed for a series of resonant molecules.  The two transitions 

are polarized differently, therefore only the transition porlarized perpendicular to the 

nanoparticle surface is strongly coupled with the LSPR.  This phenomenon has been observed 

for nanoparticles covered with a molecular layer of Fe(bpy)3
2+.113  In addition, theoretical 

predictions for an ellipsoidal particle coated with a layer of resonant molecules showed that the 

coupling between the plasmon resonance and molecular resonance depend on the orientation of 

the molecules on the surface.112  

5.3.3. Kramers-Kronig Transformation and Refractive Index of Ru(bpy)3
2+ 

The LSPR shift is dependent on the refractive index of the surrounding medium of the 

nanoparticle. For non-resonant adsorbates, the LSPR wavelength shift ( maxλΔ ) can be estimated 

from the following empirical equation:138,147,148,238 

d

2

-2d
l

max ads Nm(n -n )(1-e )λΔ =                      (5.1) 

where m is the refractive index sensitivity of the nanoparticles (~200 nm/RIU),36,147 nads is the 

real part of the refractive index of the adsorbate, 
2Nn is the refractive index of the N2 

surroundings (1.0), d is the molecular thickness (1.5 nm for Ru(bpy)3
2+), and ld is the 

characteristic electromagnetic field decay length of the nanoparticles (approximately 6 nm).147  
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Figure 5.4. Effect of a monolayer of Ru(bpy)3
2+ on the LSPR shift of 

Ag nanoparticles. (A) Wavelength-dependent LSPR shift induced by a 

monolayer of Ru(bpy)3
2+ vs. the LSPR wavelength of bare Ag 

nanoparticles.  Black line with filled dots is a plot of the LSPR shift 

(nm) vs. LSPR position of Ag nanoparticles. The orange line is the 

absorption spectrum of Ru(bpy)3
2+ (arbitrary scaling). (B) Predicted 

LSPR shift (red line) using Eq. 1 and 2 and experimental LSPR shift 

(the solid black line with filled dots). 
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For resonant adsorbates, it has been demonstrated that maxλΔ near molecular resonance can be 

estimated from the real part of the refractive index using a Kramers-Kronig transformation113,149 

and Eq 5.1. Using the same treatment as in the previous studies, nads is expressed as the sum of 

the nonresonant part of the refractive index (nnon,ads) and the resonant contribution (Δnres,ads).  

From Eq. 5.1, the refractive index of the adsorbate layer can be estimated.  Since the average 

Δλmax at off-molecular resonance wavelengths is 10 nm, the nnon,ads of Ru(bpy)2
3+ is calculated to 

be ~ 1.1.  

Using a Kramers-Kronig transformation, Δnres,ads of Ru(bpy)2
3+ was transformed from its 

 solution absorption spectrum (Figure 5.1) using the following equation:10,149 

res,ads 2 20

c ( ')n ( )= d '
( ')

α ωω ω
π ω ω

∞ Δ
Δ

−∫            (5.2) 

where αΔ  is the change in the absorption coefficient ( 2.303*A( )/Tλ  in which A( )λ  is 

the molecular absorbance at a given wavelength and T is the effective molecular thickness), c is 

the speed of light, λ  is the wavelength of light, and ω  is the angular frequency ( 2 c/π λ ).  The 

Kramers-Kronig transformation expresses the real part of the refractive indices as an integral of 

the absorption coefficients.  From the LSPR shift measurements, only the electronic transition of 

Ru(bpy)3
2+ at 452 nm couples strongly to the LSPR. To get the dielectric constant corresponding 

to electronic transition of Ru(bpy)3
2+ at 452 nm, the absorption spectrum was deconvoluted with 

two Gaussian curves at 452 nm and 425 nm. Kramers-Kronig transformation was performed with 

the 452 nm Gaussian curve (Figure 5.5). Notice that the integral in this formula has a singularity, 

which was treated numerically by excluding the singular point in the integral.  And in the 

Kramers-Kronig transformation, the integration is from 0 to infinite frequency where in the  
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Figure 5.5 Deconvolution of the 

absorption band of Ru(bpy)3
2+  into two 

Gaussian curves at 452 and 425 nm 

(dashed lines).  
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experiments, only information of certain frequency ranges is available. In addition, 

Ru(bpy)2
3+ has strong electronic resonances in the UV which will contribute significantly to its 

dielectric constants but are neglected in the current application. This treatment will lead to some 

uncertainty in the absolute value of the refractive indices. 

5.3.4 Theoretical modeling of LSPR shift 

The LSPR wavelength shifts induced by a monolayer of resonant molecules were simulated by 

electrodynamics theory both numerically by the discrete dipole approximation (DDA) and 

analytically in the quasistatic limit.73,113 These methods calculate the extinction of a bare 

nanoparticle and a nanoparticle with a layer of resonant molecules to get the λmax shift.  Results 

from both numerical and analytical methods agree well with the experimental data. Since the 

DDA method is computationally extensive, the quasistatic method is applied in this work.  

Briefly, in the quasistatic limit, the extinction cross section of a metallic spheroid is proportional 

to the imaginary part of its polarizability.   

For a prolate spheroid oriented along the z direction (
2 2 2

2 2 1x y z
a b
+

+ = , a<b), parallel to 

the direction of the applied electric field, in the quasistatic limit where the dimension of a 

spheroid is much smaller than the incident wavelength,  the parallel component of the 

polarizability of the spheroid is10,72,239  

3 0

1 0

1
3 ( )

i o

i o

f
Q

ξ ε εα
ξ ε χε

⎧ ⎫−
= ⎨ ⎬+⎩ ⎭

            (5.3) 

where ε0 is the dielectric constant of the medium outside the spheroid (N2 in this work),  εi is the 

dielectric function of the spheroid (Ag in this work), and f is the focus of the spheroid given by: 

2 2 1/ 2( )f b a= −    (5.4) 
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 0ξ  is the value of ξ at the spheroid surface where: 

0 2

2

1

1 a
b

ξ =

−

     (5.5) 

Q1 is a Legendre function of the second kind where: 

0 0
1 0

0

1( ) ln( ) 1
2 1

Q ξ ξξ
ξ

−
= −

+
   (5.6) 

and the function χ is given by:  

2
0 1 0

11
( 1) ( )Q

χ
ξ ξ

= − +
−

   (5.7) 

The extinction crossection (Cext) of a spheroid is proportional to the imaginary part of its 

porlarizability:  

( )1 1Im Im i o
ext

i o

C ε εα
λ λ ε χε
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   (5.8) 

For a spheroid coated with a layer, the parallel component of its polarizability becomes72  
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where εl is the dielectric constant of the layer (Ru(bpy)3
2+ for this work), 0ξ  and 1ξ are the value 

of ξ at the inner and outer surface of the layered spheroid using spheroid coordinates. G is a 
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correction factor that comes from solving the LaPlace equation for the layered spheriod. The 

extinction cross section becomes: 

0 1

1 0 1 1

1 Im ( 1)
( ) ( )

i l
ext

i l

C G G
Q Q

ξ ε ε ξ
λ ξ ε χε ξ

⎧ ⎫−
∝ − −⎨ ⎬+⎩ ⎭

      (5.11) 

To correct the static result for radiation damping and depolarization, we used the approach 

developed by Meier et.al.240 for spheres and generalized by Zeman et. al. for spheroids.241  

3 2 12(1 / )
3

D ik k bα α −= − −                     (5.12) 

where 1/ 2
0 /k cε ω= . Let 0

i o

i o

ε εγ
ε χε

−
=

+
 for the bare spheroid and 1

i l

i l

ε εγ
ε χε

−
=

+
for the layered 

spheroid. The incorporation of Eq. 5.12 is accomplished by replacing 0γ  and 1γ by 0Dγ  and 

1Dγ wherever it appears. Using Eq 5.8 and 5.11, we calculate the extinction of a bare Ag 

spheroid and that coated with a layer of Ru(bpy)3
2+ in N2.  

In the experiments, the NSL-fabricated nanoparticles are on a glass substrate. By 

assuming the nanoparticles are truncated tetrahedral with in-plane width of 65 nm and out-of-

plane height of 50 nm, it is estimated that ~ 25% of the nanoparticle surface is exposed to 

substrate.  This effect is treated by an effective medium theory12 where the dielectric constants of 

the layer are expressed as: , (1 )l effect mol ox xε ε ε= ⋅ + ⋅ −  where εmol is the dielectric function of the 

molecule, and x is the relative amount of the molecules in the layer which is 0.75 in this case.  

The effect of the glass substrate on the LSPR is not considered because from effective medium 

theory and previous work,37 the substrate will result in a constant red shift in the nanoparticle 

LSPR.  When comparing the difference in the LSPR of bare nanoparticles and nanoparticles with 

adsorbates, the constant red shift in the LSPR induced by substrate will be cancelled. For bare 
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nanoparticles, εo is set to 1 for the dielectric constant of N2.  For the layered spheroid, the 

dielectric constant of the resonant layer of Ru(bpy)3
2+ was obtained from its absorption spectrum 

in solution using a Kramers-Kronig transformation described in section 5.3.3.  

Figure 5.6 shows the calculated extinction spectra of bare (solid lines) and Ru(bpy)3
2+-

coated (dashed lines) Ag spheroids.  Here the extinction wavelength of the Ag spheroid is varied 

by varying χ.  Each pair of spectra with the same colors is calculated using the same χ. Notice 

that there is a dip in the extinction spectrum of the layered Ag spheroid due to Ru(bpy)3
2+ 

absorption, and the extinction splits into two bands.  This extinction lineshape change has been 

reported by several groups with the experimental and theoretical studies for resonant molecule 

interacting with Au nanospheres or nanorods. However, in our experiments, no significant 

change is observed in the extinction of the Ag nanoparticles after Ru(bpy)3
2+ adsorption other 

than a wavelength shift.  This indicates that in the experiments, the absorbance of Ru(bpy)3
2+ is 

relatively small compared to the extinction of the Ag nanoparticles; therefore, the effect of the 

Ru(bpy)3
2+ layer on the LSPR is to produce a spectral shift but not a lineshape change. In the 

modeling, this effect is much more significant in both the spectra shift and line shape change. 

To simulate the LSPR wavelength shift, the semi-minor axis of the spheroid is chosen as 

40 nm and the semi-major axis is varied to alter the shape factor χ. This accounts for the varying 

LSPR of nanoparticles in the experiments.  Figure 5.4B shows the predicted LSPR shift in 

comparison with the experimental results. The predicted LSPR shift curve captures the shape 

transition around the molecular resonance from a very small (< 10 nm) to an amplified LSPR 

shift (~ 50 nm). However, the rapid change in Δλmax occurred at ~ 450 nm in the experiments 

while the predicted change occurred at ~ 430 nm. In addition, the magnitude of the predicted  
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Figure 5.6. Calculated extinction spectra of 

bare Ag spheroid (solid lines) and Ag 

spheroid with Ru(bpy)3
2+ (dashed lines) 

with varying χ parameters. Each pair of 

spectra of the same color was calculated 

with the same χ. 
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LSPR shift does not match the experimental data accurately.  At a wavelength shorter than 

the molecular resonance, the predicted LSPR shift is negative.  At an off-resonance wavelength 

(> 480 nm), the predicted LSPR shift is much larger than the experimental data. This discrepancy 

has been seen in previous work73 using a similar method because nanoparticles with a larger 

aspect ratio show a larger LSPR shift even if the layer has a dielectric constant that is constant 

with wavelength. In the experiments, the LSPR of the nanoparticles is tuned by both size and 

aspect ratio. Therefore, using only the aspect ratio to vary the nanoparticle LSPR overestimates 

the nanoparticle aspect ratio and leads to a LSPR shift that is larger than the experimental data.  

Furthermore, as discussed in section 5.3.3, the dielectric constants of Ru(bpy)3
2+ obtained from 

Kramers-Kronig transformation have some uncertainty in the absolute value.     

5.3.5 SERS excitation profile of Ru(bpy)3
2+ on Ag nanoparticles   

A representative SERRS spectrum of Ru(bpy)3
2+ on Ag nanoparticles is shown in Figure 

5.7.  The peak at 1487 cm-1 is the most enhanced band at resonant conditions.  Figure 5.8 shows 

three excitation profiles for the 1487 cm-1 peak of Ru(bpy)3
2+, each with an LSPR λmax at 

different locations. The WS-SERRES profile in Figure 5.8A-B consists of 9 data points 

measured over the spectral range 420~497 nm. The LSPR λmax of this substrate was measured to 

be 434.7 nm (23004 cm-1) with a monolayer of Ru(bpy)3
2+. Fitting a Gaussian line shape to the 

data reveals that the peak of the excitation profile, λex,max = 445.1 nm (22467 cm-1) for the 1487 

cm-1 mode and λex,max = 428.1 nm (23359 cm-1) for the 1602 cm-1 mode. The WS-SERRES 

profile in Figure 5.8C-D consists of 9 data points measured over the spectral range 415-495 nm. 

The LSPR λmax of this substrate was measured to be 465.2 (21496 cm-1) with a monolayer of 

Ru(bpy)3
2+. Fitting a Gaussian line shape to the data reveals that the peak of the excitation  
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Figure 5.7. Representative SERS spectrum of Ru(bpy)3
2+on NSL-

fabricated Ag nanoparticle substrate. λex = 457.9 nm, power= 

0.131 mW, acquisition time = 60 s. An atomic force micrograph 

image of the sample is shown in the inset. 
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Figure 5.8. LSPR and surface-enhanced Raman excitation spectra of the 1487 cm-1 

peak(A, C and E) and 1602 cm-1 peak (B, D and F) of Ru(bpy)3
2+ with cyclohexane 

as intensity standard. (A-B) LSPR λmax = 434.7 nm, profile fit maximum at (A) 

λex,max = 445.1 nm and (B) λex,max = 428.1 nm. (C-D) LSPR λmax = 465.2 nm, profile 

fit maximum at (C) λex,max = 466.4 nm and (D) λex,max = 454.3 nm. (E-F) LSPR λmax = 

480.1 nm, profile fit maximum at (E) λex,max = 464.1 nm and (F) λex,max = 460.6 nm. 
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profile, λex,max = 466.4 nm (21441 cm-1) for the 1487 cm-1 mode and 454.3 nm (22012 cm-1) 

for the 1602 cm-1 mode.  The WS-SERRES profile in Figure 5.8E-F consists of 8 data points 

measured over the spectral range 415-495 nm. The LSPR λmax of this substrate was measured to 

be 480.1 nm (20829 cm-1) with a monolayer of Ru(bpy)3
2+. Fitting a Gaussian line shape to the 

data reveals that the peak of the data reveals that the peak of the excitation profile, λex,max is 

464.1 nm (21547 cm-1) for the 1487 cm-1 mode and 460.6 nm (21711 cm-1) for the 1602 cm-1 

mode. 

According to McFarland et al, for a non resonant Raman scatterer adsorbed to a SERS 

active surface with well defined LSPR, the maximum excitation, λex,max, occurs at higher energy 

than the LSPR extinction maximum, λmax.  The magnitude of the displacement is approximately 

half of the Raman Stokes shift.29  This is in line with the theoretical predictions of the 

electromagnetic enhancement mechanism.  As such, the different modes of a molecule will have 

maximum enhancement at different excitation frequencies.  In this study, the molecule’s 

electronic resonance is both resonant with the laser excitation frequency and with the oscillation 

frequency of the LSPR.  This leads to deviation from the non-resonant case due to the resonance 

Raman effect.  A previous report on a Ru(bpy)3
2+ analogue, Fe(bpy)3

2+, shows that the 1491 cm-1 

mode (corresponding to the 1487 cm-1 mode of Ru(bpy)3
2+) undergoes a large resonance Raman 

enhancement biased towards the lower energy band of the electronic absorption spectrum (the 

high energy sideband does not contribute to resonance Raman enhancement), while the 1607 cm-

1 mode (corresponding to the 1602 cm-1 mode of Ru(bpy)3
2+) has a broad, weak resonance 

enhancement.242  As a rough estimate, we note that the data for the 1487 cm-1 appears to be 

weighted towards the spectral location of the Ru(bpy)3
2+ electronic absorption while the 1602  



 131
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 5.9. SERR spectra of Ru(bpy)3

2+on NSL-

fabricated Ag nanoparticle substrate at two different 

excitation wavelengths. λex1 = 457.9 nm (top purple 

curve). λex2 = 420 nm (bottom blue curve).  
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cm-1 mode resembles non-resonant behavior.  Figure 5.9 shows two Ru(bpy)3

2+ SERR 

spectra at different excitation frequencies.  In the spectrum excited at lower energy close to the 

molecular resonance (top blue spectrum), the 1487 cm-1 to 1602 cm-1 mode intensity ratio is 2.5.  

This ratio changes to 1.2 as the excitation frequency is moved to higher energy and away from 

the molecular resonance (bottom purple spectrum).  The same or an even more prominent 

phenomenon, where the 1602 cm-1 mode becomes more intense than the1487 cm-1 mode, was 

reported previously,202 and also for an analogue Fe(bpy)3
2+.242  Since the 1487 cm-1 mode is more 

resonantly enhanced, we propose a theoretical model to understand the relationship between the 

LSPR, molecular resonance and its SERR excitation profile that involves the multiplication of 

EM and resonance enhancement mechanisms.  

5.3.6 Theoretical modeling of SERRS excitation profile 

Previous work by Kerker et al.71,243 showed that the SERRS enhancement is proportional 

to the surface electromagnetic field at incident frequency and the Stokes shifted frequency, and 

the resonant Raman scattering tensor.  The enhancement of the electric field is the ratio of the 

squared field ( 2E ) to the square of the applied field ( 2
0E ). Therefore, the EM enhancement is 

expressed as: 

2 2
0 0

4
0

( ) ( )vib
EM

E E
EF

E

ω ω ω−
=       (5.14) 

where 2
0( )E ω , 2

0( )vibE ω ω− are the square of the electromagnetic fields at the incident and 

Stokes shifted frequencies, respectively.   
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From the quasistatic theory model of a spheroid,68 the average of the square of the 

electric field over the spheroid surface is expressed by the following equation derived by Zeman 

and Schatz:72  

2 2 1
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0 0 2 2

2 2 11 0 1 0 0
0 0
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2Re(1 )1 1( ) ( )( 1) 1 sin

E E
Q Q

ξ ξ
γ γ γ ξγ

ξ ξ ξ ξ ξ
ξ

−
∗

−

⎧ ⎫⎛ ⎞− − +⎪ ⎪⎜ ⎟⎡ ⎤−⎪ ⎪⎜ ⎟= − + +⎨ ⎬⎢ ⎥− ⎜ ⎟⎣ ⎦⎪ ⎪− +⎜ ⎟⎪ ⎪⎝ ⎠⎩ ⎭

 (5.15) 

i o

i o

ε εγ
ε χε

−
=

+
                         (5.16) 

In the present application, we use χ as a parameter to tune the plasmon resonance 

wavelength of the spheroid to be at the plasmon resonances in the experiments (434, 465 and 480 

nm) and calculate the EM enhancement for the three cases presented in Figure 5.8. In addition to 

the EM enhancement factor, many studies have shown that the resonant Raman enhancement 

profile at different excitation wavelength has the same line shape as the absorption spectrum of 

the molecule.144,242,244 As discussed in the previous section, the report on Fe(bpy)3
2+ shows that 

the 1491 cm-1 mode undergoes a resonance Raman enhancement with the line shape similar to 

the lower energy band of the electronic absorption spectrum and a maximum resonance 

enhancement of 40.143,242 Therefore, we assume that the resonance Raman enhancement profile 

of Ru(bpy)3
2+ has the same shape as the 452 nm band of its absorption spectrum with a 

maximum resonance enhancement of 40.  We therefore multiplied the EM and resonant 

enhancement factors to get the WS-SERR excitation profile for each experiment.  Figure 5.10 

shows the three predicted SERRS excitation profiles of the 1487 cm-1 mode (where ωvib is set to 

be 1487 cm-1) for the three samples at different LSPR wavelengths. The experimental data and 

the Gaussian fitting are shown in the same plots for comparison.  From Figure 5.10, the  
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Figure 5.10. Predicted (blue dashed line) and experimental (black dots and 

red curve) surface-enhanced Raman excitation spectra of the 1487 cm-1 peak. 

(A-C) correspond to three samples (A,C and E) in Figure 5.8. 
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predictions agree well with the experimental WS-SERR excitation profiles except for the 

width of the profiles, which probably arises because the shape of the nanoparticles in the theory 

and experiments differs. The results indicate that the WS-SERRES profiles involve 

multiplicative electromagnetic and resonance Raman enhancement.   

When there is a resonant molecular layer on the spheroid, the expression for the average 

of the square of the electric field is slightly different from Eq 5.15. The correction factor |G|2 

must be included and the expression for γ is different. For the layered spheroid, the average of 

the square of electric field over the surface within the layer ( 0 1ξ ξ ξ≤ ≤ ) is72 

2
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2
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When the layer is thin, the electric field within the layer does not change with different ξ values. 

Therefore, we use the electric field at the outer surface to represent the average electric field in 

the layer. Figure 5.11 shows the 2 2
0/E E versus wavelength at the surface of the spheroid 

without (solid line) and with (dashed line) a layer of Ru(bpy)3
2+ with the same size and aspect 

ratio.  The absorption of the layer of Ru(bpy)3
2+ leads to a decrease in the magnitude of 

2 2
0/E E and a dip in the 2 2

0/E E profile. As stated in the section 5.3.4, this model 

overestimates the effect of the resonant layer the extinction spectral shape, leading to an 

extinction spectral change that was not observed in the experiments; we do not think that  
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Figure 5.11. Calculated 2 2

0/E E of a 

bare Ag spheroid (solid lines) and Ag 

spheroid with Ru(bpy)3
2+ (dashed lines) 

with the same χ parameter.  
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including the absorbing layer in the electric field calculations gives valid results that can 

represent the electric field of the nanoparticles in the experiments. Therefore, a bare spheroid 

model is used to simulate the average electric field around the nanoparticles that are used in the 

experiments.  However, from the calculation results in Figure 5.11, the layer of Ru(bpy)3
2+ lead 

to a decrease in the magnitude of 2 2
0/E E . This effect was shown by Zeman et. al. in 1987 

where a 0.1 coverage of the absorbed resonant molecular layer leads to a maximum SERRS 

enhancement and further increasing the coverage decreases the SERRS enhancement factor.72    

5.3.7 An Example of SERRS EF Calculation 

Since the magnitude of the intensity observed in the SERRS spectrum of Ru(bpy)3
2+ can 

be interpreted as a multiplication of the normal Raman scattering cross section by the resonance 

Raman and EM enhancement, it is possible to write an expression for a decoupled SERRS 

enhancement factor.  McFarland et al29 gives an expression for the non-resonant EF for the case 

where the SERS and normal Raman analyte are the same molecule eliminating the need to 

normalize by differing cross-sections.  In the present work, it is difficult to observe the 

magnitude of the resonance Raman intensity due to fluorescence.  Therefore, the normal Raman 

intensity is given for a non-resonant molecule and the EF expression must include a cross-section 

normalization.  The expression for the overall SERRS EF is: 
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  (5.13) 

where I, N and σ are the intensities, number of and cross-sections of the resonance Raman (RR) 

and normal Raman (NR) analytes, respectively.  By normalizing the observed SERRS intensity 



 138
to the resonant Ru(bpy)3

2+ cross-section, the EFSERS term only corresponds to EM 

enhancement. The measured intensities for the sample in Figure 5.8E were ISERRS = 30.82 cts 

mW-1 s-1 for Ru(bpy)3
2+ 1487 cm-1 mode and INR = 20.82 cts mW-1 s-1 for cyclohexane 1444.4 

cm-1 mode at λex = 465 nm. Comparing the intensity of the 1487 cm-1 Ru(bpy)3
2+ mode to the 

983 cm-1 SO4
2+ mode measured by Mallick et. al. 202, and using the SO4

2+ cross section of 14.8 x 

10-30 at λex = 465 nm as internal standard,245 the resonant cross section of Ru(bpy)3
2+ was 

determined to be σRRS = 4.4 x 10-26 cm2 molecule-1 at λex = 465 nm.  The normal Raman cross 

section for the 1444.4 cm-1 cyclohexane mode was determined to be σNR = 9.37 x 10-30 cm2 

molecule-1 at λex = 465 nm.after correcting for ν4.246 The number of Ru(bpy)3
2+ molecules 

present in the probe volume was determined to be NSERRS = 1.8 x 105 assuming a surface 

coverage of 0.65x1014 molecules cm-2 from the electrochemistry measurement, a 4 μm2 laser 

spot size and only 7% coverage of nanoparticles resulting from NSL.39 The number of 

cyclohexane molecules was estimated to be NNR = 2.4 x 1012.  This was found by assuming that 

the probe volume was a cylinder of 100 μm in length with 4 μm2 cross-section and using its bulk 

density of 6.0 x 1017 molecules cm-2 μm-1.  Using these numbers, the EM EF was determined to 

be 4.16 x 103. Assuming that the resonant Raman EF is on the order of 40,143 the overall EF 

observed here is 1.66 x 105.  

 

5.4 Conclusions 

In this work, we studied the contribution of electromagnetic and resonance enhancement 

to surface-enhanced resonant Raman intensity.  A monolayer of Ru(bpy)3
2+ molecules was 

adsorbed on nanoparticles with different localized surface plasmon resonance and the coupling 
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between molecular resonance and LSPR was probed by LSPR shift spectroscopy.  One of the 

electronic transitions of Ru(bpy)3
2+ is strongly coupled to the LSPR and leads to wavelength-

dependent LSPR shifts.  SERR spectra of Ru(bpy)3
2+ were collected on three samples with 

different LSPR wavelengths for 400-500 nm Raman excitation wavelengths.  Unlike non-

resonant adsorbates, Ru(bpy)3
2+ WS-SERR excitation profile peak positions depend on the 

relative spectral position of the LSPR and molecular resonance.  Quasi-static electromagnetic 

simulations of the WS-SERR excitation profile based on multiplication of the EM and resonant 

enhancement factors showed good agreement with the experimental results.   
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Chapter Six 

Theoretical Study of Plasmonic Properties of Copper and Aluminum Nanoparticles 

Fabricated by Nanosphere Lithography 
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6.1 Introduction 

It has been well characterized that the localized surface plasmon resonance (LSPR) of 

nanoparticles are determined by their composition, geometry and external dielectric 

medium.12,13,38,247  Noble metal nanoparticles, in particular, Ag and Au, have been extensively 

studied and showed that they can support tunable plasmon resonances throughout the UV-vis-

NIR region.59,248 The requirement for LSPR is a large negative real and a small imaginary 

dielectric function, thus a number of other metals meet this criterion and in theory should support 

plasmon resonances for at least part of the UV-vis-NIR region.1,241,249,250  Zeman and Schatz 

studied the electric field enhancement at different frequencies for nine metals (Li, Na, In, Ga, Cd, 

Zn, Ag, Au, Cu and Al).241  The electric field enhancement is highly dependent on frequency so 

at certain desired frequencies, some metal exhibit larger field enhancement than others.  It is 

worth studying the optical properties of metals other than Ag and Au to broaden the applicable 

area of plasmonics.   

In this chapter, the optical properties of the copper9 and aluminum nanoparticles 

fabricated by nanosphere lithography (NSL) were examined with classical electrodynamics 

calculations based on the discrete dipole approximation (DDA) method11,96,98 and compared with 

experiments carried out by George H. Chan in the Department of Chemistry of Northwestern 

University.  Since the Cu and Al are prone to oxidize, the affect of oxides on the optical 

properties are discussed as well.  In all the DDA calculations, the shape of the nanoparticles is 

assumed to be truncated tetrahedral.  The Cu dielectric constants are taken from Handbook of 

Optical Constants of Solids; Palik, E.D.  The dominant oxidation product of copper metal at 

room temperature is Cu2O thus the dielectric function of Cu2O was used in the DDA  
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Figure 6.1 Dielectric constants of Cu (A) and Cu2O (B). The solid line 

represents the real part and the dashed line represents the imaginary part.   
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Figure 6.2 Dielectric constants of Al. The solid line 

represents the real part and the dashed line represents 

the imaginary part.   



 144
simulations. 251,252  Figure 6.1A and B show the dielectric constants of Cu and Cu2O versus 

wavelength, respectively.  Al dielectric constants are taken from the CRC Handbook of 

Chemistry and Physics (plotted in Figure 6.2) and the refractive index of Al2O3 of 1.57 is taken 

from a recent paper by Whitney et al.91,253  The effect of the glass substrate on the LSPR was 

treated using effective medium theory37 in which the particles are assumed to be embedded in a 

homogeneous medium and the dielectric constant is a weighted average of that for glass and N2; 

the weighting is determined by the relative fractions of the particles that are exposed to each 

medium. 

 

6.2 Plasmonic properties of Copper Nanoparticles 

6.2.1 Effect of Copper Oxides on the LSPR of Copper Nanoparticles  

From the dielectric constant of copper oxides in Figure 6.1 B, copper oxides absorb light 

in the visible wavelength range, therefore, would have significant effect on the LSPR of the 

copper nanoparticles. In Figure 6.3A, the spectrum in black illustrates the extinction spectrum of 

a NSL-fabricated Cu nanoparticle with a thin layer of copper oxides.  With glacial acetic acid, 

copper oxides can be effectively removed while the underlying copper particle will not be 

attacked. 254,255  Representative LSPR spectra monitoring the process of copper oxides removal 

in glacial acetic acid are shown in pink, blue and green spectra in Figure 6.3A, consequently.  

And when dried in N2, the LSPR spectrum of the bare copper nanoparticles was recorded as the 

red spectrum in Figure 6.3A.  These results indicate that copper oxides of different thickness 

have different effect on the LSPR of copper nanoparticles.  The thicker the copper oxides are, the 

broader and weaker LSPR peaks are observed.  The inset in Figure 6.3A is an AFM image of the  
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Figure 6.3 (A) Extinction spectra of copper nananoparticles before treatment with 

glacial acetic acid in N2 (black), during the treatment in real time in acetic acid 

(pink, blue, green) and after the treatment in N2. Inset is an AFM image of the 

copper nanoparticles. (B) DDA simulations of the effect of oxidation of copper 

(Cu2O) on a NSL Cu nanoparticle. Calculations were performed for a nanoparticle 

with a Cu core surrounded by a Cu2O shell. The inset shows a side view of the core-

shell nanoparticle.  The total height and width of the nanoparticle was fixed at 50 

and 100 nm, respectively.  The thicknesses (T) of the Cu2O shell were varied from 0 

to 6 nm. 
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NSL-fabricated triangular copper nanoparticles.   

To simulate the effect of copper oxides on copper nanoparticles, a core-shell geometry of 

the nanoparticle was constructed, i.e., a copper core surrounded with a shell of Cu2O with 

schematic illustration shown in Figure 6.3B.  In the calculations, the total height and width of the 

Cu2O and Cu metal were fixed at 50 nm and 100 nm while the thickness of the Cu2O shell was 

varied from 0 to 6 nm (Figure 6.3B). Spectrum 1 (black) depicts the LSPR spectrum for a bare 

copper metal nanoparticle.  The LSPR peak has a well defined shape and shows a broad shoulder 

below 590 nm originating from the interband transitions of copper.  In spectrum 2 (blue), the 

LSPR red shifts and the intensity decreases when a 2 nm layer of Cu is replaced by Cu2O.  As 

the thickness of Cu2O increases, the LSPR peak red shifts and the intensity of the peak decrease 

until finally a broad peak is observed.  These results mimic what is seen in Figure 6.3A quite 

accurately.  Although the thickness of the copper oxide layer needed to match the experimental 

results is overestimated in the DDA simulations,256,257 the calculations confirm that the presence 

of copper oxides can greatly affect the LSPR.   

6.2.2 Tuning the LSPR of Copper Nanoparticles by Width and Height  

 The NSL technique allows for fabricating nanoparticles with various LSPR wavelengths 

by controlling the nanosphere diameter (D) (in-plane width of the particle) and deposited metal 

thickness (h) (out-of-plane height of the particle).39  

To vary the in-plane-width of the nanoparticles, the height is fixed at h = 50 nm, and 

different nanosphere diameters are used (D = 280, 390, 450, 500, and 590 nm).  The relationship 

between the width of the nanoparticles and nanosphere diameters was previously studied by 

Haynes at. el.39  The calculated and experimental extinction spectra are illustrated in Figure 6.4  
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Figure 6.4 (A) Extinction spectra of Cu nanoparticle with varying widths calculated by 

DDA. Spectrum 1 (black), D = 280 nm, λmax = 635 nm; spectrum 2 (blue), D = 390 nm, 

λmax = 655 nm; spectrum 3 (red), D = 450 nm, λmax = 665 nm; spectrum 4 (green), D = 510 

nm, λmax = 680 nm; and spectrum 5 (purple), D = 590 nm, λmax = 720 nm. (B) LSPR λmax 

versus diameter is shown for the calculated results. (C) Extinction spectra of Cu 

nanoparticle arrays with varying widths after acetic acid treatment (D = 280 - 590nm; dm 

= 50 nm) measured with UV-vis spectroscopy.  All spectra were collected in a N2 

environment.  Spectrum 1 (red), D = 590 nm, λmax = 876 nm; spectrum 2 (green), D = 500 

nm, λmax = 789 nm; spectrum 3 (blue), D = 450 nm, λmax = 750 nm; spectrum 4 (orange), 

D = 390 nm, λmax = 698 nm, and spectrum 5 (purple), D = 280 nm, and λmax = 643 nm.  

(D) LSPR λmax versus diameter is shown for the experimental results. 
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A and C. Both the calculations and experiments show that the intensity of the LSPR peak 

increases as the nanosphere diameter becomes larger.  As the LSPR approaches the interband 

transitions (E = 2.2 eV corresponding to a wavelength of 560 nm) of Cu, a significant decrease in 

the intensity of the LSPR is observed.  The calculated and experimental LSPR λmax as a function 

of nanosphere diameter are shown in Figure 6.4B and D, respectively.  The calculations and 

experiments demonstrate similar trends but the overall LSPR λmax shift from nanopshere 

diameter change is smaller in the calculations.  This discrepancy is likely due to differences 

between the fabricated and calculated particles shapes, as the truncated tetrahedron model is only 

a rough approximation to what is fabricated using NSL.  In addition, the effective medium model 

for the substrate effects tends to underestimate the observed substrate effect for particles with 

high aspect ratios. 

The LSPR λmax is also dependent upon the nanoparticle height. To study this dependence, 

the extinction spectra of copper nanoparticles with varying height from 20 ~ 70 nm were 

calculated, where the nanosphere diameter is fixed at D = 390 nm.  Figure 6.5A and C show the 

extinction spectra for different nanoparticle height predicted by DDA and measured with UV-vis 

spectroscopy, respectively. As the heights of the nanoparticle increases from 20 nm to 70 nm, a 

blue shift in the LSPR λmax is observed.  The calculated and experimental LSPR λmax as a 

function of nanoparticle height are shown in Figure 6.5B and D, respectively.  The experimental 

position of the LSPR λmax agrees at least qualitatively with the predictions of theory; though the 

predicted LSPR λmax shows smaller shift when height changes.  The shift is larger for the shorter 

nanoparticles than is found in the measurements.  For example, the predicted shift in λmax is 2 nm 

for a change in nanoparticle height from 60 to 70 nm, whereas the shift is 10 nm for a change of  
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Figure 6.5  (A) Extinction spectra of Cu nanoparticle with varying heights calculated by 

DDA. Spectrum 1 (grey), h = 70 nm, λmax = 652 nm; spectrum 2 (black), h = 60 nm, λmax = 

653 nm; spectrum 3 (light blue), h = 50 nm, λmax = 655 nm; spectrum 4 (green), h = 40 nm, 

λmax = 660 nm; spectrum 5 (dark blue), h= 30 nm, λmax = 670 nm; and spectrum 6 (red), h= 

20 nm, λmax = 705 nm.  (B) LSPR λmax. versus nanoparticle height (h) is shown for 

calculated results. (C) Extinction spectra of the Cu nanoparticle arrays after acetic acid 

treatment (D = 390nm; h = 20 - 70 nm) measured with UV-vis spectroscopy.  All spectra 

were collected in a N2 environment.  Spectrum 1 (red), h = 20 nm,  λmax = 764 nm; 

spectrum 2 (dark blue),  h = 30 nm, λmax = 730 nm; spectrum 3 (green), h = 40 nm, λmax = 

713 nm; spectrum 4 (light blue), dh = 50 nm, λmax = 698 nm; spectrum 5 (black), h = 60 

nm, λmax = 685 nm; and spectrum 6 (light gray), h = 70 nm, λmax = 670 nm.  (D) LSPR λmax. 

versus nanoparticle height (h) is shown for the experimental results.



 150
the nanoparticle height from 30 to 40 nm.  This behavior is consistent with theory, and in fact 

earlier theory studies concerning this were reported for Au triangular prisms.258 

 

6.3 Plasmonic properties of Aluminum Nanoparticles 

Aluminum is the third most abundant element by weight in the earth’s crust and is very 

reactive with a high heat of combustion. When exposed to ambient conditions, aluminum metal 

rapidly oxidizes, and forms a thin surface oxide layer.  This oxide layer prevents further attack 

by oxygen and passivates (protects) the surface.  High-resolution transmission electron 

microscopy studies on aluminum nanoparticles indicate that the oxide layer is about ~2.5 nm 

thick and is part amorphous and part crystalline in nature.259 Recently, there have been renewed 

interest in exploring the optical properties of Al260-267 because it is capable o f supporting surface 

plasmons in the UV and have been shown to be effective substrates for enhanced fluorescence 

and SERS.104,268-270 

The dielectric constant of Al is shown in Figure 6.2.  As described previously, materials 

that exhibit a large negative real and small positive imaginary dielectric function are capable of 

supporting surface plasmons.  Thus, Al should be a plasmonic active element and should display 

LSPR properties in the UV-vis region.  From an examination of the dielectric function of Al, it is 

clear that Al should display an LSPR that is tunable between 200 to 800 nm.  In addition, a steep 

rise in the imaginary part of the dielectric function of Al at ~ 800 nm (1.5 eV) is attributed to 

interband transitions involving Al.  

6.3.1 Effect of Aluminum Oxides on the LSPR of Aluminum Nanoparticles  

Aluminum is very reactive. When exposed to ambient conditions, aluminum metal  
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Figure 6.6  (A) SEM image of Al nanoparticles on a Si substrate where D = 

390 nm and h = 50 nm.  (B) AFM image of the same size Al nanoparticles on 

a glass substrate.  (C) AFM linescan profile of particle 1 and 2 in (B).  



 152
rapidly oxidizes, and forms a thin surface oxide layer. Unlike copper oxides, aluminum 

oxides are transparent in the UV-vis spectral range.90,91,253  Therefore, aluminum oxides are not 

expected to have a significant effect on the peak shape of the LSPR of aluminum nanoparticles; 

rather a shift in the LSPR is expected.  Figure 6.6 A shows the SEM of Al nanoparticles 

fabricated by NSL on a Si substrate where D = 390 nm and h = 50 nm. Upon closer examination 

of the SEM image, sharp contrast between the tips and the top base of the nanoparticle is 

observed, which suggests the presence of oxides of the tips of the nanoparticles.  Figure 6.6 B 

and C shows the AFM image and linescan of the Al nanoparticles fabricated by NSL on a glass 

substrate where D = 390 nm and h = 50 nm.  From the AFM linescan, the height of the 

nanoparticles is consistent with that measured with the quartz crystal microbalance. Note that the 

AFM linescan shape is similar to that of Ag nanoparticles fabricated by the same method. 

Therefore, the Al nanoparticle geometry is assumed to be truncated tetrahedral as that for Ag 

nanoparticles in the DDA calculations.  Notice that the nanoparticle width is 157 nm from the 

AFM linescan, considering the AFM tip broadening effect of ~ 20 nm,13 the width of the 

nanoparticle is ~ 137 nm. Comparing to Ag nanoparticles fabricated with the same nanosphere 

diameter, the width of Al nanoparticle is broadened by 1.5 times.13 This is probably due to the 

dewetting properties of Al on glass surface is different from that of Ag because of differences in 

their surface melting temperatures. The same phenomenon was observed for Au previously.48 

Therefore, the geometry of the Al nanoparticle is similar but wider than the Ag nanoparticles.  In 

order to get reasonable agreement with the experimental data, in the DDA calculations in section 

6.3.2, the nanoparticle shape is still assumed to be truncated tetrahedral, while the width of the 

nanoparticle is 1.5-1.8 times of that calculated using the relationship between the width of the Ag  
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Figure 6.7  DDA simulations of the effect of oxidation of aluminum (Al2O3) 

on a NSL Al nanoparticle at room temperature.  Calculations were performed 

for a nanoparticle with Al core surrounded an Al2O3 shell.  The inset shows a 

side view of the core-shell nanoparticle.  The thicknesses (T) of the Al2O3 shell 

were varied from 0 to 10 nm. 
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nanoparticle and nanosphere diameter developed in a previous work.39  

Figure 6.7 shows theoretical calculations on the effect of oxidation on the LSPR of a 

single Al nanoparticle on a glass substrate surrounded by a N2 environment.  The total height of 

the nanoparticle is 50 nm and the diameter is 90 nm.  The addition of a 2 nm layer of Al2O3 

surrounding the Al nanoparticle (D = 390 nm; dm = 48 nm of Al + 2 nm Al2O3) leads to a red 

shift in the LSPR λmax of ~ 13 nm. As the amount of Al2O3 was increased up to a thickness of 10 

nm, no significant peak broadening or decrease in the extinction efficiency of the LSPR was 

observed in the calculated spectra as a result of the presence of an alumina oxide layer. 

6.3.2 Tuning the LSPR of Aluminum Nanoparticles by Nanosphere Diamter  

LSPR of nanoparticles is very sensitive to nanoparticle geometry.  Figure 6.8A illustrates 

the predicted extinction spectra of the Al nanoparticle with a 2 nm Al oxide shell with varying 

width in a N2 environment on a glass substrate where the total height is fixed at 50 nm.  Spectra 

1-5 correspond to nanoparticle widths of 95 nm, 137 nm, 174 nm, 206 nm and 230 nm, 

respectively. As predicted from theory, an increase in the width of the nanoparticle leads to a red 

shift in the LSPR λmax and broadening in the LSPR spectra. Figure 6.8 B shows the extinction 

spectra of NSL –fabricated Al nanoparticles at fixed height of 50 nm and varying nanopshere 

diameter of 280 (purple), 390 (blue), 410 (green), 500 (yellow) and 590 nm (red) measured with 

UV-vis spectroscopy. The calculated extinction spectra have similar LSPR lineshape as the 

experimental ones.  From both the experimental results and calculations, when the nanoparticle 

LSPR approaches Al interband transitions at 1.5 eV (corresponding to ~ 800 nm), the extinction 

spectrum is significantly broadened (yellow and red spectra in Figure 6.8 A and in Figure 6.8 B).  

The red spectra in Figure 6.8A and 6.8B are significantly broader than the other spectra; in  
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Figure 6.8  (A) Extinction spectra of Al nanoparticle with varying widths calculated 

by DDA. Spectrum 1 (purple), width = 95 nm, spectrum 2 (blue), width = 136 nm; 

spectrum 3 (red), width = 174 nm; spectrum 4 (green), width = 206 nm; spectrum 5 

(pink), width = 230 nm.  (B) Extinction spectra of Al nanoparticle with varying 

widths measured with UV-vis spectroscopy. All spectra were collected in a N2 

environment. Spectrum 1 (black), D = 280 nm, λmax = 390 nm; spectrum 2 (blue), D 

= 390 nm, λmax = 508 nm; spectrum 3 (green), D = 410 nm, λmax = 579 nm; spectrum 

4 (yellow), D = 500 nm, λmax = 667 nm; and spectrum 5 (red), D = 590 nm, λmax = 

806 nm.  
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addition, the calculated red spectrum in Figure 6.8B has λmax at ~ 760 nm and shoulder at ~ 

900 nm.  These results show that the Al interband transition greatly affect the LSPR band of Al 

nanoparticles. The same phenomenon was observed for Cu nanoparticles as shown in Figure 6.4 

A and C. 

6.3.3 Refractive Index Sensitivity of Alumium Nanoparticles 

As discussed in the previous chapters, LSPR of the nanoparticles is extremely sensitive to 

the external dielectric environment.  The refractive index sensitivity (RI) of the Al nanoparticle 

arrays was investigated by DDA method. The extinction spectra of a single Al nanoparticle with 

2 nm Al2O3 (total width = 137 nm, h = 50 nm) on a glass glass substrate were calculated in 

different dielectric environments.  The environments are chosen as N2 (RI = 1.0), H2O (RI = 

1.33), ethanol (RI = 1.36), chloroform (RI = 1.45) and benzene (RI = 1.50).  As shown in Figure 

6.9A, the LSPR λmax shifts to lower energy when the dielectric constant of the environment 

increases. The extinction spectra of bare Al nanoparticles were also examined in different 

dielectric environments (spectra not shown).  Figure 6.9 B shows the refractive index sensitivity 

of Al nanoparticle with 2 nm aluminum oxides (red line with circles) and bare Al nanoparticle 

(black line with triangles) in energy units (eV).  The RI sensitivity of bare Al nanoparticle is 1.17 

eV/RIU and that of Al nanoparticles with 2 nm oxides is 1.08 eV/RIU.  The presence of 2 nm 

oxides does not significantly decrease the sensitivity of the Al nanoparticle.  This result suggests 

that Al nanoparicles can potentially serve as UV LSPR sensing platforms. 

6.3.4 Refractive Index Sensitivity Studied by Quasistatic Theory  

As discussed in Chapter One, Two and Five, for an oblate spheroid in the quasistatic limit 

where the size of nanoparticle is smaller than the wavelength of light, the extinction cross section  

  



 157
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
Figure 6.9 (A) Extinction spectra of Al nanoparticle (D = 390 nm, h= 50 nm) on 

a glass substrate in different external environments calculated by DDA. 

Spectrum 1 (black), in N2, λmax = 380 nm; spectrum 2 (blue), in H2O, λmax = 450 

nm; spectrum 3 (red), in ethanol, λmax = 460 nm; spectrum 4 (green), in 

chloroform, λmax = 480 nm; and spectrum 5 (pink), in benzene, λmax = 490 nm. 

(B) The change in λmax (eV) versus the refractive index of the surroundings. 

Black line with triangles is for a bare Al nanoparticle and red line with circiles is 

for Al nanoparticle with a 2 nm aluminum oxide layer. 
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Cext of a metallic spheroid in a homogenous medium is be expressed by the following 

equation:10,68 

1 Im m o
ext

m o

C ε ε
λ ε χε

⎧ ⎫−
∝ ⎨ ⎬

+⎩ ⎭
                                              (6.1) 

where εm is the dielectric constant of metal, εo is the dielectric constant of the surrounding 

medium, and χ is a shape factor for the particle that has the value 2 for a sphere, and increases 

with increasing aspect ratio.  When tuning εo, we can calculate the RI sensitivity of the metals. 

Previous studies have revealed particles with LSPR λmax at longer wavelength have higher RI 

sensitivity than the particles with LSPR λmax at shorter wavelength.  In order to compare the RI  

sensitivity of different metals, χ is chosen differently for different metals so that their LSPR λmax 

are in similar wavelength range.  Note that particles with larger aspect ratio have higher RI 

sensitivity; the method to choose χ does not account this effect. 

In this section, RI sensitivity of four metals is studied including Al, Ag, Au and Cu.  The 

RI sensitivity of Al and Ag spheroid with LSPR λmax in UV wavelength range is calculated using 

Eq 6.1.  Since Au and Cu interband transitions are at ~ 500 nm and ~ 560 nm, Au and Cu 

nanoparticles do not exhibit LSPR in UV wavelength range. Figure 6.10 A illustrates the RI 

sensitivity of Al (blue line with triangles) and Ag (red line with circles) spheroids. The parameter 

χ is chosen as 15 for Al spheroid and 3 for Ag spheroid.  The predicted RI sensitivity of Al 

spheroid is 126.0 nm/RIU while that of Ag spheroid is 66.1 nm/RIU.  Even though that the 

aspect ratio of Al spheroid is much larger than that of Ag spheroid, for nanoparticles with LSPR 

λmax in UV wavelength range, Al nanoparticles are potentially better LSPR sensors than Ag 

nanoparticles, and have larger tunability of LSPR λmax in UV.  
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Figure 6.10 (A) LSPR λmax of Ag and Al spheroid versus the refractive 

index of surroundings calculated by Eq. 6.1 with different χ parameters. 

Red line with circles is for Ag and blue line with triangles is for Al.  (B) 

LSPR λmax of Ag, Al, Au and Cu spheroid versus the refractive index of 

surroundings calculated by Eq. 6.1 with different χ parameters. Red line 

with circles is for Ag, blue line with triangles is for Al, purple line with 

squares is for Au and green line with diamonds is for Cu. 
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For the visible wavelength range, the RI sensitivity of Al (blue line with triangles), 

Ag (red line with curves), Au (purple line with squares) and Cu (green line with diamonds) 

spheroids was calculated and plotted in Figure 6.10 B.  The parameter χ was chosen as 35, 10, 5 

and 5 for Al, Ag, Au and Cu spheroids, respectively.  The RI sensitivities of the Al, Ag, Au and 

Cu spheroids are 442. 8 nm/RIU, 398.6 nm/RIU, 196.1 nm/RIU and 203.6 nm/RIU.  The RI 

sensitivity of Al and Ag nanoparticles are comparable considering the aspect ratio of the Al 

spheroid is much larger than that of the Ag spheroid.  Ag nanoparticles have larger LSPR 

tunability than Al nanoparticles in visible wavelength range.  Al and Ag spheroids with a higher 

aspect ratio have a larger RI sensitivity than Au and Cu spheroids with lower aspect ratio.  Au 

and Cu spheroids with the same aspect ratio have similar RI sensitivity. In the same dielectric 

environment, LSPR λmax of Au spheroid is at shorter wavelength comparing to Cu spheroid.  

6.3.5 LSPR of Al, Ag, Au and Cu NSL-Nanoparticles with Similar Geometry 

 NSL technique allows for fabricating nanoparticles of similar geometry with different 

materials.  Figure 6.11A shows the first experimental comparison of the LSPR of the Al, Ag, Au, 

and Cu in N2 for a similar size and shape fabricated by NSL on a glass substrate where D = 390 

nm and h decreases from 50 nm. The order of LSPR λmax is Au (787 nm) > Cu (698 nm) > Ag 

(639 nm) > Al (598 nm).  The LSPR peak of Al is broader than the noble metals because of the 

larger positive value of the imaginary part of its dielectric function in the visible region.  The 

extinction spectra of the Al, Ag, Au, and Cu truncated tetrahedral particles (width = 90 nm, h = 

50 nm) were calculated by the DDA method and plotted in Figure 6.11B.  The simulated LSPR 

λmax of the nanoparticles is also Au (665 nm) > Cu (655 nm) > Ag (610 nm) > Al (377 nm).  

However, the predicted LSPR λmax are at shorter wavelengths for all four metals, and the 

deviations of the Au and Al nanoparticle results from experiments are much larger than for the 
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Figure 6. 11 Comparison of the LSPR of Cu, Ag, Au, and Al for a similar 

size and shape obtained from experiment (A) and DDA calculations (B) (D = 

390 nm; h = 50 nm; glass substrate; N2 environment). 
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Ag and Cu nanoparticles.  This latter result probably arises because the truncated tetrahedral 

geometry assumption is not accurate for the Au and Al NSL-nanoparticles due to diffusion after 

deposition.  Furthermore, for the Al nanoparticles, the effect of the ununiformly distributed oxide 

layer on the nanoparticle surface was not considered in the calculation.  An interesting 

phenomenon was observed for the Cu and Au nanoparticles.  As discussed in section 6.3.4, for 

Cu and Au spheroids with the same aspect ratio, the LSPR λmax of the Cu spheroid is at longer 

wavelength than the Au spheroid.  However in the truncated tetrahedral particle case, the LSPR 

λmax is reversed such that the Cu nanoparticle LSPR λmax is at a shorter wavelength than the Au 

nanoparticle.  This shows how nanoparticle shape plays an important role in determining the 

LSPR λmax of materials with similar dielectric properties in certain wavelength ranges.  

 

6.4 Conclusions 

The plasmonic properties of copper and aluminum nanoparticles fabricated by NSL are 

studied by UV-vis spectroscopy and electrodynamics theory.  For copper nanoaprticles, the 

presence of copper oxides layer greatly affect the LSPR, as demonstrated by both experiments 

and theory.  By treatment with glacial acetic acid, the Cu oxides can be effectively removed.  

The LSPR of the Cu nanoparticles can be tuned by the in-plane width and out-of-plane height of 

the nanoparticles in the visible-NIR wavelength range.  Theoretical predictions and experimental 

evidence show that aluminum nanoparticle arrays fabricated by NSL are capable of supporting 

surface plasmons in the UV-vis region.  It has been demonstrated that the presence of a thin 

aluminum oxide layer leads to a red shift in the Al LSPR, while it does not significantly change 

the LSPR peak shape and intensity.  The LSPR of Al nanoparticles can be tuned by the width of 

the nanoparticles. An electrodynamics study of the refractive index sensitivity of Al 
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nanoparticles shows that Al nanoparticles can be used as a UV LSPR sensing platform and as 

substrates for surface-enhance spectroscopies in the UV range.  The RI sensitivity of Al, Ag, Au 

and Cu nanoparticles was calculated by quasistatic theory.  Al nanoparticles have higher RI 

sensitivity in the UV than Ag nanoparticles. Au and Cu nanoparticles have similar RI sensitivity 

in visible, but smaller than the RI sensitivity of Ag nanoparticles.  The LSPR of Cu, Ag, Au, and 

Al nanoparticles for a similar size and shape was compared in Figure 6.11; the LSPR λmax show 

Au > Cu > Ag > Al.  The versatility of the NSL technique allows for exploring the optical 

properties of more metals in the future. 
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Appendix A 

Detection of Drug binding to Human Cytochrome P450-3A4 in Nanodisc using Resonant 

Localized Surface Plasmon Resonance 
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A.1 Introduction 

In the drug discovery process, the sensing of molecular interactions between a drug 

molecule and protein is very important. There is increasing demanding for the development of 

sensitive, label-free, array-based protein analysis for high-throughput drug discovery. The 

progress in these directions not only require new concepts in sensors but also require superior 

surface conjugation techniques and development of novel fluidic devices.  

One of the cornerstone in drug discovery research is the need for ultrasensitive detection 

of drug interactions with membrane proteins which are the targets of most of the currently 

marketed therapeutic targets.271-277 In particular, detection of drug binding to membrane bound 

human cytochrome P450s is important for understanding the interaction between the drug and 

the protein.278-280 CYP3A4 is one of the most important enzymes in Cytochrome P450 family in 

drug and xenobiotics metabolism in the human body and is involved in drug-drug interactions.281 

CYP3A4 is prone to inhibition because of its broad substrate specificity and promiscuous open 

active site.282 The inhibition of CYP3A4 by one drug can modify the pharmacokinetic profile of 

another drug leading to the variations of efficacy or toxicity of the drugs.283 Hence, there is the 

potential risk of drug-drug interactions. Therefore, it is important to discover inhibitors and 

substrates in early drug discovery process. On the basis of spectral changes which CYP3A4 

undergoes on binding drugs, the drugs can be classified into three types: type I (which shows 

blue shift in the Soret at 415 nm), type II (red shift in Soret) and those drugs which do not show 

any shift in Soret.284  Most of the type II drug molecules are reversible mechanistic inhibitors 

which bind directly to the heme iron atom.285 Moreover, CYP3A4 and other membrane bound 

cytochrome P450s such as aromatase are produced in low-yield using heterelogous expression 



 192
systems. Therefore, a high-throughput optical detection of drug binding to CYP3A4 using 

low concentration of protein will be an important initial step in drug discovery.  

 Membrane bound proteins in general and CYP3A4 in particular are inherently insoluble 

or prone to aggregation and oligomerization in aqueous solution. There has been substantial 

advance in the development of techniques that allow the analysis of membrane associated ligand 

receptor in model native-like lipid bilayer environment.286-290  Recently, Nanodiscs have been 

used to solubilize and functionally stabilize CYP3A4 and other membrane proteins.291-296 

Nanodiscs are essentially segments of phospholipid bilayer surrounded by a protein belt. This 

protein belt in the Nanodisc controls the dimension of the Nanodisc (Figure A.1A and C). 

Previously, Nanodisc has been shown to be a viable platform to stabilize membrane proteins 

maintaining full functionality, for surface based applications. These stabilized membrane 

proteins in Nanodisc have been coupled successfully with surface based detection schemes such 

as SPR297 and SAMDI 298(self-assembled monolayer MALDI).  The Nanodiscs typically have 

diameter of 10 nm and height of 5.5 nm hence, one advantage Nanodiscs have over tethered 

bilayer as a model phospholipid bilayer is that they can provide the lipid bilayer mimic for the 

membrane protein which is within the sensing volume of the nanoparticle sensors.  

Based on the work discussed in Chapter Three and Four, one can develop nanoparticle-

based sensors combining resonance localized surface plasmon resonance spectroscopy and 

Nanodisc to detect different types of drug binding to human membrane CYP3A4 in Nanodisc.  

Figure A.1B shows the representive UV-vis spectra of CYP3A4 Nanodisc, and with two types of 

drugs, which are similar to the system of camphor and imidazole with CYP101 discussed in 

Chapter Four. The preliminary results will be presented in the following sections. 
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Figure A.1: (A) Schematic representation of CYP3A4-Nanodisc immobilized 

Ag nanobiosensor, followed by binding of drug molecule. The Ag nanoparticles 

are fabricated using NSL (nanosphere lithography) on a glass substrate. (B) UV-

vis absorption spectra of CYP3A4-Nanodisc in the following states: (1) low spin 

substrate free ferric state of with a Soret band at 415 nm (blue solid line) (2) high 

spin type I drug bound ferric state with a Soret band at 391 nm (red dotted line) 

and (3) low spin type II drug bound ferric state with Soret band at 425 nm. The 

inset shows the detailed changes in the Q-bands region. (C) Schematic notations 

of 11-MUA, CYP3A4-Nanodisc and drug. 
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A.2. Experimental Methods 

A.2.1 Materials  

Silver shot was purchased from Alfa Aesar (#11357 1-3 mm diameter, Premion®, 

99.9999%). Tungsten vapor deposition boats were acquired from R.D. Mathis (Long Beach, CA). 

Polystyrene nanospheres with diameters of 280 ± 4 nm were received as a suspension in water 

(Interfacial Dynamics Corporation, Portland) and were used without further treatment. 

Fisherbrand No. 2 glass coverslips with 18 mm diameters and the buffer salts (KH2PO4.3H2O 

and KH2PO4) were obtained from Fisher Scientific (Pittsburgh, PA). For all steps of substrate 

preparation, water purified with cartridges from Millipore (Marlborough, MA) to a resistivity of 

18.2 MΩ·cm-1 was used. 1-ethyl-3-[3-dimethylaminopropyl]carbodiimide hydrochloride (EDC) 

was purchased from Pierce (Rockford, IL).  

Sodium cholate, bromocriptine (BC), erythromycin (ERY), testosterone, lovastatin, 

androstene-dione, alpha-naphthoflavone, nifedipine, ketoconazole, itraconazole, tranylcypromine, 

diclofenac, terfenadine and Amberlite (XAD-2) were purchased from Sigma. CHAPS is from 

Anatrace, Inc. (Maumee, OH), Emulgen 913 from Karlan Research Products Corp. (Santa Rosa, 

CA); and POPC (1-Palmitoyl-2-Oleoyl-sn-Glycero-3-Phosphocholine) from Avanti Polar Lipids 

Inc. (Alabaster, AL). All other chemicals (> ACS Grade) are purchased from Fisher and were 

used without further purification.  

A.2.2 Ultraviolet-Visible Spectroscopy 

 Macroscale UV-vis extinction measurements were collected using an Ocean Optics 

(Dunedin, FL) SD2000 fiber optically coupled spectrometer with a CCD detector and a Cary 300 

Bio UV-vis spectrophotometer. All spectra in this study are macroscopic measurements 

performed in standard transmission geometry with unpolarized light. The extinction spectra of 

the same sample acquired from the two spectrometers have been tested to be consistent.  

A.2.3 Expression and Purification of CYP3A4 Nanodiscs  
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Cytochrome P450 3A4 (CYP3A4) with a C- terminal histidine tag was expressed 

from the NF-14 construct in the PCWori+ vector as previously described.296,299-302 The CYP3A4 

in NF-14 pCW Ori+ vector was a generous gift from Dr. F. P. Guengerich (Vanderbilt University, 

Nashville, TN). CYP3A4 was expressed and purified from Escherichia coli as previously 

described with minor modifications.296  

Human CYP3A4 was assembled into Nanodiscs using the membrane scaffold protein 

MSP1D1(-).303 MSPID1(-) is MSP1D1 with the poly (histidine) tag removed as described 

previously.296 Briefly, the purified CYP3A4 from the E. coli expression system in 0.1% Emulgen 

913 was mixed with the disk reconstitution mixture containing MSP1D1(-), POPC, and sodium 

cholate present in 1:65:130 molar ratios. The detergents (cholate and emulgen) were removed by 

treatment with Amberlite (XAD-2), to initiate the self assembly process. The resultant mixture 

was then purified using Ni-NTA column to remove the empty Nanodiscs followed by size 

exclusion chromatography to obtain homogenous CYP3A4-Nanodiscs.  

The result of this self-assembly reaction is monomeric CYP3A4 incorporated into a 10 

nm discoidal POPC bilayer stabilized by the encircling amphipathic membrane scaffold protein 

belt. The CYP3A4-Nanodiscs were prepared in a substrate-free form and kept at 4°C. For long 

term storage, the preparations were flash frozen and stored in -80°C in the presence of 10% 

glycerol. Expression and purification of CYP3A4-Nanodisc was evaluated by SDS-PAGE as 

described before.304 

The CYP3A4-Nanodisc concentration was measured by UV–VIS spectroscopy using a 

CARY BIO 300 spectrophotometer as described previously. CYP3A4-Nanodisc was in 100 mM 

potassium phosphate buffer (pH 7.4). The CYP3A4-Nanodiscs were evaluated for binding to the 
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substrate bromocriptine (BC) before every experiment to test the functional integrity of the 

protein used in the experiments. 305 

A.2.4 Substrate Binding to CYP3A4 Nanodiscs 

The substrate binding spectra was measured using a Cary Bio 300 UV–Vis 

spectrophotometer (Varian, Lake Forest, CA) in dual-beam mode. CYP3A4-Nanodisc at O.D of 

0.1 was added to the sample cuvette with a total volume of 120 μL in each. The stocks of various 

drug molecules in different solvents were prepared between 10mM to 20 mM stocks. A small 

aliquot of the drug stock was added to the protein solution keeping the concentration of the 

organic (ethanol, methanol or chloroform) solubilizing solvent concentration below 1.5%.  The 

spectra were measured between 350 and 700 nm and corrected for dilution factor. The spectra 

are reported in the supplementary material.304  

A.2.5 Nanoparticle Fabrication and Functional Immobilization 

Ag nanoparticles were fabricated by nanopshere lithography as described in the previous 

chapters. For each experiment, the sample was stabilized and functionalized in a home built flow 

cell. Immediately following nanospheres removal, the samples were placed in 1 mM of 11-MUA 

ethanol solution for 24 ~ 48 h. This time was determined to produce the repeatable and 

approximately full monolayer coverage of 11-MUA. After incubation, the nanoparticle samples 

were rinsed thoroughly with neat ethanol and dried by flowing N2 gas through the sample cell. 

Samples were then activated using 10mM EDC and then they were incubated in 1μM CYP3A4-

Nanodisc for 1 h. After incubation, the nanoparticle samples were rinsed with MQ water and 

dried by flowing N2 gas through the sample cell. Finally, the samples were incubated in 200 μM 

drug compounds in buffer solution for 30 mins. After incubation, the nanoparticle samples were 

rinsed with MQ water and dried by flowing N2 gas through the sample cell.  
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A.3 Results and Discussions 

A.3.1 Drug Binding to CYP3A4-ND 

Drug binding to CYP3A4 in Nanodiscs was monitored using UV-Vis absorption 

spectroscopy (350–700 nm). The substrate free CYP3A4 in Nanodisc is low spin and has a Soret 

band at 415 nm, a less intense α-Q band at 567 nm and β-Q band at 532 nm. Upon addition of 

various drug molecules, the binding to CYP3A4 gives rise to two characteristic types of spectral 

change. The spectral changes observed are indicative of substrate interaction with CYP3A4 and 

represents the primary mode of substrate binding to CYP3A4 for enzymatic hydroxylation. 284 

 One class of spectral change (termed as type I) occurs when the substrate binding leads to 

the displacement of water from the sixth coordination site of the heme macrocyle in CYP3A4 

and the spin state of heme-iron changes from low-spin to high spin. The spectral changes as 

shown in Figure A1 B are monitored by the shift in the Soret band from 415 to 391 nm. There is 

a decrease in the intensity of the α-Q band relative to β-Q band. Moreover, there is blue shift of 

the α-Q band from 568 to 540 nm and the β-Q band from 533 to 511 nm and the appearance of a 

charge transfer band at 645 nm. Type I drugs are mostly substrates to CYP3A4 for enzymatic 

hydroxylation. 

 The other class of spectral change (termed as type II) happens when the ligands with 

nitrogen, oxygen or sulfur donor atoms directly coordinate with the heme-iron. As the ligand 

field is stronger, than water there is formation of a low spin complex with red shifted Soret and 

Q-bands compared to the substrate free. Especially on binding nitrogen donors such as those 

containing imidazole, azole, amine groups, the Soret red shifts from 415 nm to 423 nm and the 

Q-bands shift from 568 to 576 nm and 533 to 542 nm as shown in Figure 1B. In general, the type  
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TABLE A.1 Drug name, structure, binding type to CYP3A4 and spectral change they 
produce on binding CYP3A4 Nanodisc. 

 Drug Name Structure 
Binding 
Type to 
CYP3A4 

Direction 
of LSPR 
Shift  

Amount 
of LSPR 
shift 

1 Bromocriptine 
(dopamine agonist) 

 

Type I Blue (-) 8 nm 

2 Testosterone 
(Steroid Hormone)  

Type I  Blue  (-) 7 nm 

3 Lovastatin  
(Lipid Lowering) 

 
Type I  Blue (-) 4 nm 

4 Androstene-dione 
(Steroid Hormone)  

Type I  Blue (-) 6 nm 

5 
Alpha-
naphthoflavone 
(Flavonoid prototype)  

Type I  Blue (-) 8 nm 

6 
Nifedipine 
(Calcium Channel 
Blocker)  

Type I  Blue ---- 

7 
Erythromycin 
(Macrolide 
Antibiotic)  

 

Type I   Blue (-) 1.6 nm

8 Ketoconazole 
(Antifungal Drug) Type II Red (+) 4 nm 

9 Itraconazole 
(Antifungal Drug) Type II Red ------ 

10 
Tranylcypromine 
(Monoamine oxidase 
Inhibitor)  

Type II Red (+) 2 nm 

11 Diclofenac 
(Anti-inflammatory) 

 
Type II Red (+) 5 nm 

12 Terfenadine  
(Antihistamine) 

 

Type II Red ----- 
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II drugs are strong ligands to the heme iron atom which decreases the redox potential of the 

CYP3A4. This decrease in redox potential of CYP3A4 is associated with difficulty in reduction 

of the CYP3A4-drug complex by its redox partner cytochrome P450 reductase. This is thought to 

be the general mechanism of inhibition by type II drugs. The type II inhibitors become even 

more strong inhibitors if in addition to coordinating with the iron atom, they are also lipophilic 

and bind easily to the lipid bilayer membrane.  Table A.1 summarizes the drug binding type and 

the spectral change they produce on binding CYP3A4 Nanodisc. 

A.3.2 LSPR Coupling of CYP3A4-Nanodisc to Silver Nanoparticle  

The coupling of the CYP3A4 resonances with plasmon resonance of the silver 

nanoparticles was studied. For this, nanoparticles were fabricated around 500-600 nm using 

nanosphere lithography as previously described. The nanoparticles were then functionalized with 

a self-assembled monolayer (SAM) of 11-MUA. The nanoparticles were then incubated in 0.5 

μM CYP3A4-Nanodisc. With the aid of EDC, CYP3A4-Nanodisc were covalently bound to the 

carboxyl terminated groups on 11-MUA (schematic illustrated in Figure A.1A).  The LSPR of 

the samples during each experimental step was monitored using UV-vis extinction spectroscopy 

in a N2 environment as shown in Figure A.2D-F. As shown in Figure 2D-F, the typical LSPR 

shift is ~35 nm on binding CYP3A4-ND to the nanoparticle with LSPR maxima around 500-600 

nm range. 

A.3.3 Drug Binding to CYP3A4-Nanodisc monitored using Localized Surface Plasmon 

Resonance 

CYP3A4 is responsible for the metabolism of more than 50% of currently marketed 

drugs and is considered central focus of clinically manifested drug-drug interactions. Many of  
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Figure A.2 (Top panel) (A) (B) (C) UV-vis absorption spectrum of CYP3A4-Nanodisc 

with testosterone (TST) bound (type I substrate), Ketoconazole (KTC) bound (Type II 

drug) and Erythromycin (ERY) bound (shows a very small type I shift). (Bottom panel) 

UV-vis extinction spectra of each step in the surface modification of NSL fabricated Ag 

nanoparticles for the different drug molecules. (D) For testosterone (representative type 

I substrate) binding, λmax,MuA = 547 nm, λmax,CYP3A4-ND = 596 nm, and λmax,CYP3A4-ND-TypeI 

= 589 nm (blue shift). The direction of shift is same as in top panel A. (E) For 

ketoconazole (representative type II substrate), λmax,MuA = 553 nm, λmax,CYP3A4-ND = 566 

nm, and λmax,CYP3A4-ND-KTC = 570 (red shift). The direction of shift in same as top panel 

B. (F) For erythromycing binding, λmax,MuA = 591 nm, λmax,CYP3A4-ND = 610 nm and 

λmax,CYP3A4-ND-ERY = 609 nm. All extinction measurements were collected in a N2 

environment.  A typical concentration of 100 μM drug molecule was used to saturate all 

the binding sites.   
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the nitrogen containing xenobiotics inhibit CYPs and they also produce a typical type II 

spectral characteristic as discussed before. Membrane bound CYPs are produced in low yield 

using heterelogous expression systems. Hence for rapid drug screening in the initial stage of drug 

discovery, it will be useful to distinguish between type I and type II drugs using low 

concentration of membrane protein.  

 CYP3A4-Nanodiscs are coupled to the silver nanoparticle surface. At the wavelength of 

monitoring of ~500-600 nm, the average LSPR shift on binding CYP3A4-Nanodisc is 35-40 nm. 

Figure A.2 shows three representative spectra of the drug molecules which were tested for 

binding to CYP3A4-Nanodisc. The top panels show the shift in the spectrum on binding the drug 

molecules to the protein in solution. The bottom panels show the LSPR shift in the spectrum on 

binding the drug molecules to the proteins on the nanoparticle surface. In Figure A.2D-F, the 

UV-vis extinction spectra of each step in the surface modification of NSL fabricated Ag 

nanoparticles for the different drug molecules are shown. Figure A.2D shows the LSPR maxima 

for testosterone binding. The thiol modified nanoparticle has λmax,MuA = 547 nm. On binding 

CYP3A4 Nanodisc, λmax,CYP3A4-ND is 596 nm. Further on binding testosterone (representative 

type I substrate), the λmax,CYP3A4-ND-TypeI is blue shifted to 589 nm. The change in the LSPR 

maxima on binding testosterone is (-) 7 nm. The direction of shift is similar to the direction in 

which the Soret and the Q-bands shift on binding the testosterone drug molecules in Figure A.2A. 

Several other type I drugs were tested (see table 1), all of them shifted the LSPR maxima to blue 

wavelength on binding to CYP3A4-ND immobilized on the surface of the nanoparticle. Hence, it 

can be concluded that type I drug binding can be detected on nanoparticle surface using 

effectively femtomoles of proteins on the surface.  
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 In Figure A.2E, Ketoconazole (representative type II drug) is detected with the LSPR 

of the nanoparticle. The nanoparticle is modified with muA has λmax,MuA = 553 nm. On binding 

CYP3A4-ND the λmax,CYP3A4-ND = 566 nm. On binding ketoconazole, the red shifted λmax,CYP3A4-

ND-KTC = 570. The change in the LSPR maxima of the nanoparticle on binding ketoconazole is (+) 

4 nm. The direction of shift is similar to the direction in which the Soret and the Q-bands shift on 

binding the ketoconazole drug molecules in Figure A.2B.Other type II drugs when they bind to 

CYP3A4-Nanodisc on nanoparticle surface also produce red shift. Usually this shift is in the 

order of 2 nm (see table 2). The extent of red shift on binding type II drug is less than that those 

observed for type I drug molecules. The LSPR shifts observed are manifestation of nanoparticle 

and protein chromophore coupling hence if the protein spectra changes due to drug binding then 

only the LSPR peaks will shift.  

 Another interesting case is that of erythromycin which on binding to the protein produces 

minimal change in the protein spectra as shown in Figure A.2C. On binding erythromycin to 

CYP3A4-ND, the LSPR maxima are the following: λmax,MuA = 591 nm, λmax,CYP3A4-ND = 610 nm 

and λmax,CYP3A4-ND-ERY = 609 nm. The LSPR peak is blue shifted by (-) 1 nm. This shows that 

there is some correlation between amount of spectral change produced on drug binding to the 

protein in solution and to the drug binding to the protein on the surface of the nanoparticle.  

 From Table A.1 and Figure A.2 it is concluded that it is possible to detect and distinguish 

between the binding of type I and type II drugs to CYP3A4-Nanodisc. The direction of LSPR 

shift is consistent with the shifts observed in the protein spectra on binding type I and II drugs. 

At the LSPR wavelengths used in these studies, for type I drugs the blue shift is ~ 6-8nm and for 

type II drugs the red shift is ~2-4 nm. 
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 In the future, more drug molecules will be tested to realize rapid drug screening using 

LSPR and Nanodisc technique. Fabrication of a LSPR chip with microfluidic channels will 

further lower the required CYP3A4-Nanodisc sample volume.   
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