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ABSTRACT 

Engineering DNA-Based Materials for the Analysis of Live Single Cells 

Cells are primarily comprised of metal ions, small molecules, proteins, lipids, and nucleic acids.  

The ability to probe these molecules in single living cells can shed new light on chemical processes 

inside of cells or allow disease diagnosis based on molecular profiling.  However, there exists a 

lack of tools that allow one to monitor and analyze these molecules dynamically in live cells.  

Although genetically-encoded fluorescent tags have transformed live-cell protein analysis, there 

is a deficiency of robust techniques for studying other molecules. In this regard, probes based on 

nucleic acids have recently emerged as powerful tools for studying intracellular processes. Their 

biocompatibility, amenability to genetic encoding, low cost, ease of synthesis, modular structure, 

and ability to be chemically modified in a sequence-defined manner make them especially useful 

in sensing applications. By tuning their sequence, nucleic acids can be designed to recognize a 

wide range of molecules including other nucleic acids, proteins, ions, and small molecules.   

The earliest analysis techniques based on DNA, such as in situ hybridization and polymerase chain 

reaction (PCR), required the fixation and lysis of cells, respectively, preventing their use for live-

cell analysis. The introduction of linear DNA probes that can study events in live cells, such as 

molecular beacons, helped to expand the capabilities in the field. However, such DNA probes do 

not efficiently cross the cell membrane without the use of transfection reagents, and they are 

susceptible to rapid nuclease degradation in the cellular environment.  To overcome these 

challenges, NanoFlares were developed in 2007 as a new tool for live-cell analysis.  NanoFlares 

are comprised of a gold core functionalized with recognition strands (hybridization-based, 

aptamer, DNAzyme, or aptazyme) for a target of interest. These recognition strands are hybridized 
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to short fluorophore-labeled flare strands. Close proximity between the gold nanoparticle and the 

fluorophore quenches the fluorescence. When the target is present and binds to the recognition 

strand, the flare strand is displaced, separating the fluorophore and gold, and turning on 

fluorescence.  Owing to the dense orientation of DNA on the nanoparticle surface in a spherical 

nucleic acid (SNA) architecture, NanoFlares exhibit high cellular uptake without the need for 

transfection reagents, display enhanced resistance to nuclease degradation in comparison to free 

nucleic acid probes, have enhanced target recognition and binding, and exhibit little 

immunogenicity or toxicity.  To date, NanoFlares have been used in over 50 studies for studying 

various targets including mRNA, small molecules, ions, and proteins. Although NanoFlares 

constituted the first platform for live intracellular analysis at single-cell resolution, challenges still 

exist.  These challenges include false-positive signal due to non-specific separation of the 

fluorophore and gold nanoparticle quencher, limited quantitative capabilities, inability to 

spatiotemporally track analytes, kinetically slow responses due to partial blocking of the 

recognition strand, and the restriction that only targets with known nucleic acid-based recognition 

sequences can be detected.  My dissertation research seeks to alleviate these challenges through 

the development of next generation SNA constructs for live cell chemical analysis.  In Chapter 2, 

a new class of quencher free signaling aptamers called Forced-intercalation aptamers (FIT-

aptamers) are introduced.  It is shown that FIT-aptamers offer several advantages over state-of-

the-art transduction methods, and enable study of important analytes such as markers of cancer, 

thrombosis, and heavy metal poisoning in complex media. Chapter 3 explores the leveraging of 

these advantageous properties to design the first fluorogenic aptamers capable of sensing steroid 

hormones in clinical serum samples.  Chapter 4 reports the development of a new class of live cell 
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probes based on protein spherical nucleic acids (ProSNAs).  ProSNAs are able to recognize 

analytes using either DNA-based or protein-based recognition, ultimately enabling false-positive 

resistant measurement of analytes in living cells.  Finally, Chapter 5 discusses the outlook and 

future directions for the work covered in this thesis. 
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1.1. Nucleic acids as live cell probes 

Cells are primarily composed of metal ions, small molecules, proteins, lipids, and nucleic acids.[1] 

Over the past few decades, numerous methods have been developed for monitoring these analytes 

and correlating their abundances to fate and health status of the cells. Techniques ranging from 

microscopy and mass spectrometry to assays such as enzyme-linked immunosorbent assay 

(ELISA) and reverse transcription polymerase chain reaction (RT-PCR) have vastly improved our 

understanding of fundamental processes associated with cells.[2–5]  

Many techniques for cellular analysis such as northern blotting, western blotting, fluorescence in 

situ hybridization (FISH), RT-PCR, DNA microarrays, and electron microscopy rely on the 

fixation or lysis of cells.[5–11] Moreover, as the amount of material from one cell is often insufficient 

for accurate analysis, a bulk population of cells is used for methods that analyze cell lysates. 

Information about dynamics of various molecules inside cells and cell-to-cell heterogeneity is 

often lost in such cases due to ensemble averaging. 

The ability to track molecules in live cells is important from a fundamental perspective as it can 

enable one to determine how the spatial distribution of cellular analytes impacts cellular function, 

monitor transient processes, and study the evolution of chemical signatures associated with the 

progression of disease. To highlight this point, Lichtman and Fraser have put forth a useful sports 

analogy: reconstructing a game of American football and identifying its rules from a series of still 

snapshots taken at different timepoints from separate games would be a near impossible task.[12]  
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An indispensable tool for visualizing live cells is light microscopy.[13] However, as methods based 

on fluorescence typically have greater sensitivity than those based on absorbance, numerous 

fluorescent tools have been developed for analysis of cellular analytes in live cells.[14] For example, 

a prominent “zinc spark,” associated with the fertilization of human eggs, could be detected only 

because of advances in live cell imaging with fluorophore reporters.[15] Conventional light 

microscopes provide resolution down to 250 nm, while ~50 nm resolution is regularly achieved 

using super-resolution techniques.[16] These capabilities allow one to not only observe sub-cellular 

organelles, but also can provide resolution down to the single-molecule level.[17]  

Recently, nucleic acid-based probes have gained popularity for visualizing intracellular analytes 

due to several advantageous properties (listed in section 1.1.1). Through judicious selection of 

sequences, a wide variety of targets ranging from nucleic acids to ions, small molecules, and 

proteins inside living cells can be visualized.  

1.1.1. Why nucleic acid-based probes? 

Nucleic acid-based probes are desirable because of their programmable nature, a property that has 

led to key advances in several areas of nanotechnology.[18–21] DNA and RNA oligonucleotides 

(ONTs) can be synthesized across different length scales (1-1,000,000 nt) at relatively low cost, 

either through chemical or enzymatic processes.[22] Moreover, these probes are amenable to 

chemical modifications (e.g. with fluorescent tags or custom bases with specific functionalities) at 

any desired site. Single-stranded probes can be designed to detect other nucleic acids through 

complementary interactions (hybridization-based probes). They can also be evolved through 

combinatorial selection techniques such that they bind to any target molecule of interest (aptamers) 

or catalyze specific reactions (DNAzymes).[23–25] Importantly, these probes, being biopolymers, 
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are biocompatible and non-toxic to cells. Finally, they can be assembled into spherical nucleic 

acids (SNAs) and taken into cells without the need for transfection agents, which are often toxic.[26]  

Taken together, these features make nucleic acids particularly attractive as probes. 

 

Figure 1.1.1-1. Nucleic acid-based probes can be broadly classified into three types: (i) 

hybridization-based probes, (ii) aptamers, and (iii) DNAzymes. Hybridization-based probes are 

single-stranded and recognize complementary targets through Watson-Crick base pairing. For ease 

of identification, complementary regions are colored the same in this figure. Aptamers are 

oligonucleotides evolved through combinatorial selection strategies that can bind to analytes of 

interest including ions, small molecules, and proteins. Aptamers often adopt complex tertiary 

structures that enable target recognition. Alternately, target binding can induce conformational 

changes in their structure. DNAzymes consist of a substrate strand and an enzyme strand 

(containing a catalytic core) hybridized to each other. The substrate strand contains a single RNA 

nucleotide which can be catalytically cleaved in the presence of a target. 

 

1.1.2. The nucleic acid structure  
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Nucleic acids are anionic polymers composed of nucleotide building blocks. Each nucleotide 

consists of three subunits: a nitrogenous base, a five-carbon sugar moiety, and a phosphate 

“backbone” (Figure 1.1.2-1). In this section, we briefly describe the common modifications that 

are made to nucleotides in the context of generating improved sensors (Figure 1.1.2-1). 
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Figure 1.1.2-1. The nucleic acid structure and common modifications to it. Adapted with 

permission from Springer Nature.[27] Copyright (2013)  

Base modifications  
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Five bases form the foundational alphabet of genetic codes: adenine (A), thymine (T), uracil (U), 

cytosine (C) and guanine (G). These bases interact with each other through hydrogen bonds, 

resulting in specific and highly programmable interactions. In classical Watson-Crick base-

pairing, A pairs with T while C pairs with G. In RNA, T is substituted by U. Several types of 

modifications can be made to these standard bases with the goal of increasing stability or 

functionality. For example, Lannes et al. demonstrated that i-motifs, which have pH-dependent 

secondary structures, can be engineered to switch their conformation at more acidic or more basic 

pH by replacing cytosine bases with 5-methylcytosines and 5-bromocytosines, respectively.[28] 

Sugar ring modifications 

In unmodified RNA, the 2’ position on the sugar is hydroxylated, but in DNA it is not (Figure 

1.1.2-1). To impart nuclease resistance, the 2’ position is often modified.[29] Most commonly used 

modifications include the use of 2’-O-methyl (2’-OMe), 2’-O-methoxyethyl derivatives, and 

locked nucleic acids (LNAs).[30–32] These modifications can also impact the melting temperature 

(Tm) of the nucleic acid duplexes. For example, LNAs have been used in developing probes that 

bind more strongly to their target nucleic acids.[33] 

Backbone modifications 

Phosphorothioates (PS), thiophosphoramidates, morpholinos, and peptide nucleic acids (PNAs) 

are common backbone-modified nucleic acids (Figure 1.1.2-1).[34–37] These modifications 

influence the thermal and enzymatic stability as well as solubility of the probes. For example, 

morpholino-based probes for messenger RNA (mRNA) detection afford greater nuclease 

resistance and higher specificity towards their target, albeit at the cost of reduced solubility.[36,38] 
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1.1.3. Types of nucleic acid-based probes 

Nucleic acid-based probes can be broadly classified into three groups: (i) hybridization-based 

probes, (ii) aptamers, and (iii) DNAzymes (Figure 1.1.1-1).   

Hybridization-based probes are designed by leveraging Watson-Crick base pairing to detect 

complementary sequences. Therefore, these probes are used in the detection of nucleic acids 

including mRNA, microRNA, and non-coding RNA.[39–41] Examples of this type of probe include 

those used with FISH, molecular beacons (MBs), and NanoFlares.[42–44]  

Aptamers are ONT sequences that can be designed to bind to any target of interest. These ONTs 

are generated through an in vitro process called systematic evolution of ligands by exponential 

enrichment (SELEX).[23] Aptamers are nucleic acid analogues of antibodies, and recent studies 

have shown that their performance (in terms of binding affinities, detection limits), in several cases 

rivals that of antibodies at reduced cost and greater stability.[45] Moreover, aptamers can be evolved 

using secondary structures alone, without having detailed knowledge of tertiary folding. To date, 

over 500 aptamers have been generated for more than 100 different targets ranging from ions, 

small molecules, proteins, to whole cells.[46] 

DNAzymes are synthetic DNA structures that can catalyze chemical reactions.[24] So far, no 

naturally occurring DNAzyme has been identified.[47] However, DNAzymes are obtained through 

an in vitro combinatorial process by screening a large library of ONTs containing up to 1015 distinct 

sequences.[48,49] These sequences can be evolved as long single-stranded ONTs to bind specific 

substrates and subsequently catalyze chemical reactions. The single-stranded ONT is then 

converted into a two-stranded catalyst. One strand (the substrate strand) consists of a single 
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ribonucleotide and other (the enzyme strand) contains the catalytic core. These two strands are 

hybridized together through complementary binding arms on either side of the 

ribonucleotide/catalytic core (Figure 1.1.1-1). The ribonucleotide can be catalytically cleaved, 

typically, in the presence of specific metal ions. DNAzymes have been used to detect a wide variety 

of metals,[22] although recent work has focused on detecting other analytes such as RNA.[50] 

Combining the advantages of two or more of these classes of probes, hybrid probes can also be 

generated. Probes termed as aptazymes have been designed wherein a DNAzyme is  activated 

only upon aptamer-ligand binding.[51] We further note that the reporting mechanism of a few select 

nucleic acid-based probes solely take advantage of the nanostructures formed by DNA and cannot 

be categorized into any of the above mentioned categories.  For example, fluorophore-labeled 

dextran molecules encapsulated within DNA icosahedrons enable the  imaging of specific 

endocytic pathways as the icosahedrons are taken up by the anionic  ligand binding receptor 

pathway.[52] For the purposes of this review, the probes reported in literature have been classified 

into one of the three broad categories described above based on our perspective of where the design 

can be most effectively described for the reader to follow. 

In Error! Reference source not found., I list selected structures/specific sub-classes of probes 

that are most commonly used along with example targets that have been visualized using these 

probes. Additionally, I enumerate the methods of probe delivery, type of signal readout, as well as 

advantages and disadvantages of each probe type.   

Table 1.1.3-1. Common nucleic acid-based probes 

Probe Type Target type Delivery Method Signaling 

Method 

Advantages and 

disadvantages 
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Linear antisense 

probes 

 

A dye-labeled 

recognition strand 

binds to its 

complementary 

target.  

mRNA,[53] 

snRNA[54] 

rRNA,[54] 

1.Microinjection[54] 

2. Cell 

permeabilization[55] 

3.Cationic lipids[53] 

Fluorescen

ce 

Advantages 

1.Simple probe design 

 

Disadvantages 

1.High background 

2. Unmodified probes 

prone to degradation 

3.Nuclear 

sequestration possible 

4. Requires method for 

transfection (e.g. 

Microinjection, Cell 

Permeabilization, etc.)  

 

Linear FRET 

probes 

 

Hybridization of two 

different linear 

antisense probes to 

adjacent regions of a 

target sequence 

occurs, bringing a 

FRET pair into close 

proximity.  

mRNA,[56] 1.Microinjection[56,5

7] 

2.Microporation[58] 

Fluorescen

ce 

Advantages 

1.Better selectivity 

compared to linear 

antisense probes 

 

Disadvantages 

1. Unmodified probes 

prone to degradation 

2. Nuclear 

sequestration possible 

3. Requires method for 

transfection 

4. Requires binding to 

large stretch of RNA 

for hybridization-

based approach 
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Molecular beacons 

(MBs)/aptamer 

beacons/aptamer 

switch probes 

 

Target binding 

induces opening of a 

hairpin ONT 

sequence, separating 

a fluorophore and 

quencher. 

mRNA,[59] 

miRNA,[60] 

piRNA,[41] 

small 

molecules,[61

] 

proteins,[62] 

temperature[4

3] 

 

1. Microinjection[63–

67] 

2. Cationic 

lipids[41,60,68–72] 

3. 

Microporation[64,73] 

4. Aptamer cell 

recognition[74,75] 

Fluorescen

ce 

Advantages 

1. Better signal to 

noise ratio compared 

to linear antisense 

probes and linear 

FRET probes 

2. Multiplexing 

commonly done 

 

Disadvantages 

1. Prone to 

degradation 

2. Nuclear 

sequestration possible 

3. Requires method for 

transfection 

Dual FRET 

beacons 

 

Two MBs bind to 

adjacent regions of a 

target sequence, 

whereby MB 

opening brings a 

FRET pair near one 

another resulting in 

turn-on of FRET 

signal. 

 

mRNA[76] 1. 

Permeabilization[77] 

2. Electroporation[76] 

3. Microinjection[78] 

Fluorescen

ce 

Advantages 

1 Better signal to noise 

ratio compared to 

linear antisense 

probes, linear FRET 

probes and MBs 

2. Better selectivity 

compared to MBs 

 

Disadvantages 

1. Unmodified probes 

prone to degradation 

2. Nuclear 

sequestration Possible 

3. Requires method for 

transfection 
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4. Requires binding to 

large stretch of RNA 

for hybridization-

based approach 

FIT probes 

 

A duplex sensitive 

dye of the thiazole 

orange family acts 

as a nucleobase 

surrogate in a 

recognition 

sequence such that 

target binding results 

in dye fluorescence 

turn-on. 

mRNA[79] 1. 

Permeabilization[80–

82] 

2. Cationic 

polymer[79] 

3. Microinjection[83] 

Fluorescen

ce 

Advantages 

1. Simple probe design 

(single modification) 

2. Lack of false-

positive signal due to 

degradation 

3. Highly sensitive to 

single nucleotide 

mismatches 

4. Multiplexing 

Possible 

 

Disadvantages 

1. Nuclear 

sequestration Possible 

2. Unmodified probes 

prone to degradation 

3. Requires method for 

transfection 

4. Less bright than 

conventional dyes like 

AlexaFluor488 

5. Fluorescence 

enhancement strongly 

dependent on dye 

location in probe 

ECHO probes 

 

mRNA,[84] 

miRNA,[85] 

1. Cationic lipids[85–

88] 

2. Microinjection[86] 

Fluorescen

ce  

Advantages 

1. Lower background 

signal than FIT probes 
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Generally, two 

thiazole orange 

fluorophores are 

covalently attached 

to one base of a 

recognition 

sequence, forming 

an H-aggregate.  

Target binding 

breaks the H-

aggregate and turns-

on fluorescence.  

 

rRNA,[86] 

small 

nucleolar 

RNA[86] 

2. Multiplexing 

possible 

 

Disadvantages 

1. Nuclear 

sequestration Possible 

2. Unmodified probes 

prone to degradation  

3. Requires method for 

transfection 

4. Fluorescence 

enhancement strongly 

dependent on 

sequence of target 

RNA 

SNA-based 

structures 

 

SNAs consist of 

ONTs covalently 

functionalized 

around a spherical 

nanoparticle core, 

giving the ONTs a 

radial arrangement. 

Examples of 

nanoparticle cores 

used include gold,[44] 

upconverting 

nanoparticles,[89] 

micelles,[90] silica,[91] 

carbon-based,[92] and 

quantum dot[93] 

mRNA,[44] 

miRNA,[89] 

proteins,[94] 

small 

molecules,[95

] pH,[96]  

ions[97] 

Active uptake[44,98] Fluorescen

ce 

SERS[99] 

Advantages 

1. Higher signal to 

noise ratio than 

molecular beacons 

2. Uptake without 

transfection reagents 

3. Resistant to 

degradation 

4. Biocompatible 

5. Multiplexing 

possible 

 

Disadvantages 

1. Difficult to quantify 

endosomal escape 

2. 

Fluorophore/quencher-
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based structures prone 

to false-positive signal 

if degraded 

Structures based 

on ONTs adsorbed 

to nanoparticle 

surface 

 

ONT probes can be 

non-covalently 

associated with 

various nanoparticle 

cores for delivery 

into cells. 

Examples of 

nanoparticle cores 

used include 

gold,[100] 

polymer,[101] 

silica,[102] 

manganese 

dioxide,[103] carbon-

based,[104]  

MOFs,[105] iron-

oxide,[106] and 

quantum dot[107] 

 

 

mRNA,[108] 

miRNA,[100] 

small 

molecules,[10

9,110] pH,[111]  

 

Active Uptake[108] Fluorescen

ce 

Advantages 

1. Uptake without 

transfection reagents 

2. Resistant to 

degradation 

3. Biocompatible 

4. Multiplexing 

possible 

 

Disadvantages 

1. Difficult to quantify 

endosomal escape 

2. 

Fluorophore/quencher-

based structures prone 

to false-positive signal 

if degraded 

3. Leaching of oligos 

from surface possible 

Nanoparticles 

encapsulated with 

ONTs 

 

Nanoparticle cores 

capable of 

encapsulating ONTs 

can be used as a 

miRNA,[40] 

mRNA,[112] 

small 

molecules[61] 

Active Uptake[112] Fluorescen

ce 

Advantages 

1. Uptake without 

transfection reagents 

2. Resistant to 

degradation 

3. Biocompatible 
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means for carrying 

probes into cells. 

Examples of 

nanoparticle cores 

used include 

liposomes[40] and 

polymers.[112]  

4. Multiplexing 

possible 

 

Disadvantages 

1. Difficult to quantify 

endosomal escape 

2. 

Fluorophore/quencher-

based structures prone 

to false-positive signal 

if degraded 

3. Strategy limited to 

use of nanoparticles 

that can be 

encapsulated with 

oligonucleotides 

DNA nanomachine/ 

nanostructure-

Based 

 

DNA can be 

assembled into 1D, 

2D, and 3D 

nanomachines/nanos

tructures that act as 

sensing platforms. 

mRNA,[113] 

miRNA,[114] 

pH,[115,116] 

ions,[117] 

radicals[118] 

Active uptake[113,119] Fluorescen

ce, circular 

dichroism[1

20] 

Advantages 

1. Uptake without 

transfection reagents 

2. Resistant to 

degradation 

3. Multiplexing 

possible 

4. Biocompatible 

 

Disadvantages 

1. Difficult to quantify 

endosomal escape 

2. Involved design 

requiring multiple 

ONT strands 

3. 

Fluorophore/quencher 
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based nanomachines 

prone to false-positive 

signal if degraded 

Genetically-

encoded aptamers 

 

RNA aptamers can 

be expressed in cells 

such that target 

binding allows the 

aptamer to bind a 

dye that results in a 

fluorescent signal 

mRNA,[121] 

small 

molecules,[12

2] 

proteins[123] 

Genetically encoded Fluorescen

ce 

Advantages 

1. Can be expressed in 

cells, so probe 

transfection is not 

necessary  

2. Provides a facile 

way of visualizing 

small molecules and 

metabolites which are 

usually difficult to 

image  

3. Dye has low 

background 

4. Can monitor 

analytes dynamically 

in situ 

5. Multiplexing 

possible, in principle 

 

Disadvantages 

1. Poor folding in vivo 

2. Typically requires 

long exposure times 

(10-100 ms) for 

imaging 

3. Often requires a 

tRNA scaffold to 

promote in cellulo 

folding 
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4. Requires genetic 

modification of cells 

for imaging  

 

1.1.3 Common sensing strategies 

Although numerous strategies relying on nucleic acids as probes have been developed for imaging 

intracellular analytes, most of the techniques employ one or more of the sensing strategies 

enumerated below: 

Single fluorophore label 

ONTs labeled with a single fluorophore can be used for detecting intracellular analytes of interest. 

Examples include probes labeled with commercially available fluorescein isothiocyanate or forced 

intercalation dyes of the thiazole orange family.[53,124] 

Förster resonance energy transfer (FRET) 

Nucleic acid probes based on FRET are designed such that the on/off state is dependent upon 

proximity between a donor and acceptor molecule due to energy transfer between the molecules. 

Examples include fluorophore/quencher MBs and FRET-based DNAzymes.[125,126] 

Nanoparticle-based 

Nanoparticles are commonly interfaced with nucleic acids for use in live cell imaging because they 

often confer advantageous properties over naked nucleic acids.  These properties may be the ability 

to deliver payload into cells without the need of transfection reagents, protect cargo from nuclease 

degradation, act as a source of fluorescence or as a source of quenching (FRET), exhibit plasmonic 
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properties, and capability to absorb near infrared light for transition to a theranostic 

platform.[44,106,127–129]  Examples of nanomaterials used include gold nanoparticles (e.g. SNAs), 

graphene oxide nanosheets, quantum dots, MOFs, etc.  

Amplification  

Incorporating an amplification element into sensing strategies is often used for detecting targets at 

low abundance.  In live cells, target amplification methods like PCR are challenging, and as such, 

signal amplification methods are the most common route to lowering the limit of detection.  

Techniques for signal amplification include hybridization chain reaction (HCR), hairpin DNA 

cascade amplifier (HDCA), and DNA chain reaction (DCR).[72,108,130] 

1.1.4 Design considerations for common application scenarios 

 Nucleic-acid based probes may be used in a variety of detection contexts, broadly classified as (a) 

detecting analytes and studying their spatiotemporal behavior, (b) comparing levels of analytes 

between different cells, (c) sorting rare cells in complex media, and (d) quantifying the amount of 

particular analytes present in a cell. 

In the most simple case, a nucleic-acid based probe can be used to detect the presence of an analyte 

of interest in a cell, in certain contexts yielding important information about cellular state or the 

role of an analyte in disease.[131]  Moreover, probes can be used to study the spatiotemporal 

evolution of key analytes, which can provide fundamental insight into the dynamics of these 

molecules and how these dynamics influence cellular functions.[132,133]  For instance, Sticky-flares 

have been used to show for the first time that β-actin mRNA colocalizes with mitochondria in 

HeLa cells.[134]  Furthermore, ChloropHore has been used for simultaneous tracking of pH and 
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chloride ion concentrations, providing fundamental insight into these analytes’ association with 

Niemann-Pick disease.[117]  Microscopy is the primary technique used in studying spatiotemporal 

behavior of analytes.  However, for such an application, the signaling element of the probe (e.g. 

fluorescent element) must remain associated with the target in the complex celular environment 

for it to be possible to study spatiotemporal behavior.   

It is also of interest to use nucleic-acid based probes for comparing the levels of analytes between 

different cell types.[68,135] This may yield fundamental information concerning the role of an 

analyte in diseased versus healthy cells, or allow one to distinguish different cell types based on 

their relative level of a known intracellular marker.  When comparing distinct cell types, one must 

consider that differences in probe uptake must be accounted for, preferably through ratiometric 

analysis.  Furthermore, if large numbers of cells are to be compared, flow cytometry will give 

relatively fast readouts and is thus preferable to microscopy.   

Next, sorting and isolating rare cells in complex media based on molecular signatures is important 

both in fundamental and application-based situations.[136–138]  For instance, the isolation of a rare 

cell may allow for further fundamental study of its genomic profile. On the other hand, knowing 

that a particular rare cell is present in a sample may allow one to diagnose a disease in a patient— 

an important application of such a strategy.  As before, ratiometric probing is desirable in order to 

normaize probe uptake across the different cells that may be present in a sample. If the isolated 

cells are used for further studies and analysis, the probe used should be biocompatible and not 

impact cellular viability and function.  For example, NanoFlares have been utilized to sort and 

isolate circulating tumor cells from blood based on their mRNA expession. Moreover, the isolated 

cells were subjected to mammosphere analysis to verify their retained viability and 
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functionality.[139] These types of sorting studies involving a large population of cells are best suited 

for fluorescence-activated cell sorting (FACS). 

The last broad classification of detection scenarios concerns the ability to quantify targets 

intracellularly, in contrast to simply detecting or knowing relative amounts. FISH has widely been 

used for absolute quantification of transcript numbers in fixed cells.[9,140]  Methods for quantitative 

probing in live cells usually incorporate a reference probe/dye as an internal control to which the 

signal from the targeting probe is normalized. For example, Tan et al. semi-quantitatively 

measured ATP in live cells using such an approach.[141]   However, absolute quantification of 

intracellular targets in live cells remains a challenge in the field. 

For all these detection scenarios, there are more considerations and challenges associated with 

probe design.  These additional factors are discussed in section 6. 

1.2. Hybridization-based probes 

1.2.1. Linear antisense probes 

Linear antisense ONTs labeled with a fluorophore can be introduced into live cells as a means of 

detecting their complementary mRNA transcript (Figure 1.2.1-1A).  This method is akin to FISH 

done with fixed cells, but the washing step to remove unbound probes is not possible with live 

cells.  As such, mRNA detection with linear ONT probes in live cells has an inherently high 

background signal as bound and unbound probes cannot be distinguished.  In spite of its 

limitations, strategies exist in the literature for mRNA detection using linear ONT probes.  One 

common strategy employed involves adding multiple probes that target the same mRNA sequence, 

such that binding of the probes results in large local fluorescence intensity that can be distinguished 
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from unhybridized probes.[54]  Alternately, mRNA transcripts that are known to localize into 

specific domains would also result in large local fluorescence intensity from probes and can be 

visualized.[55]  Early studies using linear ONT probes done by Politz et al. targeted the poly A tail 

to understand how mRNA is trafficked through the nucleus before its eventual release to the 

cytoplasm.[53]  It was found that in large part, mRNA traffics randomly through the nucleus, and 

therefore, finds nuclear pores by chance before its release into the cytoplasm.  In later studies, 

Molenaar et al. designed probes targeting U1 small nuclear RNA (snRNA), U3 snRNA, 28S 

ribosomal RNA (rRNA), and poly(A) RNA, and were able to detect these targets in the nucleus 

upon microinjection.[54]  Note that although probes were microinjected into the cytoplasm, all 

probes were sequestered into the nucleus after approximately 60 seconds, showing the difficulty 

of the linear ONT approach for imaging targets in the cytoplasm. 

Taken together, linear antisense probes have largely been limited in their use due to their inherently 

high background signal and are as such challenging to apply to targets at lower abundance or 

targets that are more diffuse in cells. Subsequent strategies have sought to create detection 

strategies with higher signal to noise ratio. 
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Figure 1.2.1-1. Working principles of common hybridization-based probes. (A) A schematic of 

linear antisense probes, whereby a dye-labeled recognition sequence binds to its complementary 

target illustrated in the same color.[9]  (B) Linear FRET probes involve hybridization of two 

different linear antisense probes to adjacent regions of a target sequence, bringing a FRET pair 

into proximity that results in a fluorescence signal that can be monitored.[56] (C) In the off state, 

MBs have a duplexed stem region (illustrated in brown) that keeps a fluorophore and quencher in 

close proximity.  Target binding to the loop region (illustrated in light blue) opens the stem region, 

separates fluorophore and quencher, and turns on fluorescence.[125] (D) Dual FRET beacons 

incorporate two MBs that can bind to adjacent regions of a target sequence.  Similar to linear FRET 

probes, binding of the MBs to adjacent regions of a target sequence brings a FRET pair near one 

another, resulting in turn-on of FRET signal.[77] 

1.3. FRET probes 

1.3.1. Linear FRET probes 

The use of linear FRET probes is commonly used to reduce the background from linear antisense 

probes.  In this approach, two linear probes that are complementary to the same mRNA target and 

bind to adjacent regions on the mRNA are synthesized (Figure 1.2.1-1B). The 5’ terminus of one 

probe and the 3’ terminus of another probe are modified with donor and acceptor dyes, 

respectively, such that upon binding to mRNA, the FRET pair is brought close together.  Proximity 

results in a decrease in donor fluorescence emission and increase in acceptor fluorescence 
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emission.  The first studies done by Tsuji et al. used the FRET signal generated from probe binding 

to detect cytoplasmic c-fos mRNA in live COS-7 cells.[56]  Similar to labeled antisense probes, 

linear FRET probes are also quickly trafficked to the nucleus after microinjection. As such, 

cytoplasmic detection required binding the linear FRET probes to a macromolecule (streptavidin) 

to prevent nuclear sequestration.  Okabe et al. also studied c-fos mRNA in COS-7 cells, showing 

that inducing stress on cells results in the localization of c-fos mRNA in stress granules.[57]   Linear 

FRET probes have also been used for detecting single nucleotide polymorphisms in mRNA.  In 

one example, Dahan et al. designed FRET probes capable of detecting a single nucleotide mutation 

in the HRAS oncogene.[58] 

While the linear FRET approach lowers background stemming from fluorescence from unbound 

probes, it also confers an additional benefit from the standpoint of selectivity.  Because two probes 

must bind to adjacent regions of the mRNA sequence, it is highly unlikely that aberrant probe 

binding to mRNA will lead to false positive signal.  However, because RNA is associated with 

proteins and often has complex secondary structure, inaccessibility of stretches of RNA target is a 

problem common to hybridization probes, especially so for linear FRET probes that often require 

~40 bp for targeting.[56]  Furthermore, non-judicious choice of donor/acceptor pairs may lead to a 

large amount of bleed-through of emission signal from the donor into the acceptor channel.[142] 

1.3.2. Molecular beacons 

One of the most common methods for visualizing mRNA in live cells is the use of hairpin ONT 

probes known as molecular beacons, which we refer to as MBs for simplicity.  In the “fluorescence 

off” state of the probe, a stem region is hybridized such that a fluorophore and quencher are close 

to one another.  Target binding to a loop region induces opening of the stem region, resulting in 
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separation of the fluorophore and quencher and introduction of the “fluorescence on” state (Figure 

1.2.1-1C). Generally, signal to noise ratios are higher for MBs than for both linear antisense probes 

and linear FRET probes.[6,125] MBs were introduced by Tyagi et al. in 1996, and first used for live 

cell imaging in 1998.[125]  For instance, Matsuo used MBs to study the distribution of basic 

fibroblast growth factor mRNA in trabecular cells.[59]  In the same year, Sokol et al. leveraged 

MBs for studying β-actin mRNA and Vav mRNA in K-562 cells.[63] 

Since then, numerous papers have been published that take advantage of the utility of MBs.  MBs 

are commonly used for distinguishing different cell types based on mRNA level. In one example, 

a MB designed for a known oncogene, survivin, fluoresced in breast cancer cells (MDA-MB-435 

and MDA-MB-231) but not in normal immortalized mammary epithelial cells (MCF-10A), 

showing that the beacons could successfully differentiate the cells based on survivin level.[68]  

Others, like Kang et al., have synthesized conventional MBs to visualize miR-26a and miR-206 

simultaneously, two microRNA (miR) that are expressed heavily during myogenic differentiation, 

in C2C12 cells.[60]  Targets need not be limited to miRNA or mRNA, as Park et al. have detected 

a class of non-coding small RNAs known as piwi-interacting RNAs (piR-36026 and piR-36743) 

in MCF-7 cells.[41] Others, like Zhao et al.[64]  and Chen et al.[73], have claimed to be able to image 

transcripts at the single molecule level using MBs. 

The fluorophore pairs in MBs need not be fluorophore/quencher pairs.  Following the work of 

Zhang et al.,[143] Bohländer et al. described the use of two wavelength shifting MBs for multiplexed 

miRNA detection.[69] One MB, in the hairpin form, contained a green donor dye and a red acceptor 

dye in close proximity to one another.  In this conformation, exciting the green dye led to emission 

from the red dye.  Upon target binding and opening of the hairpin, exciting the green dye led to 
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emission from the green dye as the two fluorophores were no longer in close proximity.  Another 

MB was designed in the same manner with a blue donor and a yellow emitter.  In this way, four 

colors could be simultaneously monitored for detection of two different targets.  The different 

targets chosen in this paper were miR-21 and miR-31, and they were studied in 293T, SW620, 

RKO, and WiDr cells. 

Yet, one important advantage of fluorophore/quencher MBs is their relative ease of use for 

multiplexed detection.  Namely, FRET is challenging to multiplex because of the difficulty in 

finding commercially available FRET pairs that fluoresce at distinct wavelengths.[144] Medley et 

al. showed that the microinjection of multiple fluorophore/quencher MBs containing dyes 

fluorescing at distinct wavelengths could be used to simultaneously detect mRNA associated with 

β-actin and manganese superoxide dismutase (MnSOD) mRNA in MDA-MB-231 cells.[65]  

A problem with DNA MBs, similar to linear probes, is that they degrade in cells, sometimes within 

30 minutes, leading to false positive signal.[66]  To help alleviate this issue, modifications such as 

LNAs, 2’O-Me RNAs, morpholinos, PNAs, or serinol nucleic acids have been introduced into 

probes to increase biostability.[66,67,73,145–147] Moreover, base modifications can lead to enhanced 

hybridization kinetics, enhanced specificity, and enhanced target affinity.[148] For instance, Wu et 

al. introduced LNA into MBs to increase their stability and reduce their propensity for false 

positive signal due to degradation or protein binding.[66]  LNA-enhanced MBs were functional 

even 24 hours after microinjection into cells, proving useful for long term imaging of MnSOD 

mRNA in MDA-MB-231 cells.  Chen et al. synthesized morpholino molecular beacons (MOR-

MBs) for use in vivo.[67]  They hypothesized that the superior stability, biocompatibility, and 

affinity of morpholinos for RNA would lead to advantageous properties.   MOR-MBs had no 
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increase in non-specific fluorescence signal in medaka fish embryos over the course of two hours.  

In contrast, DNA-MB signal increased gradually over the course of 45 minutes, likely due to 

degradation of the probe by nucleases.  MOR-MBs were also able to distinguish between full 

complement or single base mismatch RNA targets in vivo.  A new class of artificial nucleic acids 

based on a serinol backbone, called serinol nucleic acids, were incorporated into MBs by 

Murayama et al., and used for their enhanced biostability.[147] While imaging was done in fixed 

cells, signal to background ratios as high as 930 times were reported in solution, which was about 

30 times higher for an equivalent MB synthesized with DNA.   

Another issue, similar to other ONT probes already discussed, is that MBs may be sequestered to 

the nucleus following delivery, which is problematic for imaging targets in the cytoplasm. This 

sequestration has been prevented by linking MBs to a macromolecule, nanoparticle, or tRNA 

sequence.[149–151] 

For detecting targets of low-abundance, it is sometimes necessary to employ strategies that amplify 

signal, in turn lowering the limit of detection.  Strategies most often employed involve HCR or a 

slight variation thereof. HCR is an isothermal cascade reaction in which an initiator sequence 

triggers the hybridization of two complementary sequences trapped in metastable hairpin 

conformations.[152]  Incorporating a donor or acceptor dye (FRET pair) into each of the hairpins is 

one common way to interface HCR with a readout event for target detection (Figure 1.3.2-1A).  

Strategies inspired by this approach include cascade hybridization reaction (CHR), developed by 

Cheglakov et al.[70] and branched HCR (b-HCR), developed by Liu et al.[71] 

Inspired by the work of Yin et al.,[153] another amplification strategy was proposed by the Tan 

group in 2015, called hairpin DNA cascade amplification (HDCA, Figure 1.3.2-1B).[72]   The probe 
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set consists of a total of four distinct strands. When no mRNA target is present, two DNA strands 

H1 and H2 are each in the form of a hairpin. Additionally, a fluorophore-labeled “reporter” strand 

is prehybridized to a quencher-labeled strand.  When present, mRNA binds to the toehold region 

of H1, opening the hairpin and exposing bases which can bind to H2, which in turn displaces the 

mRNA due to stronger binding with H1.  This strategy allows the mRNA to participate in more 

rounds of signal amplification. The H1-H2 complex formed has an overhang that is 

complementary to the “reporter” strand. The quencher strand is displaced providing a fluorescent 

readout.  In proof-of-concept studies, MnSOD mRNA, associated with tumor proliferation, was 

detected in MDA-MB-231 cells after transfection of probes with Lipofectamine 3000.  Notably, 

these probes were able to sense MnSOD mRNA even after the mRNA was knocked down using 

cordycepin, a scenario where a low abundance target could be detected. 

 

Figure 1.3.2-1. Two common oligonucleotide-based strategies for isothermal amplication of 

fluorescence signal. (A) Hybridization chain reaction[152] for enabling a FRET-based amplified 

fluorescence readout. The presence of a target sequence initiates a cascade hybridization reaction 
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between two metastable hairpins (H1 and H2) with extended regions of complementarity. 

Incorporation of a FRET-pair, one in the loop region of H1 and the other in the toehold region of 

H2 brings the FRET-pair into close proximity upon HCR. (B) Hairpin DNA cascade 

amplification.[72]  Target binding to H1 exposes a region in H1 that can bind to H2.  This releases 

the target and allows it to bind more H1 strands for amplified signal.  The H1-H2 complex can 

bind to a fluorophore-labeled strand that is pre-hybridized to a quencher-labeled strand, displacing 

the latter and turning on fluorescence. 

One problem with MBs (and linear probes) is that “naked” nucleic acids do not generally enter 

cells on their own, and thus require transfection strategies like cationic liposomes, conjugation to 

a cell penetrating peptide, microinjection, or electroporation.[6] Therefore, many recent approaches 

have sought to use aptamer-based or nanoparticle-based strategies to circumvent the need for these 

methodologies.  While nanoparticle-based strategies will be the subject of a separate section (vide 

infra), we will briefly discuss strategies for aptamer-based entrance into cells in this section.  

 

Figure 1.3.2-2. “On-demand” MBs incorporating an aptamer-targeting nucleolin (AS1411) for 

transfection reagent-free uptake into cells. Irradiation with UV-light activates the MB for use by 

cleaving the PC linkers and detaching the MB from the CP region.  Adapted with permission.[74] 

Copyright (2013) American Chemical Society 

The Tan group has designed MBs that start functioning “on demand” and enter cells without 

transfection reagents (Figure 1.3.2-2).[74]  Their carrier probe molecular beacons (CP/MBs) consist 

of two strands.  One strand of the probe is the MB that is complementary to an mRNA transcript 

of interest.  The other strand is an aptamer plus carrier probe (CP) sequence.  The aptamer chosen 
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(AS1411) has been found to attach to nucleolin, which is a cell surface marker that is present on 

many cancer cells. The authors claimed that binding of the CP/MBs to nucleolin allowed for direct 

cytosolic entry of the probes.  To make the probes “on demand,” photocleavable (PC) linkers were 

incorporated into the CP region. Initially, the CP and MB region are hybridized, not allowing for 

the MB to bind to complementary mRNA in the cell.  Upon UV irradiation, the PC linkers are 

cleaved and the MB is detached from the CP region, allowing the MB to bind to complementary 

mRNA. MnSOD was chosen as a model target and imaged in MCF-7 cells.  Taken together, this 

construct allows for targeted delivery to cells, entrance into cells without transfection reagents, 

and “on demand” activation of the MB allowing for precise spatiotemporally controlled imaging 

in the cell. 

Furthermore, Kim et al. developed RNA aptamer-based probes for detection of miRNA in live 

cells.[75]  To allow for uptake into cells without the need of transfection reagents, mucin1 

(overexpressed in malignant cancer cells)-binding aptamers were hybridized to the probe, resulting 

in probe endocytosis.  As a proof-of-concept, miR-34a was imaged in MCF-7 cells and T47D cells. 

1.3.3. Dual FRET beacons 

One way to increase the signal to noise ratio of MBs is to employ a dual FRET approach (Figure 

1.2.1-1D).  In this design, two different MBs are designed that hybridize to adjacent locations on 

an mRNA transcript of interest.  Each probe contains a fluorophore that can form a FRET pair 

with the fluorophore on the other probe. In the off state, fluorescence of both probes is quenched 

due to close proximity of a fluorophore and quencher.  Upon binding of the MBs to the target, the 

fluorophores are unquenched and brought in close proximity to one another such that they can 

form a FRET pair.  Importantly, with this strategy, one can differentiate signal due to non-specific 
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separation of fluorophore and quencher from actual signal due to binding by monitoring FRET 

signal.  Santangelo et al. used dual FRET MBs to study the KRAS and survivin oncogenes in live 

human dermal fibroblasts and MIA PaCa-2 cells.[77]  Indeed, they were able to show that signal 

due to non-specific separation of fluorophore and quencher could be distinguished from signal due 

to binding, thus reducing false-positive signal.  King et al. have shown the utility of dual FRET 

MBs for detecting Oct4 mRNA and subsequently isolating Oct4 positive pluripotent human 

embryonic stem cells using flow cytometry.[76]   

In spite of the fact that dual FRET beacons can improve signal to noise ratio, they suffer from the 

same limitations that linear FRET probes suffer.  Namely, given the complex secondary structure 

of RNA and its association with proteins, finding large stretches of RNA that are accessible for 

probe binding is a challenge.   

1.4. Quencher-free probes 

1.4.1. FIT probes 

Forced intercalation (FIT) probes were developed in 2005 by the Seitz group as a quencher-free 

method for nucleic acid detection (Figure 1.4.1-1A).[124] FIT probes consist of a sequence of 

nucleic acids and a single intercalator dye of the thiazole orange family, whereby the intercalator 

plays the role of a nucleobase surrogate. Dyes of the thiazole orange family fluoresce when rotation 

around their methine bridge is restricted. Thus, when a FIT probe binds to its complementary 

sequence, methine bridge rotation is hindered, which results in fluorescence being turned on.  

Notably, this strategy results in no false-positive signal as a result of probe degradation, 

overcoming a key limitation associated with MBs.[83] Furthermore, FIT probes offer fluorescence 



67 
 

 
 

enhancement, reported to be as high as 195 times upon addition of complementary target.[154]  

Much of the work in live cell imaging using FIT probes has relied upon the use of peptide nucleic 

acids (PNA) due to their biostability and both rapid and strong hybridization to complementary 

ONTs.[79–81,155,156]  Kam et al., for example, used PNA FIT probes for detection of KRAS mRNA 

inside live cells.[79]  They showed that FIT probes are sensitive to single nucleotide mismatches 

directly adjacent to the intercalator, such that single nucleotide polymorphisms (SNPs) in the 

KRAS gene could be discriminated.  Importantly, a conventional fluorophore/quencher MB was 

unable to discriminate SNPs in the KRAS gene.   

 

Figure 1.4.1-1. Quencher-free probes. (A) FIT Probes incorporate a viscosity sensitive dye, such 

that target binding results in turn-on of the dye[124] (B) ECHO probes contain two dyes (e.g. 

thiazole orange) that are covalently attached to the same base in a probe sequence. In the free 

probe, the dyes form an H-aggregate resulting in attenuated fluorescence emission. Target binding 

breaks the H-aggregation, and the dyes intercalate between the bases in the duplex with 

concomitant fluorescence turn on.[84]  

More recent work in the area has looked into enhancing probe brightness, using more accessible 

nucleobase chemistry, and multiplexing of gene analysis.  Imaging in cells and tissues with high 

sensitivity requires probes that are both responsive and sufficiently bright. Two different 

approaches have been used to enhance FIT probe brightness.  In the first approach, a duplex 

responsive dye (thiazole orange) is paired to a highly emissive dye (oxazolopyridine analogue, 
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JO).[157]  In the single strand, fluorescence is quenched due to dye twisting about the methine bridge 

and dye-dye contact.  Upon binding of complementary target, quenching due to twisting and 

energy transfer are stopped, leading to fluorescence turn-on. TO is believed to play the role of a 

light collector that can transfer excitation energy to the highly emissive JO moiety.[157] As proof-

of-concept, the TO/JO system was used to image oskar mRNA in the tissue of Drosophila 

melanogaster using wash-free FISH.  Recently, mRNA associated with the mCherry protein was 

imaged using this system in live FIp-In™ 293 T-Rex cells expressing the gene.[82] 

An alternative approach for enhancing the brightness of FIT probes involves the use of locked 

nucleic acids (LNAs).[83]  Hövelmann et al. showed that the introduction of an LNA base directly 

adjacent to the duplex responsive dye introduces further rigidity in the local environment of the 

dye, resulting in more restricted rotation around the methine bridge and a concomitant increase in 

final brightness upon target hybridization.  LNA-enhanced FIT probes were then used to track in 

real time oskar mRNA associated with ribonucleoproteins in Drosophila melanogaster. 

Although PNAs impart increased nuclease resistance to the probes, they suffer from several 

limitations. The neutral backbone of PNAs renders them less soluble compared to conventional 

phosphate backbone-based ONTs and makes them susceptible to aggregation. Moreover, PNA 

synthesis is more costly than conventional nucleic acid synthesis and common protocols for 

nucleic acid transfection are not applicable to them. Therefore, recent work in FIT probes has 

focused on alternate strategies, for example, by modifying the sugar moieties in ONTs with 

phosphate backbones.[158]  2’-O-Me RNA and LNAs have been used in FIT probes due to their 

resistance to nuclease degradation and both rapid and high affinity binding to complementary 

nucleic acids.[83,154]  FIT probes made of DNA have also been used for live cell imaging.[159] 
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Recently, the Seitz group reported the development of four new dyes for use in FIT probes.[154] Of 

these, three showed fluorescence enhancement upon addition of complementary target.  

Importantly, the new dyes fluoresce in distinct wavelength regimes, allowing later studies to do 

multiplexed live cell imaging of the poly A tail of mRNA and different regions of mCherry mRNA 

in Flp-In 293 T-REx cells. [159] 

1.4.2. ECHO probes 

A variant of FIT probes are exciton-controlled hybridization-sensitive fluorescent ONT (ECHO) 

probes (Figure 1.4.1-1B).  When two thiazole orange fluorophores are covalently attached to the 

same base of a nucleic acid sequence and arranged parallel to one another (H-aggregation), 

fluorescence is largely attenuated due to excitonic interactions between the two fluorophores.  

Upon complementary nucleic acid binding, the H-aggregate is broken and each thiazole orange 

intercalates into the duplex such that fluorescence is turned on.[160] Early studies to assess the 

feasibility of ECHO probes in live cells consisted of designing probes targeting the poly A tail of 

RNA.  Microinjecting these probes into HeLa cells resulted in fluorescence intensity observable 

in the cytoplasm and nucleus as a result of probe binding to target.[84]   

To aid in multiplexed imaging, Ikeda et al. developed new fluorophores capable of use in ECHO 

probes.[85]  While those fluorophores that were originally developed ranged in emission maxima 

from 455 nm to 677 nm, more recently near-IR dyes have also been developed for ECHO 

probes.[87]  To show the capability of multiplexed live cell detection, ECHO probes with three 

different dyes were designed to target three different miRNA sequences.  Microinjected probes 

proved useful for detecting the targeted miRNA in the nucleus of HeLa cells.[85] 
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Efforts have also been made to introduce base modifications to ECHO probes, as unmodified DNA 

probes are quickly degraded in cells, making long-term live cell imaging challenging.  For 

instance, a 2’-O-Me-modified ECHO probe targeting the poly-A tail of RNA was used for imaging 

of HeLa cells.[88]  Time-resolved imaging showed that fluorescence was much more intense at the 

mitotic phase than at the interphase, implying that relatively large quantities of mRNA are 

expressed as the cell divides.   Later studies have shown the capability of ECHO probes to detect 

other intracellular RNA targets, including 28S rRNA and U3 small nucleolar RNA.[86] 

1.4.3. Miscellaneous quencher-free probes 

Min et al. took advantage of aggregation-induced emission for detection of miRNA.[161]  DNA 

probes complementary to a target of interest were synthesized with aggregation-induced emission 

luminogens (AIEgens) on the 5’ end.  Upon binding of target, a duplex is formed.  Addition of 

exonuclease III results in successive removal of mononucleotides from the probe sequence and 

subsequent release of both the RNA target and the AIEgens.  The AIEgens are free to aggregate 

and turn on fluorescence, while the RNA target is free to bind to more probe, thus amplifying 

signal.  The probe was efficacious in detecting miR-21 in HeLa and MCF-7 cells (high expression), 

and human lung fibroblast cells (HLF) (low expression).  

Ro et al. leveraged the unique optical properties of pyrene-linked adenine (PyA) derivatives to 

detect miRNA in live cells.[162]  The probe sequence was designed such that in the presence of the 

target miRNA, the PyA moieties were brought to close proximity that resulted in a wavelength 

shift in emission from 455 to 600 nm.  A detection limit of 0.63 nM was found in solution, and the 

strategy was used to image miR-21 in HeLa, MCF-7, and NIH-3T3 cells successfully.   
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Østergaard et al. have developed quencher-free MBs.[163]  2′-N-(pyren-1-yl)carbonyl-2′-amino 

LNA monomers are incorporated into the loop region of a MB.  Little fluorescence is seen for 

these LNA monomers when in a single stranded region, but significant fluorescence turn-on is 

observed when present in a duplexed strand.  These so called “glowing LNAs” were used to image 

mRNA corresponding to component X of pyruvate dehydrogenase complex in 3T3-L1 cells. 

1.5. Nanoparticle-based probes 

1.5.1. Gold nanoparticle-based 

1.5.1.1. Nanoflare 

NanoFlares were invented and reported in 2007 by the Mirkin group as a new tool for studying 

mRNA (Figure 1.5.1-1A).[44]  NanoFlares are SNA gold nanoparticle conjugates and consist of a 

dense shell of duplex DNA on a gold nanoparticle surface. One strand of the duplex, called the 

recognition strand, has a track (e.g. ~20 base pairs) complementary to an mRNA target of interest. 

The other strand of the duplex, called the flare strand, consists of a fluorophore and typically has 

~8 base pairs of complementary to the recognition strand. When the recognition strand and flare 

strand are hybridized, the gold nanoparticle quenches fluorescence of the flare strand due to close 

proximity between the gold and the fluorophore. When the mRNA target of interest is present in 

the cell at sufficient concentrations, the mRNA binds to the recognition strand and the flare 

sequence is displaced, resulting in fluorescence turn-on.[164] Owing to the dense packing of DNA 

on the nanoparticle surface, NanoFlares exhibit high cellular uptake without the need for 

transfection reagents, display enhanced resistance to nuclease degradation in comparison to free 

nucleic acid probes, and exhibit little immunogenicity or toxicity.[165] In the first studies, 
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NanoFlares were used to differentiate between different cell lines based on expression of mRNA 

associated with the oncogenic marker survivin.  Specifically, cells that do not express survivin 

(C166 cells) were differentiated from cells that express large amounts of survivin (SK-BR-3 

cells).[44]   

As NanoFlares bind to mRNA, studies in 2009 by Prigodich et al. showed that the platform can be 

used for the simultaneous detection and regulation of survivin in HeLa cells.[166]  Consistent with 

previous studies, detection of survivin required relatively low concentrations and treatment times 

of NanoFlares with HeLa cells (0.5 nM and 6 h) while regulation required relatively high 

concentrations and treatment times (5 nM and 4 days) of NanoFlares with HeLa cells.   
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Figure 1.5.1-1. Common gold nanoparticle-based hybridization probes. (A) In the off state of a 

NanoFlare, a fluorophore-labeled flare strand is hybridized to a gold-bound recognition strand, 

allowing for gold to quench fluorescence. Target binding to the recognition strand displaces the 
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flare sequence, separates it from gold, and turns on fluorescence. [44] (B) In the StickyFlare 

construct, the fluorophore-labeled strand is designed to be complementary to the target. 

Therefore, upon probe-target binding, the target can be monitored, providing valuable 

spatiotemporal information about its dynamics. [134] (C) Gold MBs consist of fluorophore-

labeled hairpin ONTs conjugated to the surface of gold nanoparticles. The principle of action 

is the same as that of MBs, except the central gold nanoparticle acts as a quencher. [98] (D) As 

opposed to chemical conjugation, fluorophore-labeled ONTs may also be adsorbed onto 

surface-coated gold nanoparticles. For example, as depicted in the figure, fluorophore-tagged 

hairpin ONTs can be adsorbed onto polydopamine (colored black)-coated gold 

nanoparticles.[167,168] Polydopamine acts as a further source of quenching and can be utilized in 

photothermal therapy due its ability to absorb NIR light. (E) Anisotropic gold nanoparticles 

have also been used as cores. For example, a gold nanorod (functionalized with the recognition 

strand) that acts as a quencher can be attached to a gold nanocross (functionalized with a 

complementary fluorophore-labeled strand). Upon target binding, the fluorophore-labeled 

strand attached to the nanocross is released, inducing fluorescence turn on. The presence of the 

nanocross further enhances the fluorescence due to surface enhanced resonance. [169]  

Further work has leveraged the capability of NanoFlares to become the first example of a genetic 

based approach for simultaneous detection and isolation of live circulating tumor cells (CTCs) in 

and from human blood.[139]   Vimentin and fibronectin, both known markers of the epithelial to 

mesenchymal transition (EMT), were targeted using Nanoflares.   A known quantity of mCherry 

expressing MDA-MB-231 cells was added to samples of whole human blood, followed by 

incubation with either vimentin, fibronectin, or scramble control NanoFlares.  mCherry positive 

and flare (Cy5) positive cells were isolated using flow cytometry.  The NanoFlare was shown to 

detect as few as 100 CTCs in whole blood samples with an average recovery of cells of around 

68%, on par with other techniques for CTC isolation.[170]  In a different experiment, a GFP-

expressing recurrent cell line known to form mammospheres was spiked into whole human blood.  

Cells isolated for GFP fluorescence and flare (Cy5) fluorescence were then subjected to a 

mammosphere analysis.  As expected, isolated cells were capable of forming mammospheres 

indicating that these cells were indeed the GFP-expressing cells originally spiked into human blood 

and that NanoFlares had no detrimental impact on cell viability. 
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Recently, NanoFlares have been used for numerous applications ex vivo and in vivo.  For instance, 

Yeo et al. utilized NanoFlares for abnormal scar detection.[135]  The connective tissue growth factor 

(CTGF) mRNA is overexpressed in incidences of hypertrophic and keloidal scars, resulting in 

overproduction of collagen.  In vitro, CTGF-targeting NanoFlares could be used to distinguish 

between keloidal scar fibroblasts (KSFs), hypertrophic scar fibroblasts (HSFs), and non-diseased 

dermal fibroblasts (NSFs).  Mixing CTGF NanoFlares and HSFs together in matrigel and 

subsequent subcutaneous injection into mice showed that detection was possible in vivo as well. 

However, because human skin has more epithelial skin layers than mouse skin, it is in challenging 

to detect markers of aberrant scar formation in human skin.  Using an ex vivo model of human 

skin, the study showed that NanoFlares infiltrate past the epidermis and distribute in the dermis.  

Importantly, the penetration depth of NanoFlares was sufficient to detect HSFs that had been 

injected into the dermal region of an ex vivo skin sample. Taken together, these findings are 

significant, since the NanoFlare has the potential to change paradigms in skin disease diagnosis 

from histopotalogy and biopsy to something non-invasive that is more amenable to earlier 

detection of aberrant scars. 

Another example of NanoFlares used for investigating skin wound models comes from Vilela et 

al.[171]  Wound healing involves an epithelial to mesenchymal transition, and as such monitoring 

of vimentin mRNA using NanoFlares can be used as a handle to monitor the progression of the 

process. Indeed, the study showed that light-sheet microscopy could be used to study the 3-

dimensional distribution of vimentin mRNA in whole tissue samples obtained from mice. 

Recently, Moros et al. used gold NanoFlares for detection of mRNA in live Hydra vulgaris 

organisms.[172]  Their study targeted Hymyc1 mRNA, which is a member of the MYC family of 
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proto-oncogenes.  After incubating Hydra polyps with NanoFlares targeting Hymyc1, the group 

found no toxicity to the organism due to the NanoFlares.  Furthermore, animals treated with 

Hymyc 1 targeting NanoFlares showed fluorescence in their body column, but neither in their head 

nor tentacles, as expected.  Scrambled NanoFlares with no target in the organism showed no 

fluorescence after incubation, while positive control NanoFlares targeting poly A RNA fluoresced 

throughout the organism, as expected.   In another successful use of NanoFlares, Sozer et al. have 

recently used NanoFlares to detect single nucleotide mutations in Janus kinase 2 mRNA.[173] 

Slight variations in the original NanoFlare design have led to NanoFlares with additional 

capabilities. For example, multiplexed NanoFlares were developed in 2012 to detect multiple 

mRNA transcripts with a single construct.[39]  Recognition sequences targeting both β-actin and 

survivin were conjugated to the same nanoparticle.  By hybridizing flare sequences containing 

either Cy3 (β-actin) or Cy5 (survivin), both targets could be simultaneously detected.  Notably, 

simultaneous detection allowed for normalizing survivin flare signal to flare signal from a 

housekeeping gene, narrowing the normally broad distribution of fluorescence values seen due to 

differences in probe uptake and flare degradation amongst individual cells.  The Tang group has 

also leveraged the strategy of multiplexed detection.   In one example, mRNA associated with 

three different oncogenes was detected with a single construct.[174]   

One improvement to the original NanoFlare was introduced by Yang et al. in 2015 in the form of 

FRET NanoFlares.[175]  In this design, the flare strand contains an acceptor dye on the 3’ end and 

a donor dye on the 5’ end.  When mRNA binds to the recognition sequence, the flare strand is 

displaced.  With the proper flare sequence design, the strand folds into a hairpin upon 

displacement, bringing into close proximity the donor and acceptor dye and allowing for the 
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monitoring of FRET signal as the readout for mRNA binding.  This new design holds a key 

advantage over the original NanoFlare design.  Namely, no false-positive signal should be seen 

due to nuclease degradation or destruction of the gold-sulfur bond.  However, this strategy does 

suffer from the need of having a dual fluorophore-labeled flare strand and necessitates more 

intricate flare sequence design. 

A variant of the NanoFlare design was introduced in 2015 that allowed for simultaneous detection 

and tracking of mRNA transcripts, termed the Sticky-Flare (Figure 1.5.1-1B).[134]  In the Sticky-

Flare construct, the flare strand tagged with a fluorophore is complementary to the target mRNA, 

such that following binding, the mRNA can be tracked in real time.  Sticky-Flares designed to 

target β-actin mRNA allowed for study of the mRNA’s real time dynamics and final localization.  

β-actin mRNA in HeLa cells was observed to co-localize with the mitochondria, marking the first 

time this phenomenon has been observed in this cell line. 

Other design variations have sought to add signal amplification to NanoFlares.  Liang et al. 

recently developed an entropy driven amplifier in conjunction with conventional NanoFlares, 

reaching a detection limit of 8 pM in solution and imaging miR-21 in MCF-7, HeLa, HEK293, and 

MRC-5 cells.[176]  Moreover, Li et al. recently interfaced FRET NanoFlares with an amplification 

element for sensitive miRNA detection.[177]   This approach was able to detect miR-let-7a in cells 

with high expression (MCF-7) and cells with relatively low expression (A549). 

Commercially available NanoFlares have also been used successfully by a number of groups for 

studying genetic content in live cells.[178–181] 

1.5.1.2. Gold nanoparticle molecular beacon 
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Gold nanoparticle molecular beacons (NP-MBs), also variants of SNAs, offer a number of  

potential key advantages, including resistance to nuclease degradation and entrance into cells 

without the need of transfection reagents.  Gold NP-MBs consist of a dye-labeled hairpin DNA 

sequence functionalized to a gold nanoparticle (Figure 1.5.1-1C).  When the hairpin is closed, the 

dye is in close proximity to the gold, leading to the fluorescence off state due to gold quenching 

of fluorescence.  When the target mRNA binds the DNA sequence, the hairpin is opened such that 

the dye is separated from the gold and fluorescence is turned on.  Note that this strategy requires 

careful design of the MB sequence, as hairpin opening must result in sufficient distancing of the 

fluorophore and gold at risk of observing weak signal.  Early work in this area was done by Harry 

et al., who were able to detect tyrosinase mRNA in melanoma cells.[182]  Others, like Xue et al., 

have detected oncogenes like STAT5B in MCF-7 cells.[183] Uddin et al. have used NP-MB for 

detection of VCAM-1 mRNA, a marker of inflammation, in retinal microvascular endothelial 

cells.[184]  Work by Qiao et al. has expanded on the original construct by conjugating two different 

MBs on the gold surface to do multiplexed analysis of survivin and cyclin D1 mRNA.[185]  

Jayagopal et al. simultaneously imaged GAPDH mRNA and respiratory syncytial virus (RSV) 

mRNA in Hep-2 cells.[98]  In another example from the Tang group, four different oncogenes were 

detected simultaneously using a gold NP-MB.[186] 

Examples of theranostic platforms also exist.[187,188]  For example, in 2015, Bao et al. used an in 

vivo murine model of gastric cancer to show that gold NP-MBs were able to simultaneously 

detect, target, and knock-down the expression of the oncogenic KRAS gene. [187]   

Moreover, Pan et al. have developed constructs capable of simultaneous detection of mRNA and 

matrix metalloproteipnases (MMPs).[94] MBs specific for TK1 mRNA and GalNAc-T mRNA 
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along with fluorophore-labeled peptides that are cleaved in the presence of MMP-2 and MMP-7 

were functionalized to the surface.  MB opening and peptide cleavage separated fluorophore from 

gold, yielding fluorescence.  The probe proved useful for the simultaneous monitoring of these 

cancer associated biomarkers in MCF-7 and MCF-10a cells.  Pan et al. have devised a slight 

variation of the original design to allow multiplexing using monitoring of a FRET signal.[189]   

1.5.1.3. Surface-coated gold nanoparticles 

Some have coated gold nanoparticles with polydopamine (PDA) as part of their platform.  PDA is 

attractive becaucse it permits immobilization of probes onto the surface through π-π interaction 

rather than tedious chemical conjugation, acts as another source of fluorescence quenching, and 

can be used in photothermal therapy because it absorbs light in the near infrared region.[100,190–192]  

Choi et al. coated gold nanoparticles with PDA and subsequently adsorbed fluorophore-labeled 

hairpin probes targeting miRNAs of interest (Figure 1.5.1-1D).[100,167]  Duplexing with the miRNA 

causes release of the probes from the surface and subsequent fluorescence turn-on.  The probe 

proved useful for long term imaging of miR-29b and miR-31, two osteogenic markers, in hMSCs 

and primary osteoblasts.   In particular, a time-dependent fluorescence was seen in primary 

osteoblasts and hMSCs going through osteogenic differentiation.  Importantly, fluorescence signal 

in these cells was visible for up to 5 days. On the other hand, fluorescence was neither seen in 

hMSCs that had not differentiated nor in 3T3 fibroblasts, as expected.   

Furthermore, Zheng et al. developed a NanoFlare-like construct using PDA-coated gold 

nanoparticles.[168]  Target binding to the recognition strand results in the fluorophore strand’s 

displacement, leading to fluorescence turn-on. This probe was used to image miR-21 in HeLa cells. 
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Taking advantage of PDA’s ability to absorb near-infrared light and potential as an agent for 

photothermal therapy, they showed that laser irradiation of HeLa cells treated with the probe 

resulted in a large decrease in cell viability.   

Liu et al. have used PDA-coated gold nanoflowers for miRNA detection.[193]  Nanoflowers were 

used for their high surface area providing access to higher loading densities of ONT probes. Two 

different hairpins are first adsorbed to the PDA-coated surface, whereby one of the hairpins is 

fluorophore-labeled.  The target of interest opens the fluorophore-labeled hairpin, leading to 

fluorescence turn-on.  Opening of the first hairpin also leads to exposure of a region that can bind 

to the second hairpin, whereby binding of the second hairpin leads to displacement of the bound 

target.  In this way, the target is recycled to allow for binding to another fluorophore-labeled 

hairpin, leading to amplified signal.   A low detection limit of 400 fM was found in solution.   This 

amplification strategy was used for imaging miR-21 in HeLa cells.  

Wu et al. developed the first example of HCR between hairpin probes for live cell mRNA 

detection.[108]  Their construct consists of a gold nanoparticle coated with a layer of cationic 

peptides that are electrostatically complexed with hairpin DNA.  Two different hairpin DNA are 

associated with the surface, each with a fluorophore that when near the other will form a FRET 

pair.  While associated with the surface, the fluorescence of the dyes is quenched by the gold 

nanoparticle, leading to the probe “off state.”  The target mRNA triggers HCR between the hairpins 

leading to the “fluorescence on” state in which multiple FRET pairs are formed.  The authors 

claimed a limit of detection of ~0.5 pM in beaker studies.  Interestingly, the authors also noted that 

the constructs bypassed endosomes and entered the cytoplasm directly, enabling them to image 

survivin mRNA in HeLa cells. 
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1.5.1.4. Other gold-based approaches 

Constructs with gold nanorod cores also have been studied.  Interestingly, it has been reported that 

constructs based on gold nanorods exhibit nearly two fold higher signal to noise ratio than 

constructs based on gold nanospheres.[194]  Furthermore, because gold nanorods absorb near 

infrared light, they have been widely used in the literature for photothermal therapy, making them 

candidates for use in theranostic platforms.[195–197] 

In a strategy analogous to that used with spherical gold NP-MBs, Wang et al. used gold nanorod 

MBs for detection of Dll4 mRNA in HUVEC cells.[194]  Importantly, they were able to track Dll4 

mRNA and study its dynamics in individual cells.   In another example, Riahi et al. used gold 

nanorod MBs for studying β-actin and HSP70 mRNA in human breast adenocarcinoma cells and 

mice tissues.[198]  

Sun et al. developed a dual FRET/surface enhanced resonance nanosensor composed of both gold 

nanorods and gold nanocrosses (Figure 1.5.1-1E).[169]  The recognition strand is conjugated to a 

gold nanorod, while a fluorophore-labeled complementary strand is conjugated to a gold 

nanocross.  In the case where the two strands are hybridized, the fluorophore is in close proximity 

to the gold nanorod and fluorescence is quenched.  When the target binds the recognition strand, 

the fluorophore-labeled strand conjugated to the gold nanocross is displaced, resulting in 

fluorescence turn-on.  However, surface enhanced fluorescence is also observed due to the 

presence of the gold nanocross, resulting in further increase in fluorescence of the dye. The authors 

used the construct to study miR-21 in HepG2, H9C2, and BRL cells. Yan et al. electrostatically 

complexed probe sequences with polyethylenimine (PEI)-modified gold nanorods to achieve 

miRNA detection with amplified signal.[199]   The first element of their system is a quencher 
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containing recognition strand prehybridized with a fluorophore containing strand.  Target binding 

displaces the fluorophore-labeled strand, leading to fluorescence.  Adding a fuel strand displaces 

the bound miRNA target, allowing the target to participate in more fluorophore strand 

displacement events to amplify signal.  The nanosensor was used for detection of miR-21 in MCF-

7 tumor bearing mice.  Photothermal therapy was also done, as NIR irradiation of the constructs 

led to reductions in tumor volume. 
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Figure 1.5.1-2. Selected upconverting nanoparticle-based hybridization probes. (A) A dual gold 

nanoparticle/upconversion system that allows for simultaneous monitoring of luminescent and 

circular dichroism (CD) signal change upon binding of miRNA.  Target binding leads to structural 

disassembly, giving increased luminescence and decreased CD signal. Adapted with 

permission.[120] Copyright (2016) American Chemical Society. (B) AuNR/UCNP satellite 

assembly that is disassembled upon target binding, leading to increase in luminescence due to 

separation of UCNP and AuNR.   A more detailed description of the platform is given in section 

2.4.2. Adapted with permission.[89] Copyright (2018) American Chemical Society. (C) A 
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schematic of a AuNR@Pt-UCNPs satellite assembly that can detect both miR-21 and telomerase 

simultaneously.  miRNA binding leads to separation of the nanorods and a change in Raman signal, 

while telomerase presence leads to separation of gold nanorods and UCNPs and a subsequent 

luminescence signal. Adapted with permission.[200] Copyright (2017) American Chemical Society.  

1.5.2. Upconverting nanoparticle-based 

Certain upconverting nanoparticles (UCNPs) have found use in live cell imaging due to their 

biocompatibility, high photostability, and unique optical properties.[89,120,201,202] These 

nanoparticles absorb two or more lower energy photons and emit a higher energy photon. In the 

context of live cell imaging, this property allows probes to be excited with near-IR light and 

observe emission in the visible range, thereby overcoming issues related to cellular 

autofluorescence. Li et al. have explored a nanoparticle strategy where a luminescent and circular 

dichroism (CD) signal can be simultaneously monitored using gold-upconverting nanoparticle 

(Au-UCNP) pyramids for detection of miRNA in live cells ( 
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Figure 1.5.1-2A).[120]  In the initial state, DNA linkages between nanoparticles result in the 

formation of a pyramidal structure.  Binding of an miRNA sequence to a recognition region in the 

pyramid results in structure disassembly and subsequent separation of the gold nanoparticles and 

UCNPs.  This separation is accompanied by an increase in luminescent signal (excitation = 980 
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nm, emission = 540 nm) from the UCNPs and a decrease in CD signal at 521 nm that can be 

monitored.  To assess the feasibility of this strategy for miRNA detection in live cells, Au-UCNP 

pyramids were designed and synthesized for miR-21.  HeLa cells were either transfected with miR-

21 to increase its level or an miR-21 antisense sequence to decrease its level.  Indeed, luminescent 

signal increased and CD signal decreased as the intracellular level of miR-21 increased.  However, 

as the level of miR-21 was decreased in the cell, it was found that monitoring CD signal led to a 

4-fold improvement in detection limit when compared to luminescence monitoring.  This is 

important because it may potentially lead to the design of ultra-sensitive probes for intracellular 

detection based on monitoring CD signal, rather than solely monitoring luminescence signal. 

Gao et al. have used upconverting nanoparticles for mRNA and miRNA detection in live cells ( 
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Figure 1.5.1-2B).[89]  Gold nanorods are coated with a platinum shell and conjugated with DNA 

sequence #1, while upconverting nanoparticles are conjugated with DNA sequence #2.  To create 

Au NR@Pt-UCNPs satellite assemblies, DNA sequence #1 and DNA sequence #2 are linked 

together using DNA sequence #3, which is a recognition sequence for an mRNA of interest.  When 
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the mRNA is not present, the satellite assembly is intact and the luminescence of the upconverting 

nanoparticles is quenched.  In the presence of the target mRNA, binding to the recognition 

sequence results in disassembly of the Au NR@Pt-UCNPs satellites, resulting in separation of the 

UCNPs from the Au NR@Pt and luminescence turn-on.  In solution, the authors found that Au 

NR@Pt-UCNPs have a detection limit of 1.3 pM. Their efficacy in MCF-7, HeLa, and PCS-460-

010 cells was confirmed by detecting TK1 transcripts, with relative luminescence intensities in the 

cell line corresponding to levels reported q-PCR.  Finally, to show the versatility of the platform, 

miR-21 in HeLa cells was also imaged. 

Ma et al. showed the utility of gold nanorod/UCNPs for simultaneous surface-enhanced Raman 

spectroscopy (SERS)/luminescence-based detection of miR-21 and telemorase in HeLa, MCF-7, 

and primary uterine fibroblast cells ( 
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Figure 1.5.1-2C).[200]  A recognition strand (DNA 1) on one nanorod is prehybridized to a different 

strand (DNA 2) on another nanorod.  This hybridization brings the gold nanorods in close 

proximity.  Target binding to the recognition strand dehybridizes the sequences, leading to 

separation of the nanorods.  When the SERS tag 3,3′-diethylthiatricarbocyanine iodide (DTTC) is 
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loaded on the nanoparticle surface, this target binding induced separation leads to a decrease in 

Raman signal that can be monitored.   To detect telomerase, the gold nanorods are further 

conjugated with a telomerase primer (TP) sequence while upconverting nanoparticles are 

conjugated with a mismatched sequence.  The two components are “glued” using a linker strand, 

putting the upconverting nanoparticles near the gold nanorod and turning off fluorescence. 

Telomerase-induced extension of the TP strand results in release of the upconverting nanoparticles, 

leading to fluorescence turn-on. 

1.5.3. Cationic liposome-based 

Liposomes are attractive because of their biocompatibility, biodegradeability, ability to enter cells 

without transfection reagents, and ability to protect cargo from degradation through 

encapsulation.[40,203] 

Kim et al. have used hyaluronic acid-coated liposomes for detection of miR-34a.[40]  The 

hyaluronic acid coating allows for targeting CD44 for endocytic uptake into cells. Liposomes 

encapsulate within them duplexed strands composed of a fluorophore-labeled recognition strand 

and a short quencher-labeled strand. Disassembly of the liposome in acidic endosomes is believed 

to lead to endosomal membrane destabilization and subsequent release of probe into the cytoplasm. 

Target binding to the recognition strand displaces the quencher strand, recovering fluorescence. 

Beyond imaging miR-34a in cancerous cells in vitro, the study was also able to show the efficacy 

of the construct for imaging miR-34a in real time in a mouse breast cancer model.  

Han et al. have made use of a similar liposome-based strategy.[204]   Unlike Kim et al., no targeting 

moiety is used on the surface, and uptake is hypothesized to be due to both endocytosis and cell 
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membrane/liposome fusion.  Indeed, they were able to show the utility of their sensor for 

monitoring miRNA associated with adipogenesis.  In particular, constructs targeting miR-181a, 

miR-21, and miR-31 were incubated with bone marrow mesenchymal stromal cells during 

different differentiation days.  As expected, miR-181a and miR-21 expression increased while 

miR-31 expression decreased as adipogenesis proceeded. 

1.5.4. Polymer core-based 

Wiraja et al. employed PLGA nanoparticles encapsulating MBs for mRNA detection,[112] using 

these constructs for studying the dependence of β-actin mRNA in MSCs on culture condition (2D 

vs. 3D culture).[112]  Furthermore, chitosan has been used as a model for a positively charged 

polymer core for MB delivery.[101]  Zhu et al. electrostatically complexed MBs with the chitosan 

nanoparticles, and used them for detection of MiR-155 in A549, SPC-A1 and PC-3 cells. 

Linear FRET probes have been delivered using cationic shell-crosslinked knedel-like 

nanoparticles (cSCKs).[205]  2 PNA recognition probes labeled respectively with a donor and 

acceptor fluorophore are each hybridized to short DNA strands to allow for electrostatic 

complexation with cSCKs.  Upon endocytosis, it is believed that cSCKs disrupt the endosomal 

membrane and release probes into the cytoplasm.  Target binding displaces the short DNA 

complement on both strands.  In turn, binding of the fluorophore-labeled recognition strands to 

adjacent regions in an mRNA of interest can be monitored through FRET signal.  A gene 

associated with inflammation, inducible nitric oxide synthase (iNOS) mRNA, was studied in RAW 

264.7 cells. 

1.5.5.  Micelle-based 
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Chen et al. have developed MB micelle flares (MBMFs).[90]  MBs conjugated to diacyllipids self-

assemble into micellular structures with a diacyllipid core and MB shell.  Advantages of such a 

construct include ease of synthesis, biocompatibility, enhanced resistance to nuclease degradation, 

and uptake into cells without the need of transfection reagents. MBMFs designed to target a known 

oncogene c-Raf-1 were tested in A549 cells (lung cancer) and HBE135 cells (healthy lung cells).  

Indeed, MBMFs fluoresced much more strongly in A549 cells than in HBE135 cells.  As a negative 

control, it was shown that non-targeting MBMFs do not fluoresce in A549 cells, indicating the 

probe was also specific.   

Zhang et al. adopted the same structure for use as a theranostic platform.[206]  This time 

doxorubicin, a known cancer drug, was incorporated into the MB stem and in the micelle’s 

hydrophobic core.  Indeed, the constructs proved useful for differentiating cells based on MDR1 

mRNA expression, a gene associated with multidrug resistance.  Furthermore, their constructs 

proved useful for knocking down MDR1 through an antisense mechanism.  Lastly, release of 

doxorubicin from the core resulted in high chemotherapeutic efficiency of the theranostic agent in 

OVCAR8/ADR cells.  

1.5.6. Silica core-based 

Li et al. delivered probes targeting miR-21 into live MCF-7 cells using silica nanoparticles doped 

with Ru(bpy)3
2+ for their strong photostability and biocompatbility.[91]  The recognition strand, 

modified with 2‘-O-methyl, contains a carboxyl group for functionalization to amines on the silica 

nanoparticle surface.  The recognition strands also contains a disulfide group and a fluorophore 

(FAM).  A short strand with a quencher is hybridized to the recognition strand, thereby turning off 

the fluorescence of FAM. An aptamer (AS1411) conjugated to the nanoparticle surface allows for 
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cell specific delivery, whereby the fluorescence of Ru(bpy)3
2+ is used as a handle for cellular 

uptake. In the cell, it is claimed that glutathione and acidic conditions cleave the disulfide bond 

and release the duplexed strand.  The target mRNA then binds the recognition strand, releasing the 

quencher strand and recovering the fluorescence. 

Yang et al. have recently developed a novel transfection reagent-free silica@polydopamine-DNA-

CeO2 system for simultaneous detection of mi-RNA and H2O2.
[102]  First, Quasar 670-labeled 

recognition strands are quenched by PDA due to their adsorption on the silica@PDA surface.  

Duplex formation upon target hybridization releases the strand, leading to fluorescence recovery.  

Second, CeO2 nanoparticles adsorbed with FAM-labeled DNA are also decorated around the 

silica@PDA surface.  In a previous study, it has been shown that H2O2 can displace DNA from 

the CeO2 surface, therefore leading to recovery of initially quenched fluorescence by the CeO2.
[207]  

Taken as a whole, this system could study the interplay between miR-21 and H2O2.  For instance, 

it was found that elevating levels of H2O2 in H9C2 cells led to an increase in expression of miR-

21. 

Shen et al. reported the use of reverse-transcription helicase-dependent isothermal amplification 

in conjunction with mesoporous silica nanoparticles (MSNs) for mRNA imaging.[208] As opposed 

to most strategies which are based on signal amplification, this strategy was based on target 

amplification, with the authors claiming a detection limit of 4 amol in 40 uL of solution.  

Constructs were taken up through endocytosis, and the probe was effective in distinguishing A549 

(cancerous) and CCC-HPF-1 (healthy) cells based on their relative expression of survivin. 

Wang et al. used an HCR-based strategy with MSNs.[209]  2 hairpins able to participate in HCR are 

electrostatically associated with the MSN surface.  One of the hairpins is synthesized with a 



94 
 

 
 

fluorophore/quencher, such that its opening leads to signal.  The authors found a detection limit of 

1 pM in solution.  Substantiating its efficacy in cells, the probe targeting miR-21 in MCF-7, HeLa 

and HepG2 cells showed fluorescence bright spots, but showed negligible fluorescence in healthy 

L-02 cells as expected. 

1.5.7.  MnO2 nanosheet-based 

Probes using manganese dioxide (MnO2) nanosheets have also been constructed.  MnO2 offers key 

advantages, including low cost and ease of preparation, quenching ability, biodegradability, 

biocompatibility, and efficient delivery of cargo into cells.[103,210,211] 

Yang et al. physically adsorbed MBs to the surface of manganese dioxide nanosheets.[103]  As 

mentioned above, manganese dioxide itself also quenches fluorescence, thereby lowering 

background fluorescence from the case of a free MB alone.  Target binding opens the hairpin and 

releases the probe from the surface, resulting in fluorescence turn-on.  Importantly, probes were 

taken up by cells without the need of transfection reagents.  The authors used the system to 

successfully image miR-21 in HeLa cells. 

Li et al. designed a MnO2-based system that incorporated a signal amplification element.[212]  Two 

different fluorophore-labeled hairpins are adsorbed to the MnO2 surface such that they are released 

upon intracellular degradation of MnO2 in the presence of glutathione.  Target binding to one of 

the hairpins initiates HCR that brings together a FRET pair for signal readout.  This strategy proved 

viable for detecting low abundance miR-21 in HeLa cells. Ou et al. recently used the same strategy, 

but incorporated two donor fluorophores into one of the DNA strands and an acceptor fluorophore 

in the other DNA strand.[213]  In particular, the two donor/one acceptor (DD-A) system had higher 
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FRET efficiency than the one donor/one acceptor (D-A) system.   miR-21 was studied in MCF-7, 

HepG2, and L02 cells.   

1.5.8.  Silver nanocluster-based 

Silver nanoclusters have also recently found use in live cell RNA detection.  Representing a new 

class of fluorophores, silver nanoclusters are of interest due to their good photostability and low 

cytotoxicity.[129,214–216] Strategies employing silver nanoclusters take advantage of the high 

sensitivity of their fluorescence to ONT surroundings.  Yeh et al. have reported silver nanoclusters 

that transition from a dark state to a red emitting state when in close proximity to guanine bases.[129] 

In this strategy, silver nanoclusters are formed around a 12 bp nucleation strand.  Extending off 

the nucleation strand is a 30 bp recognition sequence that targets a G-rich complement which upon 

binding turns on fluorescence.  However, this original strategy was not applied to live cells.   

More recently, Li et al. have extended silver nanoclusters to use in live cells.[214]   Again, silver 

nanoclusters are formed around a nucleic acid nucleation site.  However, in this case, hybridization 

of target to a recognition site close to the silver nanoclusters leads to both fluorescence turn-on 

and a shift in the silver nanocluster excitation/emission.  This “spectrum switching” strategy was 

used to image TK1 mRNA in HeLa cells, whereby a mutated (scramble) probe was used as a 

negative control. 

1.5.9.  Carbon nanomaterial-based 

Dong et al. have employed graphene nanoribbons, functionalized with the cationic polymer 

polyethylenimine (PEI), as a delivery vector for LNA-modified MBs.[217] In particular, a 

fluorophore/quencher-labeled MB is electrostatically loaded onto PEI-grafted graphene 
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nanoribbons, which is able to enter cells and detect miR-21 in HeLa cells.  Because PEI is 

considered cytotoxic, subsequent strategies have aimed to achieve uptake without such agents.[104] 

In this light, graphene oxide (GO) has found use in biosensors due to its ability to quench 

fluorescence, protect cargo against nuclease degradation, deliver cargo into cells without 

transfection reagents, and strong affinity for hydrophobic molecules and aromatic rings.[104,218] 

For instance, Ryoo et al. have created a biosensor relying on the binding of a fluorophore-labeled 

peptide nucleic acid with nano-graphene oxide.[104]  When bound, the fluorescence of the 

fluorophore is quenched by the GO.  Binding to its complement results in the formation of a duplex 

and desorption of the probe from the surface, leading to fluorescence turn-on. In their work, Ryoo 

et al. claimed to reach a detection limit of 1 pM in buffer.  The authors could detect miR-21 in live 

HeLa, MCF-7 cells, and MDA-MB-231 cells; they could also detect miR-29a in Hela cells.  In 

MDA-MB-231 cells, they were able to achieve multiplexed detection of miR-21, miR-125b, and 

miR-96 using probes with three distinct fluorophores.  Pan et al. have recently used a similar 

strategy for simultaneous detection of mRNA and miRNA.[219]  Two different dye-labeled hairpins 

are adsorbed to the GO surface, complementary for miR-21 and PDCD4 mRNA.  The probe was 

successfully used to image these targets in MCF-7 cells.  Lastly, Li et al. have adsorbed hairpins 

on the GO surface that can participate in an HCR for amplified signal.[220]  Two of the hairpins are 

specific for miR-21 and two other hairpins are specific for miR-let-7a, allowing for multiplexed 

detection in MCF-7 cells and MCF-10A cells.  

A similar strategy based on GO sheets has been proposed by Lu et al.[127]  MBs are adsorbed onto 

the surface of the sheets.  The fluorophore on the MB is quenched by both a quencher moiety on 

the beacon and by the GO sheet.  After target binding, the MB is opened and desorbed from the 



97 
 

 
 

surface, leading to fluorescence turn-on.  This strategy was successfully employed to detect 

survivin mRNA in HeLa cells.   

This “double quenching strategy” has also been employed by Yang et al. by using a MB labeled 

with Cy5 on both ends adsorbed to a GO surface.[221]  Quenching from two sources is achieved— 

self-quenching of the Cy5 molecules and quenching from the GO surface.  As such, a low 

background signal is achieved.  Upon opening of the beacon, both Cy5 molecules are turned on, 

thus resulting in an enhanced signal.  Compared to the same system with only one Cy5 molecule, 

this system had a reported detection limit one order of magnitude lower (30 pM).  miR-21 was 

imaged successfully in MCF-7, HeLa, and HepG2 cells.  Furthermore, the system was successfully 

used for in vivo imaging in three distinct mouse xenograft tumor models. 

Li et al. have recently used dye-labeled circular DNA in conjunction with GO for mRNA 

detection.[222]  Release of the circular DNA from the surface after target binding unquenches the 

dye, leading to signal readout for detection.  This strategy was successful in multiplexed detection 

of c-raf and survivin mRNA in HeLa cells.   Compared to ssDNA GO system, circular DNA GO 

had lower false positive signal, presumably due to the enhanced nuclease resistance of circular 

DNA compared to ssDNA. 

As opposed to physical adsorption of probe sequences onto GO, Yu et al. have devised a different 

strategy for probe association with GO.[223]  In particular, they propose a graft/base pairing 

strategy, whereby amino-labeled strands pre-duplexed with dye-labeled recognition sequences are 

covalently attached to the GO surface.  In the fluorescence off state, dye-labeled strands are 

flexible and thus near the GO surface, leading to fluorescence quenching.  The formation of a 

duplex in the recognition region due to target binding rigidifies the strand, leading to separation of 
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fluorophore and surface, giving turn-on of fluorescence. Compared to physical adsorption, which 

may be prone to probe displacement due to species in cell culture medium or in the cell, chemical 

conjugation is much more stable. The feasibility of the strategy was tested and confirmed in MCF-

7 cells by simultaneous detection of three different miRNA targets— miR-21, miR-let-7a, and 

miR-125b. 

Other carbon nanostructures with strong quenching capabilities have also been used in biosensing 

applications.  For example, Liao et al. have taken advantage of the quenching ability of carbon 

nanospheres.[224]  Initially, a dye-labeled strand is adsorbed on the carbon nanosphere surface.  

Desorption of the sequence after target binding results in recovery of fluorescence.  miR-18a was 

detected in HepG2 cells using this strategy.  In particular, the sensor was used to look at the levels 

of miR-18a at the S, G2/M, and G1 phases of the cell cycle. Ke et al. have designed a similar 

system based on polypyrrole nanoparticles.[225] In their system, hairpin DNA labeled with a 

fluorophore non-covalently associates with the polypyrrole surface, whereby fluorescence is 

quenched.  Upon binding of mRNA target, the hairpin is opened and released, leading to 

fluorescence turn-on.  This polypyrrole based system was used to differentiate cancer cells (MCF-

7) from healthy cells (MCF-10A) based on detection of the oncogene c-Myc.  Multiplexed 

detection was also shown by adding a second hairpin to the surface specific for the oncogene TK1, 

consequently detecting both c-Myc and TK1 simultaneously. One advantage of polypyrrole 

nanoparticles is their ability to absorb light in the near-IR regime.  As such, this paper also showed 

the utility of polypyrrole nanoparticles to act as agents in photothermal therapy, paving the way 

for a potential theranostic platform. 
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Piao et al. have synthesized MBs that use graphite nanoparticles as the quenching moiety.[226]  

Compared to a conventional dabcyl quencher, using a graphite nanoparticle resulted in an ~11% 

improvement in quenching efficiency.  They also entered cells without transfection reagents. These 

MBs were used to detect survivin mRNA in MCF-7 cells. 

Wu et al. adsorbed MBs to the surface of single-walled carbon nanotubes.[227] The designed 

constructs were used to detect MnSOD mRNA in MDA-MB-231 cells.  Importantly, the use of a 

carbon nanotube as the delivery vehicle yielded advantageous properties as compared to naked 

MB delivery, such as an enhanced resistance to enzymatic degradation and transfection reagent 

free uptake into cells.  Moreover, the authors noted that association with the carbon nanotube 

allows the MB to remain in the cytoplasm, rather than being sequestered to the nucleus.  

Noh et al. took advantage of the fluorescence of carbon nanodots to design a system for detecting 

miRNA.[92]  In an SNA type strategy, carbon nanodots were functionalized with a recognition 

strand prehybridized to a short quencher-labeled strand.  When hybridized, the quencher turned 

off the fluorescence of the carbon nanodot. Upon miRNA induced displacement of the quencher 

strand, fluorescence was recovered.  The feasibility of this strategy in live P19 cells was confirmed 

by detecting miR-124a. 

1.5.10.  MOF-based 

Metal organic framework (MOF) nanoparticles offer a number of interesting properties, including 

ease of synthesis, quenching ability, and tailorable chemistry.[228–231] 

Wu et al. leveraged the properties of nano-MOFs for detection of miRNA in live cells.[105]  A dye-

labeled PNA is conjugated to a MOF, whereby metal centers in the MOF function to quench the 
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fluorescence of the dye.  Target binding to the PNA results in its release from the MOF and 

subsequent recovery of fluorescence.  In solution, this sensor could detect 10 pM miRNA.  The 

probe was shown to be sensitive to changes in miR-21 level in live MCF-7 cells after addition of 

an inhibitor.  Multiplexed analysis of miR-21, miR-96, and miR-125b was also possible in MDA-

MB-231 using three different PNA-MOF complexes.  

1.5.11. Plasmonic coupling-based 

Although fluorescence-based strategies are most popular for intracellular analyte detection, 

strategies based on plasmonic coupling have also been developed.  For example, Zhou et al used 

SERS to detect miRNAs of interest.[99]  One sequence is conjugated to one gold nanoparticle, and 

another sequence is conjugated to a second gold nanoparticle.  The miRNA of interest hybridizes 

partially to both sequences, thus bringing the two gold nanoparticles close together.  The junctions 

between the gold nanoparticles form “hot spots,” which can be monitored by SERS if Raman 

reporters are loaded on the gold nanoparticle surface.  In this paper, an alkyne (C C) terminated 

Raman reporter was used for one target of interest, and a nitrile (C N) terminated Raman reporter 

was used for another target of interest.  With this ability to multiplex, miR-21 and miR-155 were 

simultaneously monitored in MCF-7 cells. One advantage of a SERS-based strategy over 

fluorescence-based methods is potentially greater capability for multiplexing due to sharp 

spectrally distinct Raman bands.   

In a similar strategy, Lee et al conjugated a gold nanoparticle with a sequence complementary to 

an mRNA of interest, while another gold nanoparticle was conjugated with a different sequence 

complementary to the same mRNA of interest.[128]  The sequences are designed such that if the 

target mRNA is present, the two sequences will bind the mRNA in a manner that will bring the 
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gold nanoparticles in proximity for dimer formation.  Due to plasmonic coupling, the formed dimer 

has a spectral shift that can be detected.  In their work, Lee et al. used this system to detect multiple 

splice variants of BRCA1 mRNA at single-copy number resolution.  Because different splice 

variants resulted in different scattering spectra, the group could effectively distinguish one splice 

variant from another. 

1.5.12.  Iron oxide core-based 

Lin et al. have pioneered the use of Fe3O4@polydopamine core-shell nanocomposites 

(Fe3O4@PDA NCs) for use as a theranostic platform.[106] The PDA shell surrounding the Fe3O4 

core can adsorb single-stranded nucleic acids that contain a dye and are designed to be 

complementary to an mRNA target of interest.  After mRNA binding to the probe sequence, a 

duplex is formed that is desorbed from the PDA, resulting in turn on of fluorescence. Lin et al. 

showed the ability of this platform to differentiate healthy breast cells (MCF-10A) from cancerous 

breast cells (MCF-7) based on their relative expression of a known oncogene c-Myc.  Displaying 

the versatility of the strategy, they were also able to adsorb multiple probe sequences on the surface 

with distinct dyes, allowing for simultaneous multiplexed detection of two oncogenes — c-Myc 

and TK1.  These Fe3O4@PDA NCs were also efficacious for photothermal therapy due to PDA’s 

ability to absorb near IR light and have also shown promise as an MRI contrast agent for imaging 

cancer cells. 

1.5.13.  DNA nanostructure-based 
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Probes based on nanostructures formed from DNA, like the DNA tetrahedron, are of interest in 

sensing applications because of their biocompatibility, uptake into cells without external agents, 

and ability to protect cargo from degradation.[113,232] 

For instance, a design variation to linear FRET probes was introduced by the Tan group in 2017 

with their advent of DNA tetrahedron Nanotweezers (DTNTs) for live cell mRNA detection 

(Figure 1.5.13-1).[113] DTNTs rely on the self-assembly of four different nucleic acid strands.  In 

the off state, the self-assembly of the four nucleic acid strands keeps a donor and acceptor 

fluorophore separated from one another.  mRNA binding to the DTNT induces a structural change 

that brings the donor and acceptor fluorophores close to one another, resulting in generation of a 

FRET signal.  Beyond the fact that DTNTs were not prone to false positive signal, they also entered 

cells without the need of transfection reagents, unlike “naked” nucleic acids.  In their initial study, 

a DTNT was designed targeting TK1 mRNA, which is known to be a marker for tumor growth. 

Indeed, DTNTs were able to distinguish cancer cells from healthy cells based on the level of TK1 

mRNA.   

 

Figure 1.5.13-1. DNA nanotweezers for intracellular oncogenic mRNA detection.  Target binding 

induces a structural change that brings a FRET pair together, resulting in a FRET signal. Adapted 

with permission.[113] Copyright (2017) American Chemical Society 
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Xie et al., on the other hand, described a DNA tetrahedron that incorporated a flurophore and 

quencher at the end of one of the strands making up the structure, thus putting the two moieties in 

close proximity when the tetrahedron is in the intact form.[233]  Target binding induces a structural 

change that separates the fluorophore and quencher, turning on fluorescence. The nanosensor had 

the ability to detect TK1 mRNA in HepG2 cells.  

Zhou et al. have expanded on these “tetrahedron” strategies for multiplexed detection of 

miRNA.[114]  Hairpin DNA specific for two different miRNA are incorporated into two of the 

strands, while a fluorophore and quencher label the termini of two other strands. In the closed state, 

the intact structure causes the fluorophore and quencher to be near one another.  Hairpin opening 

due to target binding then allows for recovery of fluorescence.  Their strategy proved efficacious 

for imaging miR-155 and miR-21 simultaneously in MDA-MB-231 cells. Wang et al. expanded 

capabilities to simultaneous detection of three different mRNA targets.[234]  c-Myc, TK1 and 

GalNAc-T mRNA were simultaneously studied in MCF-7 and MCF-10a cells.   

Recently, the Tan group has introduced an amplification strategy, entropy-driven 3D DNA 

amplifier (EDTD), to boost signal from fluorophore/quencher DNA tetrahedron sensors.[235] All 

properties of tetrahedron probes are retained, including transfection-free cellular uptake and 

resistance to nuclease degradation.  The EDTD probe was used to image TK1 mRNA in both 

normal and tamofixen (for TK1 knockdown)-treated cells. Conventional DNA tetrahedron 

molecular beacons (DTMBs) only produced negligible fluorescence in tamofixen treated cells, 

implying that EDTD tetrahedrons could be used to image mRNAs of low abundance but DTMBs 

could not. 
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Tay et al. took inspiration from nature and conventional DNA tetrahedron approaches to design a 

MB with enhanced resistance to nuclease degradation.[119]  They termed their system the nano-

snail-inspired nucleic acid locator (nano-SNEL).  The first component of their system is a MB that 

acts as the sensing element.  The second component of their system is a DNA tetrahedron.  

Conjugating the MB to the DNA tetrahedron conferred resistance to nuclease degradation, akin to 

a snail’s shell affording it protection from environmental conditions.  As opposed to naked MBs 

which do not enter cells, it was also shown that the presence of the DNA nanoshell results in these 

constructs being taken up by cells without the need of transfection reagents, allowing for detection 

of GAPDH in live DLD-1 and SW480 cells.  

In another recently reported DNA nanostructure system, Ren et al. have developed an 

amplification strategy that overcomes limitations associated with HCR.[130]  In particular, the rate 

of HCR is reliant on diffusion as each successive hybridizing DNA sequence must be found in a 

complex 3D milieu.  Reactions have been reported to take as long as two hours to go to 

completion.[108]  Ren et al. hypothesized that confining nucleic acids in close proximity to one 

another would accelerate the kinetics of such DNA chain reactions (DCR).  In their design, two 

different hairpins are alternately hybridized in close proximity along a DNA nanowire.  Akin to 

normal HCR, target binding opens the fluorophore/quencher-labeled hairpin, leading to 

fluorescence turn-on and a cascade of hybridization between the two hairpins to yield amplified 

signal.  Compared to conventional HCR, the authors noted that this system had a limit of detection 

~52 times lower in buffer experiments and required only 15 minutes of incubation time with 

complementary target.  This system was ultimately used to image survivin mRNA in HeLa cells.  

1.5.14.  Quantum dot-based 
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Quantum dots (QDs) represent another class of nanoparticles used for live cell RNA detection.  

Advantages include good quantum yield,  size dependent emissive properties, and high 

photostability.[236,237]  

For instance, Dai et al. adsorbed MBs on the surface of molybdenum disulfide quantum dots 

(MDQDs).[107]  MDQDs fluoresce in the blue regime, and can thus be used as a handle for cellular 

uptake.  Transfection reagent-free uptake was achieved and used for imaging of miR-21 in HeLa 

and HaCaT cells.   

Lee et al. employed a slightly different strategy.[93]  QDs were covalently conjugated with a cell 

penetrating peptide for enhanced cellular uptake and a recognition strand prehybridized with a 

short quencher-labeled sequence.  The quencher-labeled sequence, when hybridized, turns off the 

inherent fluorescence of the QDs.  Target binding displaces the quencher sequence, recovering the 

fluorescence of the QD.  Using this design, miR124-a was studied in P19 cells during 

differentiation. 

Dong et al. used graphene QDs (GQDs) covalently conjugated with polyethylene glycol (PEG) 

and polylactic acid (PLA) as a nanosensor for miRNA detection.[238] PEG and PLA impart stability 

to the GQD in both aqueous and protein solution.  As such, the bioluminescence properties of 

GQDs are stable over a wide range of pHs.  MBs are associated with the GQD surface through π-

π interactions.  MB opening and release from the surface upon hybridization with target leads to 

fluorescence turn-on.  Importantly, because GQD are photoluminescent themselves, their 

photoluminescence level in cells can be used as a measure of nanosensor uptake. Intracellularly, 

the probe was capable of imaging miR-21 in HeLa cells.  The probe was also sensitive to 

downregulation of miR-21, resulting in less nanosensor fluorescence. 
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Wu et al. designed a two acceptor-one donor theranostic MB based on CdTe/CdS/ZnS QDs.[239]   In 

the closed state, the QD acts as the donor and a BHQ moiety acts as the acceptor.  Hairpin opening 

results in recovery of the QD fluorescence.   However, opening of the hairpin also brings the donor QD 

into close proximity with an acceptor photosensitizer molecule that can produce singlet oxygen to 

promote cell death.   Using MCF-7 cells, which express high level of cyclin D1 mRNA, the study was 

able to show that the theranostic was efficacious in both detecting the mRNA and inducing cell death.  

Lastly, He et al. achieved miRNA detection using gold nanoparticle-QD nano-assemblies.[240]  A 

nucleic acid strand modified with a CdTe QD is prehybridized to a recognition strand that in turn 

places the QD near the gold nanoparticle.  Target binding displaces the QD modified strand, 

recovering fluorescence.  An amplification element was also introduced by incorporating a fuel 

strand that displaces the target, therefore allowing the target to bind to multiple recognition strands.  

Shen et al. have used the same strategy, but have made their sensor start functioning “on demand” 

by pre-functionalizing the entire recognition strand with DNA so as to not allow target binding 

initially.[241]  One of the strands functionalized to the recognition strand contains a photocleavable 

linker that is cleaved after UV radiation, thus partially exposing the recognition strand and yielding 

the same system as He et al.  

1.6. Aptamer-based probes 

1.6.1. DNA nanomachine-based 

The Krishnan group provided an early demonstration of “DNA nanomachines” that are active in 

cells.[242] They developed the “I-switch” based on the pH-sensitive i-motif DNA (Figure 1.6.1-1A). 

The i-motif is a cytosine rich strand that adopts a folded tetraplex conformation at acidic pH held 
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together by C+-H-C linkages and an extended single-stranded conformation at neutral pH. As such, 

the i-motif can be considered to be an aptamer for proton sensing. The pH ranges sensed by the i-

motif can be shifted towards more acidic or basic pH through the incorporation of modified bases 

or different numbers of cytosine bases.[28,243,244] The I-switch consisted of two DNA duplexes that 

were linked together through a flexible tether and contained fluorophore-labeled i-motif forming 

overhangs at both ends (Figure 1.6.1-1A). Under acidic conditions, formation of the i-motif 

resulted in the “closed” state in which the fluorophores were brought to proximity resulting in a 

FRET signal. The I-switch could report pH changes in the range of 5.5-6.8. As two fluorophores 

were used, a ratiometric analysis of uptake and pH change could be performed. Utilizing the I-

switch, the authors spatiotemporally mapped the pH changes associated with the endosomal 

pathway in live cells.  

In a subsequent paper, Krishnan and co-authors demonstrated that pH changes within cellular 

compartments can be tracked in multicellular organisms.[52,245] In Caenorhabditis elegans worm 

models, these DNA nanomachines are recognized by scavenger receptors on the surface of 

scavenger cells called coelomocytes and taken up via receptor-mediated endocytosis. The I-

switch has a half-life of ~8 h in cells and reports pH changes over the range 5.3-6.6 by resulting 

in a five-fold change in FRET signal as it transitions from an open to a closed state.  
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Figure 1.6.1-1. (A) The I –switch nanomachine for monitoring intracellular pH. A structural 

change from open (low FRET) to closed (high FRET) state occurs as pH is changed from basic to 

acidic condition. Adapted by permission from Springer Nature: Springer Nature, Nature 

Nanotechnology.[242] Copyright 2009. (B) By incorporating two sets of FRET pairs as well as two 

distinct targeting moieties (one on each I-switch), Modi et al. were able to use the I-switch for 

simultaneous monitoring of the furin retrograde endocytic pathway and the transferrin 

endocytic/recycling pathway. Adapted by permission from Springer Nature: Springer 

Nature, Nature Nanotechnology.[115] Copyright 2009. 

Modi et al. developed a simultaneous pH mapping technology (SimpHony) using I-switches.[115] 

They demonstrated that pH changes along two different endocytic pathways (the furin retrograde 

endocytic pathway and the transferrin endocytic/recycling pathway) can be visualized using two 

I-switches labeled with two sets of FRET pairs (Figure 1.6.1-1B). A sequence-specific double-

stranded DNA binding protein was expressed as a chimera with furin in HeLa cells to allow for 

monitoring the furin pathway. The I-switch targeting this pathway contained a double-stranded 

(AT)4 region that could be recognized specifically by the DNA binding protein initiating uptake. 

The I-switch targeting the transferrin pathway was conjugated to transferrin to allow uptake upon 

recognition by the transferrin receptor. The use of such DNA nanomachines allowed the sensing 

of the same analyte in different cellular compartments. Moreover, the modular nature of the I-

switch allows custom functionalization with proteins as well as with different FRET pairs. This 

strategy was later extended for the detection of pH changes associated with the trans-Golgi and 

cis-Golgi networks, and the endoplasmic reticulum.[243] 

Bhatia et al. reported that synthetic DNA constructs can be utilized as hosts to deliver cargo within 

cells.[52] Fluorescein isothiocyanate-labeled dextran (FD) was encapsulated within a DNA 

icosahedron. Unlike free FD  which cannot be targeted to specific endocytic pathways, 

encapsulated FD was taken up by the anionic ligand-binding receptor (ALBR) pathway in 

Drosophila hemocytes, demonstrating that the DNA host altered its targeting properties. 
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Similarly, encapsulated FD was taken up only by ALBR-expressing coelomocytes 

in Caenorhabditis elegans. The pH-sensitive property of fluorescein enabled monitoring of pH 

changes associated with endosomal maturation. In a subsequent study, photoresponsive 

polymers attached to small molecule payloads were loaded into DNA icosahedrons. [246] Light-

activated release of the small molecule could be monitored with spatial and temporal precision. 

Single quantum dots could also be encapsulated within DNA icosahedrons. [247] By modifying 

the icosahedron with a single endocytic ligand (e.g. folic acid, galectin-3, and the Shiga toxin 

B-subunit), the endocytic pathway associated with the ligand can be imaged.  

In addition to pH, nanomachines that are sensitive to intracellular chloride ion concentrations 

and that can be targeted to subcellular compartments have also been investigated. Unusual 

chloride ion concentrations in the lysosome can lead to lysosomal storage disorders. A DNA 

nanodevice called Clensor can report changes in chloride ion concentrations in a pH-

independent manner.[248,249] Clensor consists of three parts: a sensing module containing a 12-

base long PNA moiety labeled with a chloride-sensitive dye, 10,10′-bis[3-carboxypropyl]-9,9′-

biacridinium dinitrate (BAC), a normalizing module containing a 38-base long Alexa 647-

labeled DNA sequence, and a targeting module containing a 26-base long DNA. The probe 

could be taken up as is through the ALBR pathway due to its negative charge while modification 

of the targeting moiety with an RNA aptamer that binds to the transferrin receptor enables 

uptake through the transferrin pathway. Using this probe, chloride ion concentration in the 

lumen of acidic organelles in Drosophila melanogaster was monitored and it was revealed that 

the intracellular chloride transporter DmClC-b regulates lysosomal chloride ion concentration.  

Recently, combining the advantages of I-switch and Clensor, a probe that can detect pH and 
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chloride ion concentration simultaneously was developed. [117] Using this probe termed as 

ChloropHore, subpopulations of lysosomes could be chemically resolved based on their 

chloride and proton content. Importantly, it was shown that lysosomes present in primary skin 

fibroblasts of healthy individuals could be categorized into two populations, whereas patients 

with Niemann–Pick disease only had one population. The absent second population could be 

recovered upon treatment of the disease. Similar strategies have been utilized to develop 

CalipHluor, a probe for pH-corrected measurement of calcium ions in subcellular 

compartments[116] and cHOClate, a probe for reporting pH and HOCl simultaneously in 

phagosomes of macrophages, neutrophils, and monocytes.[118] 

One limitation of the early design of I-switch was the relatively long timescale for transforming 

into the folded state (few minutes). Yang et al. developed the t-switch as a solution to this 

problem.[250] The t-switch relies on a triplex formation mediated by C+-G-C interactions. 

Similar to the I-switch, the t-switch reported changes in pH through a FRET-based mechanism, 

although the response time was only a few seconds. The t-switch was delivered to cells through 

complexation with the cationic polymer PEI. Compared to the naked t-switch whose dynamic 

range is pH 5.3 to 6.0, the PEI-t-switch has an extended dynamic range of 4.6 to 7.8.  Intracellular 

pH in HepG2 cells was monitored using this probe.  

Pei et al. demonstrated that DNA tetrahedra with dynamic sequences that are responsive to 

particular targets can be used to develop FRET-based sensors for the target molecules.[251] The 

authors utilized this construct for sensing ATP in live HeLa cells. Ohtsuka et al. utilized the 

thrombin binding aptamer (TBA) for detecting K+ in live HeLa cells.[252] The TBA forms a G-

quadruplex in the presence of K+ ions. This structural transition was leveraged to create a FRET-
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based probe. The TBA was biotinylated and conjugated to streptavidin which was further 

conjugated to biotinylated nuclear export signal peptide (B-NES). The formation of the ternary 

complex was important as without B-NES the probes were sequestered to the nucleus.  

For more information on DNA nanomachine-based probes, the readers are directed to the review by 

Chakraborty et al.[253]  

1.6.2. Gold nanoparticle-based 

In 2009, the Mirkin group introduced aptamer NanoFlares for the detection of intracellular analytes 

in live cells.[95] Analogous to NanoFlares for mRNA detection, these probes are comprised of a 

gold nanoparticle core modified with ONT duplexes. One strand of the duplex is the aptamer 

sequence which is covalently attached to the gold nanoparticle through a gold-sulfur bond. The 

other strand is a shorter fluorophore-labeled strand whose fluorescence is quenched due to 

proximity to gold. Upon binding of the target molecule of interest, the aptameric strand folds, the 

fluorophore-labeled strand is displaced, and its fluorescence is turned on. Using this platform ATP 

was detected in live HeLa cells. One disadvantage of this strategy is that the binding affinity is 

reduced by two orders of magnitude compared to the free aptamer in solution, presumably due to 

partial blocking of the active site of the aptamer by the flare strand[254] and due to steric bulk arising 

from dense ONT functionalization.  

Many groups have used NanoFlares for detecting and measuring other analytes in live cells. For 

example, by using i-motif forming ONTs (IFOs) labeled with a FRET-pair (rhodamine green and 

rhodamine red) at the two ends, NanoFlares that measure intracellular pH were developed by 

Huang et al.[96] Initially, the IFOs are duplexed to cDNA on the gold nanoparticle which results in 
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quenching of the acceptor dye. Lower pH induces a conformational switch such that a quadruplex 

structure is formed and the two ends of the ONT labeled with dyes are brought to proximity, 

turning on FRET signal. The presence of two dyes also allows ratiometric analysis of uptake and 

binding by monitoring the fluorescence ratio of the donor and acceptor. Using this probe, spatial 

mapping of intracellular pH in HeLa cells, HL-7702 cells, SMMS-7721 cells could be performed. 

The results revealed that the FRET signal increased with time, indicating that the probes were 

trafficked from neutral to more acidic environments.  Later, using a similar strategy, the group 

developed aptamer NanoFlares for measuring the concentration of K+ ions by employing ONTs 

that form a G-quadruplex in the presence of K+ ions.[255]  

Wang et al. developed a strategy[256] for plasmonic imaging of intracellular pH gradients in RAW 

264.7 cells using two different sizes of gold nanoparticles assembled into core-satellite 

architectures.[257,258] The core nanoparticle is 50 nm in size and functionalized with G-rich ONT 

sequences. The satellite nanoparticles are 14 nm in diameter and functionalized with C-rich IFO 

forming sequences. At higher pH, the nanoparticles are assembled through Watson-Crick base 

pairing. Under acidic conditions, quadruplex structures are formed from the C-rich i-motifs and 

the structures are disassembled. The scattering spectra resulting from the assembly (yellow) and 

disassembly (green) of these structures are different and can be observed using a dark field 

microscope. As the pH drops along the endocytic pathway from early endosomes to late 

endosomes/lysosomes, a yellow to green transition in scattering spectra was observed, consistent 

with disassembly of the nanoparticles at lower pH. 
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Ma et al. developed a gold nanoparticle-based DNA nanomachine that detects low abundance 

microRNA through an ATP-fueled amplification strategy.[259] The probe was able to report 

differences in miR-21 levels between HeLa, HEK-293T, and MRC-5 cell lines. 

1.6.3.  Graphene oxide-based  

Wang et al. demonstrated that aptamer/GO nanocomposites can be used as probes for monitoring 

ATP levels in real time in live cells.[109] In this study, a carboxyfluorescein-labeled ATP aptamer 

was adsorbed onto graphene oxide nanosheets (GO-nS) through π-π  stacking interactions. The 

GO-nS quenched the fluorescence owing to FRET, acted as a transfection vector for the delivery 

of the ONTs into JB6 cells, and protected the ONT from nuclease degradation. Inside the cells, 

ATP binding released the aptamer from the GO-nS and turned on fluorescence. This platform was 

later extended for simultaneous detection of ATP and GTP in MCF-7 cells using two aptamers 

labeled with spectrally distinct fluorophores.[260] A detailed protocol for this process was later 

published by Wang et. al.[261] Using a similar strategy, Chen et al demonstrated the first 

visualization of translocation event of endogenous cytochrome c, a protein mediator of apoptosis, 

in HeLa cells.[262] 

By incorporating a fluorophore-labeled single-stranded DNA (ssDNA) as an internal reference, 

Tan et al. showed semiquantitative detection of ATP in HeLa cells.[141] The ssDNA is released by 

non-specific interactions with intracellular proteins and by monitoring its ratio of fluorescence 

intensity to that of the aptamer MB, the amount of ATP can be determined semiquantitatively. 

Intracellular pH has also been probed using DNA-GO-nS complexes. Li et al. engineered 

fluorophore-labeled ONT probes that transition from a duplex at pH 8 to a triplex at pH 5. The 
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duplex form consists of an ssDNA overhang labeled with rhodamine green. Due to stronger 

adsorption of ssDNA compared to triplex DNA, the fluorescence is quenched at higher pH. 

However, acidification induces a conformation shift and causes desorption of the triplex probe 

resulting in fluorescence turn on. This probe has been used to study apoptosis-induced acidification 

in Ramos cells.[263]  

Shao et al. used IFOs as pH sensors.[111] The IFOs were immobilized on GO through interactions 

with amine-modified complementary DNA (cDNA). The cDNA was covalently attached to GO 

through NHS/EDC chemistry. A covalent attachment strategy was used as opposed to the more 

commonly used physisorption strategy to prevent non-specific release.  However, in their study 

they observed that the interaction of DNA with GO under acidic conditions is too strong to 

distinguish between open and closed forms. To weaken the interactions, they treated GO with 

herring sperm DNA. This new probe was capable of detection of pH between the range of 5 and 

7.3 and was used to demonstrate pH changes in live HeLa, MCF-7, MDA-MB-231, and A549c 

cells. 

1.6.4.  Upconverting nanoparticle (UCNP)-based 

Ma et al. reported lanthanide-doped UCNPs for the detection of cytochrome c.[264] Fluorophore-

labeled cytochrome c aptamers are hybridized to cDNA attached to polydopamine-coated UCNPs. 

The fluorescence is quenched by polydopamine in the absence of cytochrome c and activated when 

cytochrome c binds to the aptamer strand and displaces it from the surface of the UCNPs. The 

upconverted luminescence of the nanoparticles serves as an internal reference for probe uptake.  

The study claimed a detection limit of 20 nM and a dynamic range spanning 50 nM to 10 μM, which 

includes physiologically relevant concentrations (1–10 μM) of cytosolic cytochrome c found 
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in apoptotic cells. Etoposide induced apoptosis was studied in HepG2 cells using these probes. 

Low quantum efficiency of the UCNPs and poor DNA loading are two limitations of this strategy.  

Zhao et al. developed an NIR-activated probe for imaging ATP in live cells.[265] Their construct 

was composed of lanthanide-doped UCNPs decorated with photo-cleavable aptamer-based DNA 

sensors. A fluorophore-labeled aptamer sequence was hybridized to cDNA containing a quencher 

and a photocleavable group. In the absence of NIR light, the fluorescence was quenched due to 

FRET and the cDNA prevented ATP-binding. Upon irradiation with 980 nm NIR light, the UCNPs 

luminesced in the UV and visible blue (peaks at 320, 365, 450, and 475 nm) regime, inducing 

photolysis of the cDNA into two short fragments. The reduced binding affinity of the generated 

fragments leads to strand displacement in the presence of ATP. Due to separation of fluorophore 

and quencher, a fluorescence signal is generated. Using this platform, the authors demonstrated 

ATP imaging in live HeLa cells as well as in mice bearing HeLa xenograft tumors. The advantage 

of such a system in which the sensor can be remotely activated by external stimulus is that it adds 

temporal control to imaging capabilities.  

1.6.5.  Polymer core nanoparticle-based  

Özalp et al. developed an ATP aptamer that can detect intracellular ATP concentrations in the 

range between 0.5-8 mM.[61,266,267] The aptamer was converted into a fluorescent sensor using the 

“aptamer switch probe” strategy developed by Tang et al.[268] An aptamer switch probe  consists 

of three parts: (i) the aptamer sequence, (ii) a short cDNA sequence, and a (iii) PEG linker 

connecting (i) and (ii). Moreover, the two ends contain a fluorophore and quencher, respectively. 

Analogous to a MB, in the absence of the target, the probe exists in a hairpin-like conformation 

that brings the fluorophore-quencher pair in proximity (Figure 1.6.5-1). ATP binding changes the 
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conformation of the probe such that the fluorophore and quencher are separated. The aptamer was 

encapsulated into polyacrylamide nanparticles for cellular delivery. The porous nanoparticles 

allow small molecules like ATP to diffuse inside, but prevents nuclease degradation. Real time 

variation in ATP levels in yeast cells could be monitored using these probes.  

 

Figure 1.6.5-1. Target analyte detection based on an aptamer switch probe strategy.  Target 

binding to the aptamer induces a structural change that separates a fluorophore and quencher, 

leading to fluorescence turn-on. Adapted with permission.[268] Copyright (2008) American 

Chemical Society. 

Qiang et al. used polydopamine nanospheres as cores for delivery of ATP-sensing aptamers in 

cells.[269] Fluorescently-tagged ATP aptamers were adsorbed onto the nanoparticle surface such 

that the fluorescence was quenched by the core. In the intracellular environment, ATP binding 

desorbed the strand from the surface, leading to separation of fluorophore and quencher with 

concomitant increase in fluorescent signal. ATP was sensed in live HeLa cells using this probe. 

1.6.6.  Micelle-based 

Wu et al. developed switchable aptamer micelle flares for the detection of ATP in live cells.[270] 

The probe consists of aptamer switch probe–diacyllipid chimeras that self-assemble to form 

micelles. Target binding causes the conformation of the aptamer to change, separating the 

fluorophore and the quencher, leading to fluorescence turn on. The fluorescence increases with 
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increasing concentration of ATP (between 0.1-3 mM) in vitro and saturates at ~4-fold 

enhancement. These probes could be internalized into cells without transfection reagents and 

colocalization experiments suggested that the majority of the probes are in the cytoplasm as 

opposed to being in the lysosome. Based on these results, the authors suggested that the probes 

enter cells mainly via membrane fusion. 

1.6.7.  MnO2 nanosheet-based 

Zhao developed a bimodal platform for detecting cancer cells based on aptamer-loaded MnO2 

nanosheets.[271] MnO2 nanosheets served as a nanocarrier, quencher as well as an MRI contrast 

agent. The aptamer sgc8 which targets the protein tyrosine kinase 7 (PTK7) was fluorescently 

tagged and associated with MnO2 nanosheets. Cells expressing PTK7 recognized the aptamer 

which then dissociated from the MnO2 nanosheets, turning on fluorescence. Upon cellular entry 

of MnO2 nanosheets, glutathione induced reduction led to the formation of large amounts of Mn2+ 

which could provide strong MRI contrast. 

1.6.8.  MOF-based 

Deng et al. developed an upconverting nanoparticle core-MOF-shell based probe for targeted drug 

delivery and imaging in cancer cells.[272] The MOF surface was functionalized with the AS1411 
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aptamer that is known to target cancer cells. Following cellular entry, the MOF could release 

an encapsulated anti-cancer drug. The luminescent UCNP allowed for cellular imaging.  

Liu et al. developed an aptamer conjugated MOF-based platform for cellular imaging and 

photodynamic therapy.[273] The PTK7-targeting aptamer sgc8 was fluorescently tagged and 

conjugated to the surface of a Zr-based porphyrinic MOF. The MOF acted both as a quencher 

as well as a photosensitizer for generating reactive oxygen species. Upon binding to PTK7-

positive HeLa cells, the fluorescence from the aptamer was turned on allowing cellular imaging. 

Irradiation with 650 nm induced significant cell death. Thus, this platform acted as a theranostic 

for cancer.  

1.6.9.  Genetically-encoded aptamers 

The Jaffrey lab pioneered the development of genetically-encoded aptamers for visualizing 

intracellular analytes in live cells.[121] Such aptamers are particularly advantageous for tracking of 

small molecules and metabolites in cells, imaging strategies for which are limited.  

Paige et al. developed a 97-nt long aptamer that binds to 3,5-difluoro-4-hydroxybenzylidene 

imidazolinone (DFHBI), a dye resembling the fluorophore in green fluorescent protein (GFP).[122] 

The photophysical properties of this dye are similar to those of enhanced GFP. The free dye is 

non-fluorescent whereas upon aptamer binding the dye strongly fluoresces. Due to the 
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characteristic green florescence, the aptamer has been termed “Spinach”. As a first demonstration 

of the capability of Spinach aptamers in detecting mRNA in live mammalian cells, the authors 

fused Spinach to the 3′ end of the noncoding RNA 5S, transfected the entity into HEK293T cells, 

and incubated the cells with DFHBI. The fluorescence distribution from Spinach was similar to 

that of endogenous 5S, signifying that incorporation of Spinach did not significantly alter the 

dynamics of the target RNA. In addition to DFHBI, the Jaffrey lab developed a palette of dyes 

with fluorescence spanning the visible spectrum.[121,274]  

Inspired by a strategy proposed by Stojanovic et al.,[275] Paige et al. created modular aptameric 

sensors for monitoring cellular metabolites (Figure 1.6.9-1). The probe consisted of three parts: (i) 

Spinach aptamer, (ii) a recognition module, and (iii) a transducer module.[122] When the target 

binds to the recognition module, the transducer region is duplexed which then leads to DFHBI 

binding to Spinach resulting in concomitant increase in fluorescence signal. Large fluorescence 

enhancements up to 32-fold were achieved in solution. Using this strategy, the authors imaged 

adenosine 5-diphosphate (ADP) and S-adenosylmethionine (SAM) in live E. coli.[122,276] In later 

studies, Song et al. demonstrated that such a method could be adapted for the imaging of proteins 

in live bacteria cells.[123] The authors visualized streptavidin as well as the synthesis of MS2 coat 

protein after infection with MS2 phages in E. coli cells. 
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Figure 1.6.9-1.  (A) Spinach aptamer composed of Spinach (black), transducer (orange), and 

aptamer (light blue) for detection of target analytes.  Target binding to the aptamer induces a 

structural change that results in transducer duplexing and concomitant binding of DFHBI to 

Spinach to give fluorescence turn-on. (B) Fluorescence turn-on of Spinach aptamer in the 

presence of target SAM. (C) Monitoring of SAM in E. coli cells. Single arrows point to cells 

with relatively high SAM expression, arrowheads point to cells with increasing levels of SAM 

over time, while double-arrows point to cells whose SAM content first increases and then 

decreases over time.[122] Modified with permission from AAAS and authors. 

Kellenberger et al. fused the Spinach aptamer to the naturally occurring GEMM-I riboswitch 

for intracellular detection of cyclic dinucleotides, c-Di-GMP and c-AMP-GMP.[277] Furthermore, 

enzymatic activity of DncV which catalyzes the synthesis of c-AMP-GMP was monitored. The 

Jaffrey lab further demonstrated that Spinach-based riboswitches can be utilized for visualizing 

several metabolites including 5′-pyrophosphate, S-adenosyl-methionine, adenine, and 
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guanine.[278,279] Pothoukalis et al. showed that Spinach aptamer can be used in conjunction with a 

fluorescent protein to simultaneously monitor both transcription and translation.[280] Ong et al. 

developed an unstable form of Spinach flanked with bases complementary to an mRNA sequence 

on either side such that the folded form of Spinach is formed upon binding to a target mRNA. This 

folded structure can then bind DFHBI and turn on fluorescence.[281] 

Despite the strong brightness of Spinach in vitro, in cells, the brightness is significantly reduced 

due to improper folding of the aptamer. Therefore, ~1 s exposure time is necessary for imaging 

compared to 10-100 ms exposure times used in imaging GFP-labeled proteins under the same 

conditions. To address this limitation, Strack et al. developed Spinach2 through systematic 

mutagenesis of Spinach and demonstrated that it is 2-3-fold brighter than Spinach in both E. coli 

and HEK293T cells.[282] Using Spinach2, the dynamics and localization of CGG repeat-

containing toxic RNAs were investigated.[282,283] Zhang et al. demonstrated by using multiple 

Spinach aptamers (8-64 repeats), mRNA molecules can be imaged with ~17-fold increased 

brightness in cells.[284] Importantly, such fusion did not adversely impact mRNA function. 

Structural minimization of Spinach led to the development of Baby Spinach which retains the 

functionality of Spinach but consists of 51 nt,[285] which was later utilized for imaging structured 

cellular RNAs.[286]  
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A limitation for generating “light up” aptamers like Spinach and Spinach2 is that aptamers are first 

selected based on their ability to bind fluorophores and then subsequently on their ability to turn 

on fluorescence. <1% of the aptamers that bind fluorophores lead to fluorescence enhancement.[287] 

Importantly, function of the isolated aptamers in cellular milieu is often compromised because 

these aptamers either need ions that are not present intracellularly or are misfolded due to the 

presence of adjacent sequences introduced for analyte sensing. Therefore, significant in vitro 

mutagenesis is required to render these probes useful in live cells. Filonov et al. developed an 

alternate strategy that allowed the selection of fluorescence-enhancing aptamers in cellulo, so that 

these problems could be mitigated.[287] This strategy led to the selection of the aptamer Broccoli, 

which binds the dye (Z)-4-(3,5-difluoro-4-hydroxybenzylidene)-2-methyl-1-(2,2,2-trifluoroethyl)-

1H-imidazol-5(4H)-one) (DFHBI-1T). Compared to Spinach2, Broccoli has significantly reduced 

dependence on magnesium for proper folding, resulting in 2-fold increase in fluorescence signal 

in vivo. Moreover, Broccoli does not require tRNA scaffold which is incorporated into Spinach 

and Spinach2 to promote folding in cells. The 5S ncRNA was imaged in HEK293T cells using 

Broccoli. As an alternate strategy, Shu et al. incorporated the pRNA 3WJ motif of the phi29 DNA 

packaging motor into light up RNA fusions to enable predictable folding.[288] It was subsequently 

shown that Broccoli could be engineered to give a fluorescence readout in the presence of RNA-

modifying enzymes.[289] For example, substitution of specific adenosine bases with N(6)-
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methyladenosine rendered Broccoli non-fluorescent. Demethylation due to activity of RNA 

demethylases such as fat mass and obesity-associated protein (FTO) or ALKBH5 generated 

unmodified Broccoli and restored fluorescence in the presence of DFHBI-1T.  

Dolgosheina et al. developed Mango, an aptamer that binds to thiazole orange derivatives and has 

significantly increased binding affinity and fluorescence efficiency compared to Spinach-type 

aptamers.[290] These properties could be leveraged to image RNA down to the single molecule 

level. Later, Autour et al. developed new Mango aptamers for imaging small non-coding RNA 

such as 5S, U6, and a box C/D scaRNA in fixed and live HEK293T cells. [291] The new aptamers 

were comparable in brightness to GFP and enhanced GFP. The Jaffrey lab developed Corn, a 

28 nt aptamer, which binds to 3,5-difluoro-4-hydroxybenzylidene imidazolinone-2-oxime 

(DFHO), a mimic of the fluorophore in red fluorescent proteins. Compared to Spinach and 

Broccoli which lose >50% of fluorescence within 200 ms of constant irradiation, Corn is  

unaffected up to 10 s. Corn was utilized for quantitative measurement of Pol III transcription in 

HEK293T cells. DFHO could also bind to Broccoli derivatives yielding Red Broccoli and 

Orange Broccoli which have red shifted excitation and emission properties; however, these 

complexes were susceptible to rapid photobleaching.[292,293] 

The Nilsen-Hamilton lab developed a FRET-based approach using Intracellular MultiAptamer 

GEnetic tags (IMAGEtags) for tracking gene expression in vivo. These probes gave higher 
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sensitivity compared to Spinach.[294,295] Jepsen et al. developed a genetically encoded FRET-

based strategy for imaging intracellular analytes by incorporating Spinach and Mango aptamers 

in close proximity in single-stranded RNA origami scaffolds.[296] The validity of this system 

was demonstrated by imaging SAM in E. Coli cells.  

The readers are directed to focused reviews by Ouellet, and You and Jaffrey for further 

information on genetically encoded-aptamers.[297,298] 

1.6.10. Split aptamers  

Split aptamers are comprised of aptameric sequences that have been divided into two parts. In the 

presence of a target, the two fragments form a ternary complex and this property can be used in 

designing proximity-dependent sensors. Split aptamers have been developed for detecting adenine, 

ATP, cocaine, thrombin, 17β-estradiol, D-vasopressin, and theophylline in solution.[299]  

Zheng et al. developed a DNA nanoprism-based split-aptamer construct for the detection of ATP 

in live cells. The aptamer fragments were labeled with a FRET-pair such that in the presence of 

ATP a FRET signal was obtained.[300] The FRET signal increased linearly in vitro with increasing 

ATP concentrations between 0.03-2 mM and saturated at a 5-fold enhancement. The probe was 

also used for reporting changes in ATP concentrations in live HeLa cells.  
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Figure 1.6.10-1. Split aptamers for ATP detection (A) Split aptamer design incorporating HCR 

for analyte detection.  (B) A scheme of a nanoparticle/split aptamer detection strategy for sensing 

ATP in live cells.  Binding of split aptamers AP1 and AP2 to ATP results in their tail regions 

coming into proximity, acting as an initiator for HCR with H1 and H2.  The opening of H1 results 

in separation of a fluorophore and quencher, giving fluorescence. Adapted with permission.[110] 

Copyright (2018) American Chemical Society. 

Recently, Zhang et al. reported the development of a nanoparticle-based split-aptamer sensor for 

detecting ATP in live cells through HCR (Figure 1.6.10-1).[110] In their work, Zhang et al. used 

four ONT sequences: (i) two sequences were the aptamer fragments (AP1 and AP2), each fragment 

consisting of a recognition element that binds to the target and a split initiator element for HCR 

(Figure 1.6.10-1).  (ii) the remaining sequences were hairpin sequences H1 and H2. Upon binding 

to ATP, the tail regions of AP1 and AP2 were brought within close proximity, resulting in the 

formation of an active initiator sequence capable of activating HCR between H1 and H2. H1 was 

labeled with a fluorophore (TAMRA)-quencher (BHQ) pair such that the fluorescence was turned 

on by separation of TAMRA from BHQ upon opening of the hairpin due to ATP binding. 

Moreover, an amplified signal was attained as one ATP binding event results in a cascade of 

hybridizations. These ONTs were delivered to live cells using amino-functionalized fluorescent 

block copolymer nanoparticles (BCNs). The positively charged BCNs allowed electrostatic 

surface adsorption of the negatively charged ONTs as well as efficient transfection. Their inherent 

fluorescence also allowed the particles to be tracked independently of ATP. These constructs were 
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specific for ATP against CTP, GTP, UTP and TTP, were claimed to give a limit of detection of 30 

nM in solution, and reported differences in the relative abundance of ATP inside cells with high 

signal-to-background ratios.  

Wang et al. developed a “split-broccoli” system for imaging mRNA in live cells.[301] The Broccoli 

aptamer was split into two fragments and genetically encoded into live mammalian cells. Tandem 

binding of the aptamer fragments to the target mRNA created a binding pocket where the dye 

DFHBI could then bind and elicit a fluorescence signal. The authors termed this technique as 

aptamer-initiated fluorescence complementation (AiFC). The nomenclature was coined by 

drawing parallels to bimolecular fluorescence complementation (BiFC), a prevalent technique 

used in imaging protein-protein interactions using split-fluorescent proteins. Using this strategy, 

CFL1, β-actin, and GAPDH mRNA were imaged in HeLa and HuMSC cells.  The authors further 

demonstrated the versatility of this system by engineering a new iSpinach RNA aptamer for 

monitoring β-actin. Similarly, Alam et al. also developed a split-broccoli system for monitoring 

RNA-RNA hybridization in live E. coli cells.[302]  

1.6.11. Other strategies 

Analogous to MBs, aptamer beacons were developed by Liang et al. for the imaging of HIV-1 

reverse transcriptase in live HeLa and U1 cells.[62] This study addresses the challenge of 

visualizing endogenous proteins in genetically unmodified cells. 

Ke et al. developed a noninvasive technique for the measurement of temperature in live cells using 

MBs synthesized from L-DNA, the enantiomer of naturally occurring D-DNA.[43] The 

fluorescence of the MBs is quenched below the melting temperature of the hairpin structure and 

increases gradually at higher temperatures. The use of L-DNA prevents non-specific binding to 
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cellular proteins and nucleic acids as well as nuclease degradation. Using palladium nanosheets 

that absorb NIR light (808 nm) to give rise to a photothermal effect, the authors showed that the 

fluorescence signal could be reversibly tuned over the range of 20-34 °C in live HeLa cells.  

Strauss et al. developed slow off-rate modified aptamers (SOMAmers) for monitoring cell 

surface and intracellular targets using DNA points accumulation in nanoscale topography 

(DNA-PAINT).[303] DNA-PAINT is a single molecule imaging technique that allows ~ 5 nm 

spatial resolution.[304] The method involves the binding of dye-labeled DNA strands to their 

complements transiently. Unlike traditional aptamers, SOMAmers contain modified bases with 

hydrophobic residues allowing increased range of protein targets with high-affinity ligands. 7 

different SOMAmers that can quantitatively image proteins in different cellular compartments 

such as the cell membrane, nucleus, lysosomal membrane, peroxisomes, and mitochondria, 

were identified. These proteins included EGFR, GFP-labeled Nup107, catalase proteins, ErbB2, 

HSP90, LIMP-2, and HSP60. 

Several strategies aimed at identifying and isolating whole live cells based on aptamers or studying 

proteins on cell membranes have been published.[305–313] However, most of these aptamers target 

cell surface markers as opposed to intracellular markers and are, therefore, beyond the scope of 

this review.   

1.7. DNAzyme-based probes 

1.7.1.  Gold nanoparticle-based 

The Lu group pioneered the development of DNAzyme-based probes for imaging metal ions in 

live cells (Figure 1.7.1-1).[97] The 39E DNAzyme was chosen as a model as it detects its target 
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uranyl ions with excellent selectivity (>1 million-fold) and sensitivity (45 pM). A NanoFlare-like 

construct was used, consisting of a 13 nm gold core and a dense 39E DNAzyme shell. The enzyme 

strand of the DNAzyme was covalently attached to the gold core through a short thiolated poly A 

region at the 3’ end. The substrate strand, labeled with Cy3 at the 5’ end, was hybridized to the 

enzyme strand, resulting in quenched fluorescence due to proximity to the gold surface. The 

purpose of adding the poly A region was to ensure that steric bulk due to dense functionalization 

did not impede hybridization with the substrate strand. However, it was observed that this also led 

to decreased quenching efficiency. Therefore, the substrate strand was further modified with a 

quencher, BHQ, at the 3’ end. In the presence of uranyl ions, the substrate strand was cleaved at 

the ribonucleotide site, resulting in a shorter strand with much lower melting temperature (21 °C) 

compared to the original intact strand (60 °C). Therefore, at physiological temperature (37 °C), the 

Cy3 containing short strand separated from the nanoparticle and fluorescence could be observed. 

Using this strategy, it was demonstrated that uranyl ions can be imaged in live HeLa cells 

pretreated with uranyl citrate. Moreover, using Lysotracker it was shown that the probes were 

mostly localized in the lysosomes. Li et al. later extended this strategy for the simultaneous 

imaging of Zn2+ and Cu2+ using two distinct fluorophores (FAM for Zn2+ and Cy5 for Cu2+) in 

HepG2 cells.[314] In this context, we mention that a recent review by Zhou et al. provides a 

comprehensive overview of the state of metal sensing by DNA.[22] 
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Figure 1.7.1-1. DNAzymes immobilized on the surface of gold nanoparticles for detection of 

uranyl ions.  A fluorophore on the substrate strand is quenched by both gold and BHQ.  Cleavage 

of the substrate strand in the presence of uranyl ions leads to separation of the fluorophore from 

both quenching elements and a subsequent fluorescence turn on. Adapted with permission.[97] 

Copyright (2013) American Chemical Society 

The Wang group has developed several DNAzyme functionalized gold nanoparticle-based probes 

for live cell imaging. For example, Yang et al. reported the first aptazyme-based gold nanoparticle 

probe for the detection of ATP in live cells (Figure 1.7.1-2).[315] A 13 nm gold nanoparticle was 

densely functionalized with 3’-TAMRA-labeled substrate strands to which 5’-BHQ-2-labeled 

aptazymes specific for ATP were hybridized. The number of aptazyme strands were lower than 

the number of substrate strands. The aptazyme could not form a stable and active structure without 

ATP. However, in the presence of ATP and Mg2+ (a cofactor), a stable structure could be formed, 

leading to ATP-dependent cleavage of the substrate strand, separating the fluorophore from the 

quencher and eliciting a fluorescence signal. As one aptazyme can bind to several substrate strands 

in succession, a small number of ATP molecules could lead to a large fluorescence readout 

allowing a reported detection limit as low as 200 nM. The aptazyme-gold nanoparticle construct 

was used to image ATP in live HeLa cells. They later developed hairpin-locked DNAzyme 

probes[316] and split-DNAzyme-based probes for imaging microRNA in live cells.[317]  
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Figure 1.7.1-2. Workflow of aptazyme/gold nanoparticle-based method for detection of ATP 

molecules.  Fluorophore-labeled substrate strands are conjugated to gold nanoparticles and 

prehybridized with a quencher-labeled aptazyme strand.  The aptazyme is activated in the presence 

of ATP, leading to cleavage of the substrate strand and separation of fluorophore and quencher to 

yield fluorescence.  Active aptazymes can bind to multiple substrate strands in succession, leading 

to amplified signal. Adapted with permission.[315] Copyright (2016) American Chemical Society 

Using a slightly modified strategy employing two DNA hairpin strands (including a Zn2+-specific 

DNAzyme), Liu et al. developed a probe for detecting microRNA.[318] Similarly, Peng et al.  

developed a “DNAzyme motor” probe, also for detecting microRNA.[50]  

One limitation of DNAzymes is metal-dependent degradation prior to intracellular entry. As a 

potential solution to this problem, Wang et al. developed NIR activated DNAzymes.[319] Gold 

nanoshells were functionalized with a three-stranded DNAzyme precursor. Upon irradiation, local 

changes in temperature resulted in release of the DNAzyme from the gold surface, which could 

then form the active structure. In this study, Zn2+ was imaged in HeLa cells. 

1.7.2.  Graphene oxide-based 

Kim et al. developed a theranostic platform for detection and regulation of mRNA based on 

DNAzyme-graphene oxide nanosheet (nGO) complexes.[320] nGO protected the DNAzyme against 

nuclease degradation and allowed its delivery into cells without the use of transfection reagents. 
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They demonstrated that using this construct, the Hepatitis C virus non-structural gene (NS3) can 

be detected and down-regulated in Huh-7-rep liver cells. The DNAzyme sequence used consisted 

of a catalytic domain flanked on both sides by bases complementary to the NS3 mRNA and a 

fluorophore label (FAM) at the 5’ end. The fluorescence of FAM was quenched by 95% upon 

complexation of the DNAzyme with nGO and could be recovered upon separation of the 

DNAzyme from the nGO via binding to the target mRNA. Post mRNA binding, the DNAzyme 

elicited sequence specific mRNA cleavage resulting in changes in gene expression both at the 

mRNA and protein levels. The DNAzyme-nGO complex reduced mRNA and protein levels down 

to 32.6% and 26%, respectively, outperforming lipofectamine-transfected DNAzyme which led to 

reduction to 57.3% and 30.2%, respectively. 

1.7.3.  Polymer core nanoparticle-based 

Zhang et al. developed dendritic polyethylene–cationic poly(p-phenylene ethynylene) 

nanoparticles for the delivery of DNAzymes into live cells.[321] The 8-17 DNAzyme that undergoes 

catalytic degradation in the presence of Pb2+ was used in this study. The DNAzyme was bound to 

the polymer core through electrostatic interactions. The 5’ end of the substrate strand was labeled 

with Cy5.5 while the 3’ end of the enzyme strand was labeled with BHQ-3, resulting in quenched 

fluorescence in the absence of Pb2+. In buffer, addition of increasing concentrations of Pb2+ (up to 

10 µM) led to increase in fluorescence signal (~10-fold) due to degradation of the substrate strand 

resulting in separation of the fluorophore and the quencher. The nanocomposite was internalized 

into HepG2 cells without transfection reagents. The cells were then treated with 0 to 725 mM Pb2+. 

The blue-green fluorescence of the nanoparticle probe enabled monitoring uptake whereas the far-

red fluorescence of the Cy5.5 allowed monitoring of Pb2+ concentration. Using confocal imaging 
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and flow cytometry, the authors demonstrated that the probe responded to changing concentrations 

of Pb2+ in live cells. 

1.7.4.  Dendrimer-based 

The presence of inorganic cores used in delivering DNA-based probes has been shown to induce 

toxicity at high concentrations in some cases. To overcome this limitation, Meng et al. developed 

a nanocarrier composed entirely of DNA using a dendrimer-based strategy.[322] The sensing moiety 

of the dendrimer was based on a DNAzyme for detecting L-histidine and consisted of 4 strands as 

shown in Figure 1.7.4-1. The strand Y1b was labeled with a quencher, BHQ-1, while the substrate 

strand X was labeled with the fluorophore FAM. In the presence of L-histidine, the substrate strand 

was cleaved, resulting in a shorter strand with a much lower melting temperature (12.7 °C) 

compared to the original full-length strand (44.3 °C). At physiological temperature, the strand 

dehybridized, resulting in separation of FAM and BHQ-1 leading to fluorescence enhancement. In 

buffer, the dynamic range was established to be 5 μM -10 mM, with a reported detection limit of 

500 nM. Importantly, the dendrimer-based architecture imparted resistance to nuclease degradation 

as well as stability against degradation due to non-specific protein binding. In cell lysate, similar 

titration curves were obtained, with a dynamic range of 5-100 μM. To test whether these constructs 

function in live cells, MCF-7 (human breast cancer) cells were used as a model. Cells treated with 

the dendrimer nanocarrier, followed by 100 mM L-histidine and 150 mM K+ (a cofactor in the 

catalytic reaction) showed significantly increased fluorescence compared to cells treated without 

one or more of the components. The authors also developed a sensor for detecting ATP using an 

ATP aptamer instead of the DNAzyme. Taken together, these results represent an advance towards 

developing more biocompatible nucleic acid-based probes.  
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Figure 1.7.4-1. Design of dendrimer-based nanoparticles for detection of ATP and histidine. (A) 

The assembly of Y0 containing a 3-way junction made from single-stranded components Y0a, Y0b, 

and Y0c. (B) The assembly of Y1-L-histidine from single-stranded components Y1a, BHQ1-Y1b, Y1c-L-

histidine and FAM-XL-histidine. (C) The assembly of Y1-ATP from single-stranded components Y1a, 

BHQ1-Y1b, Y1c-ATP and FAM-XATP. (D) The assembly of G4-L-histidine from components Y0, Y1-L-

histidine, Y2, Y3, and Y4. (E) The assembly of G4-ATP from components Y0, Y1-ATP, Y2, Y3, and Y4. (F) 

Layer-by-layer development of generations 1-4 of DNA dendrimers.[322]  Adapted with permission. 

Copyright (2014) American Chemical Society. 

1.7.5.  MOF-based 

Yi et al. developed a MOF-based probe for ratiometric detection of intracellular microRNA.[323] 

The 8-17 DNAzyme labeled with a FRET-pair was complexed with a zeolitic imidazolate 

framework-8 (ZIF-8). This nanostructure was taken up by cells. In the endosome, acidic digestion 
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of ZIF-8 released Zn2+, which acts as a cofactor for the DNAzyme. In the presence of the target 

microRNA, a change in FRET signal is observed due to DNAzyme activity. This strategy was 

utilized in imaging miR-21 in MCF-7, HeLa, and L02 cells. Chen et al. developed MOF 

nanoparticles capped with DNAzymes and aptazymes as a therapeutic platform for treating cancer 

cells.[324] Doxorubicin was incorporated into the porous MOF structures and the 

DNAzymes/aptazymes acted as a cap. In the presence of a target metal ion (Mg2+ or Pb2+) or target 

ligand for the aptamer (ATP), DNAzyme/aptazyme activity was observed, leading to drug release. 

1.7.6.  FRET-based 

Hwang et al. developed photocaged DNAzymes for monitoring metal ions in live cells with spatial 

as well as temporal precision.[325] One challenge of using DNAzymes is premature cleavage of the 

substrate strand before the probes are completely internalized. As the 2’ position of the 

ribonucleotide adenosine plays an important role in the catalytic activity of the DNAzyme, the 

authors modified the site with a photocleavable 2′‐O‐nitrobenzyl protection group. The 8-17 

DNAzyme was chosen to image Zn2+ in live HeLa cells. The substrate strand was modified with 

fluorescein on the 5’ end and BHQ-1 on the 3’ end while the enzyme strand was modified with 

dabcyl on the 5’ end. In the absence of the target, the two strands were hybridized, and the 

fluorescence was quenched. Notably, incubation of the probes with 50 µM Zn2+ in buffer and 

human serum for long periods (up to 7 days) did not result in significant increase in fluorescence 

indicating that cleavage was minimum in the absence of light. In contrast, the unprotected 

adenosine containing DNAzyme degraded within an hour. These probes were transfected into 

HeLa cells using Lipofectamine 2000, and upon irradiation with 365 nm light, the nitrobenzyl 

protection group was cleaved, thereby leading to Zn2+-dependent cleavage of the substrate strand 
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with concomitant increase in fluorescence signal from fluorescein. Nuclear localization of the 

probes was observed, consistent with previous reports suggesting ONTs delivered using 

Lipofectamine are sequestered into the nucleus. One advantage of using this system is that it is 

highly modular i.e. by using the same substrate strand, but by replacing the catalytic core of the 

enzyme strand with a core sensitive to another metal ion, a new probe can be developed. The 

authors demonstrated this capability by using GR-5 as the catalytic core for detecting Pb2+.  

As an alternate strategy (but similar fluorescence reporting mechanism) to prevent false positive 

signal, Cui et al. developed L-DNAzymes to image Cu2+ in live HeLa cells.[326] Their rationale for 

choosing L-DNAzymes was to prevent false positive signal that may arise from digestion of probes 

by nucleases, non-specific protein or off-target binding of the probes. The L-DNAzyme probe, 

being an enantiomer of D-DNAzyme, retained its catalytic activity in the presence of the achiral 

metal ion, while imparting enhanced biostability to the probe. Compared to D-DNAzymes, these 

probes were resistant to nuclease degradation and resisted binding to single-stranded DNA protein. 

These probes were transfected into the cells using Lipofectamine and upon treatment of the cells 

with Cu2+, fluorescence signal could be observed.  

Torabi et al. developed the first Na+-specific DNAzyme by in vitro selection and converted it into 

a fluorescent sensor for imaging Na+ in live cells.[327] The DNAzyme was characterized by fast 

catalytic rate (observed rate constant ~0.1 min-1), high selectivity (>10-000 fold) for Na+ over 

competing ions (K+, Li+, etc.), and a dynamic range (0.135-50 mM) encompassing physiological 

concentrations of Na+.  By attaching a quencher (Iowa Black) to the 3’ ends of the enzyme and 

substrate strands as well as a fluorophore (FAM) to the 5’ end of the substrate strand, a fluorescent 

sensor for Na+ was developed. The ribonucleotide adenosine site in the substrate strand was 
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protected by photocleavable 2′‐O‐nitrobenzyl protection group to enable controlled activation of 

the DNAzyme after probe internalization. Later, Wu et al. developed a catalytic hairpin assembly-

based strategy for amplification of signal coming from Na+-specific activity of the NaA43 

DNAzyme.[328] 

1.7.7.  Other strategies 

Zhang et al. developed a theranostic platform through which low-abundance microRNAs can be 

visualized using an in situ amplification strategy and drugs can be released in the presence of target 

microRNAs.[329] DNAzymes were attached to multifunctional nanoparticles. Two microRNAs, 

miR-21 and miR-145, which are up- and down- regulated in many types of tumor cells, 

respectively, were chosen as targets. Fluorophore-quencher-labeled multicomponent DNAzymes 

were attached to mesoporous silica-coated gold nanorods via azide-alkyne click chemistry. These 

constructs had a dynamic range between 2.5-250 pM and a reported detection limit of ~1 pM. They 

could be internalized into cells (HeLa, NIH 3T3, and HL-60) and in the presence of their targets, 

cleavage of the fluorophore-labeled substrate strands led to increased fluorescence. Using 

calibration curves, the authors quantified the number of transcripts per cell. Upon NIR irradiation, 

the gold nanorod could cause local increase in temperature, modulating cleavage activity. 

Moreover, doxorubicin could be incorporated within the mesoporous silica and the DNAzymes 

acted as a “gatekeeper,” releasing the encapsulated drug only in the presence of the target 

microRNAs. 

He et al. developed probes employing a dual amplification strategy for the detection of mRNA in 

live cells.[330] These probes consisted of a ZnO core onto which four hairpin DNA strands were 

adsorbed. This architecture allowed the probes to be taken up inside cells without the need for 
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transfection reagents and impeded nuclease degradation. In the endosome, it is believed that acid-

triggered dissolution of the ZnO core resulted in cytosolic delivery of the nucleic acids. In the 

presence of the target mRNA, active DNAzymes were formed by self-assembly of the hairpin 

strands via HCR, which lead to a fluorescence readout. This strategy yielded a reported limit of 

detection as low as 0.1 fM. Using this method, the survivin mRNA, often overexpressed in cancer 

cells, was imaged in a variety of cells, including HeLa, L02, C166, MCF-10A, HepG2, SMCC-7721, 

and MCF-7 cells. 

Some other recent developments in the area of DNAzyme-based detection involve the use of MnO2 

nanosheet carriers[331] and magnetic field-activated DNAzymes for imaging mRNA,[332] enzyme-

initiated DNAzyme nanodevices,[333] as well as upconverting nanoparticles-based probes.[334]  

1.8. Methods for Probe Delivery 

The cell membrane is impervious to ONTs, making intracellular delivery of nucleic acid-based 

probes challenging. Moreover, for imaging, it is important to consider not only the probe uptake, 

but also the quantity of free probe available for binding to the desired targets. For example, a probe 

that targets a molecule in the cytoplasm must be able to reach the cytoplasm and should not be 

confined within cellular compartments. Some methods which have been widely utilized to deliver 

nucleic acid-based imaging probes include the use of microinjection, transfection reagents, and 

electroporation.[6] Recently, several nanoparticle-based platforms as well as aptamer-based 

strategies have been developed as transfection reagent-free strategies for intracellular delivery of 

probes via receptor-mediated internalization.[44,74]   
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Microinjection involves direct introduction of imaging probes into the cytoplasm of the cells. 

While structures of various sizes can be delivered effectively, the throughput is low. Moreover, 

microinjection can damage the cell and impede normal cell functions.  

As an alternative strategy, various transfection reagents have emerged as popular vectors for 

introducing imaging probes inside cells. One class of transfection reagents involves toxin-based 

cell membrane permeabilization. For example, streptolysin O (SLO), is a bacterial protein that 

oligomerizes on the cell-surface in a cholesterol-dependent manner to form reversible pores with 

diameters of 25-30 nm. These pores facilitate the transfer of nucleic-acid based probes from 

extracellular space indirectly into the cytoplasm;[335] the cell membrane can be restored after SLO 

treatment by placing the cells in normal cell culture medium. Cell penetrating peptides (CPPs) 

(e.g. HIV-1 Tat peptide and its derivatives) are another class of transfection reagents. The positive 

charge associated with the cationic amino acids aids in cellular transfection.[336] Cationic liposome-

based transfection reagents such as Lipofectamine have also been developed.[337] A major 

limitation of transfection reagents is induction of toxicity. Moreover, in some cases, transfection 

reagents can also alter gene expression. Some transfection reagents are susceptible to endosomal 

entrapment. Probes that enter through endosomal pathways are prone to rapid degradation by 

nucleases. Therefore, even when the probes do escape, only a small fraction of the probes remain 

functional.  

To overcome challenges associated with endosomal entrapment, electroporation has been used to 

deliver imaging probes to cells with over 90% transfection efficiency.[150,338] Electroporation 

entails the application of strong electric fields to transiently destabilize cell membranes so that 

external reagents may be introduced within cells. Typically, low cell viability is often associated 



139 
 

 
 

with electroporation. Although recent advances such as microporation have minimized cell 

mortality (>85% cell viability[150]), optimization is necessary to determine the electrical parameters 

for efficient cellular delivery. The parameters depend on electrode design, cell type as well as 

identity of molecules to be introduced within cells.  

Many nanomaterial-based nucleic acid imaging probes do not require transfection as they are taken 

up by cells through receptor-mediated endocytosis. For example, the spherical nucleic acid 

architecture which involves a dense DNA shell grafted to a nanoparticle core allows NanoFlares 

and structurally similar probes to be taken up by endocytosis.[139]  Graphene-oxide based probes 

are also taken up spontaneously by cells.[261] A small fraction of probes being released from the 

endosome results in stoichiometrically meaningful quantities for detection. However, it is not 

known quantitatively what percentage of these probes escape from the endosome and remain 

functional.  Inability to detect desired targets in the cytosol may arise from lack of careful 

optimization of incubation conditions, given that probe uptake and endosomal escape may be cell 

line dependent.  It should be noted that in fluorophore-quencher based systems, separation of the 

fluorophore and the quencher due to nuclease degradation in the endosomes can be a significant 

contributor to the incidence of false positive signals.  

Certain aptamer sequences can also enable probe internalization within cells without the need of 

transfection reagents. For example, the AS1411 aptamer that targets nucleolin, a protein often 

overexpressed on the surface of various cancer cell lines, has been used to deliver probes 

preferentially to cancer cells.[74] Similarly, the transferrin aptamer has been utilized to image the 

transport of chloride ions along the transferrin pathway using DNA nanomachines.[248] 
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Importantly, the use of aptamers allows probes to be delivered along different pathways so that 

chemical changes along these pathways can be individually imaged.[115,248]  

1.9. Challenges 

1.9.1.  Target accessibility  

Probes must be able to bind to their targets to elicit a detectable signal. However, not all targets 

are easily accessible for binding to the probes. For example, parts of an mRNA sequence might be 

bound to proteins or may have secondary structures, rendering it difficult for a complementary 

probe to bind. Therefore, while designing new probes, several sequences may have to be designed 

and tested to find the optimal probe. Studies have suggested that the starting and terminating codon 

regions of mRNAs fare as better targets.[339] Yet, probes must be carefully designed as a shift of 

only a few bases either towards the 3’ or 5’ can lead to an ineffective probe. Target analytes may 

also be localized within membrane-bound organelles and inability of probes to enter these 

organelles will impede detection.  

1.9.2.  Selection of fluorophores and quenchers 

To establish quantitative imaging of intracellular analytes with high signal-to-background ratios, 

fluorophores and quenchers must be carefully chosen. For example, cellular autofluorescence in 

the green channel contributes to significant background. These effects can be mitigated by using 

dyes with red-shifted fluorsecence or by developing brighter dyes with greater quantum yields. 

Alternately, lanthanide-based dyes which have longer fluorescence lifetimes can be used for 

imaging to overcome interference from autofluorescence. A limitation of such an approach is the 

need for more complex instrumentation. Another important consideration is the photostability of 
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the dye. Long-term cellular imaging necessitates the use of dyes that are resistant to 

photobleaching. Designing fluorophores with desired brightness, photostability, and 

biocompatibility is still an active field of research. A major limitation of fluorescence-based 

approaches in general is that multiplexed imaging of more than 5 or 6 analytes is challenging due 

to the limited numbers of spectrally distinct fluorophores available. Moreover, the fluorescence 

intensity of fluorophores can also be impacted by local pH or interaction with other molecules, 

which can complicate the interpretation of results.   

1.9.3.  Sensitivity and selectivity of probes 

The most challenging hurdle in developing fluorescent probes for imaging analytes in living cells 

is sensitivity of detection. Low-abundance molecules are particularly difficult to observe, although 

several amplification strategies such as HCR have been developed to enhance signal. Moreover, 

the binding affinity of the probes play an important role in determining the sensitivity with which 

targets can be detected. This is particularly important for aptamer-based probes which are typically 

evolved in vitro and therefore do not behave as expected inside cells and often show poor folding. 

Also important are the kinetics of probe-target binding. If the dynamics of the analyte of interest 

occur faster than the target binds, it will be impossible to follow the analyte with spatiotemporal 

precision. Importantly, probes should be carefully designed to be selective for their targets to avoid 

false positive signals.  

1.9.4.  Probe delivery and stability 

As mentioned above, there are numerous challenges associated with the delivery of probes in live 

cells. Each technique has its own advantage and disadvantages. Probes must be able to reach their 
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targets to be able to detect them. Therefore, probe stability is of paramount importance. This is 

particularly important for monitoring long-term dynamics. Nucleic acid-based probes are 

inherently susceptible to enzymatic degradation. However, their stability can be increased via 

modification of the nucleic acid structure or association with nanoparticles. Also important for 

long-term monitoring of live cells is the impact of the probes themselves on the cells. For example, 

binding of antisense/DNAzyme probes to mRNA can induce down-regulation or degradation of 

mRNA over long treatment times.[166] Some of these challenges can be mitigated by using low 

concentrations of probes, while ensuring the concentration is high enough to elicit a signal, or 

shorter treatment times.  

1.9.5. Motivation for a new class of live cell probes 

The limitations of nucleic acid-based probes for live cell analysis summarized herein offer an 

opportunity to engineer a new class of structures that overcome these challenges.  A class of probes 

that actively enter cells, are resistant to false-positive signal, have the ability to spatiotemporally 

track analytes, yield kinetically rapid response, and recognize a wide variety of analytes is highly 

sought after.   
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CHAPTER TWO 

2. Forced Intercalation Aptamers (FIT-Aptamers) 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Portions of this chapter reprinted (adapted) with permission from S.B. Ebrahimi, D. Samanta, 

H.F. Cheng, L.I. Nathan, C.A. Mirkin, J. Am. Chem. Soc. 2019, 141, 13744–13748. Copyright 

2019 American Chemical Society. 
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2.1. Introduction 

2.1.1. FIT-Aptamers as a New Paradigm for Sensitive Detection of Analytes 

Aptamers, oligonucleotide sequences that can be evolved to bind to analytes with high sensitivity 

and specificity, have recently found widespread use as effective therapeutic and diagnostic 

tools.[25,340–342] To be used as a tool for detection, the binding of an aptamer to its target must result 

in a signaling event that can be monitored as a readout for target presence. Fluorescence-based 

techniques have emerged as popular readout platforms due to their simplicity, low-cost, high-

throughput, and ability to multiplex.[121,122,254,268,292,293,343–347] For example, several strategies have 

been designed wherein target binding to an aptamer labeled with a fluorophore-quencher pair 

induces a structural change that separates the fluorophore and the quencher (e.g. structure-

switching signaling aptamers,[254] aptamer beacons,[345] aptamer switch probes[268]). Alternatively, 

constructs that bring a pair of dyes into close proximity upon target binding to elicit a fluorescence 

signal by Förster resonance energy transfer (FRET) are also commonly employed.[346] More 

recently, Spinach aptamers and variants thereof have been developed that change structure after 

aptamer-target complexation, allowing a small molecule fluorophore to bind to the Spinach region 

in the sensing unit and yield fluorescence turn-on.[121,122,292,293] 

While these methods constitute a powerful means to detect targets of interest, they also suffer from 

limitations. Strategies that rely on partial blocking of the aptamer site (i.e. structure-switching 

aptamers, aptamer beacons) retard aptamer-target binding kinetics, increasing the time required to 

obtain a readout.[348] Systems based on fluorophore/quencher pairs are prone to false-positive 

signals in complex media and cells due in part to nuclease degradation.[175] Moreover, strategies 

based on FRET are generally associated with low signal to noise ratios.[349] Platforms like Spinach 
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require long sequences to be appended to aptamers, making their folding and, therefore, efficacy 

difficult to predict in complex milieu.[287] 

In this chapter, I present a fundamentally new design strategy for interfacing aptamers with a 

readout event via viscosity-sensitive fluorophores. The Seitz group has shown that dyes of the 

thiazole orange family can be covalently attached to mRNA recognition sequences to create 

“duplex-sensitive” fluorescence turn-on probes.[124,154,157,158] The fluorescence enhancement stems 

from the restricted rotation of the dye around its methine bridge upon forced intercalation (FIT) in 

the oligonucleotide duplex. Notably, these probes avoid false-positive signals because their turn-

on does not rely on proximity between a fluorophore and a quencher. We hypothesized that by 

strategically placing the dye in an aptamer sequence such that structural changes of the aptamer 

upon ligand binding hinders the dye’s internal rotation, a new class of false-positive resistant 

signaling aptamers can be designed (Figure 2.1.1-1). Additionally, we reasoned that these “FIT-

aptamers” would respond faster compared to probes relying on partial blocking of the aptamer site 

and require only a single modification unlike Spinach-based platforms.[122]  

 

 

Figure 2.1.1-1. FIT-aptamers: Aptamers modified with a visco-sensitive dye (quinoline blue) 

fluoresce upon target binding due to target-induced conformational changes. 

2.2. Materials and Methods 



146 
 

 
 

2.2.1. Oligonucleotide design, synthesis, purification, and characterization 

2.2.1.1. Oligonucleotide design 

Error! Reference source not found. lists all the oligonucleotide sequences used in this study. The 

dye quinoline blue, D, is represented by D. 

Table 2.2.1-1. Oligonucleotide sequences used in this study 

Abbreviation Sequence (from 5’ end to 3’ end) Purpose 

HgA1 
TCATG TTTGT TTG TTG GCC CCC CTT CTT 

TDT TA 
Aptamer for Hg2+ 

HgA1comp CAA ACA AAC ATG A 
Short complement to 

HgA1 

HgA2 TTT D TTT TTT T TTT 
Simpler/shorter aptamer 

for Hg2+ 

HgA2-F TTT T TTT TTT T TTT-fluorescein 
Strands for FRET 

experiments with Hg2+ 
HgA2-T TAMRA dT-TTT T TTT TTT T TTT 

HgA2-FT TAMRA dT-TTT T TTT TTT T TTT-fluorescein 

AgA CCC D CCC AAAA CCC T CCC Aptamer for Ag+ 

I-mD CCCC TAA CDCC TAA CCCC TAA CCCC Aptamer for H+ 

THR1D 
GGT TGG TGT GGT TGG (spacer18)5 CGC D 

TCT 
Two aptamers that bind 

two distinct epitopes on 

thrombin THR2 
AGA T GCG (spacer18)5 AGT CCG TGG TAG 

GGC AGG TTG GGG TGA CT 

THR1-F 
GGT TGG TGT GGT TGG (spacer18)5 CGC A 

TCT-fluorescein 
Strands for FRET 

experiments for two 

epitope thrombin 

binding 
THR2-T 

TAMRA dT-AGA T GCG (spacer18)5 AGT CCG 

TGG TAG GGC AGG TTG GGG TGA CT 

THR1-c 
GGT TGG TGT GGT TGG (spacer18)5 CGC A 

TCT 
Control sequences for 

FRET experiments for 

two epitope thrombin 

binding 
THR2-c 

T AGA T GCG (spacer18)5 AGT CCG TGG TAG 

GGC AGG TTG GGG TGA CT 

Split-THRa TGG TTG G TTTTTT (sp18)5 C GCD TCT Split aptamers for 

thrombin Split-THRb AGA TGC G (sp18)5 AAAAAA GGT TGG TG 

5’-TDT-3’ ATA TTC TGA A TDT CA TCC TGC DNA sequences used to 

demonstrate that D can 

report the formation of 

T-Hg2+-T base pairing 

within a preformed 

oligonucleotide duplex 

5’-TDA-3’ ATA TTC TGA A TDA CA TCC TGC 

5’-ADA-3’ ATA TTC TGA A ADA CA TCC TGC 

3’-TGT-5’* GCA GGA TG TGT T TCA GAA TAT 

3’-TGA-5’* GCA GGA TG AGT T TCA GAA TAT 

3’-AGA-5’* GCA GGA TG AGA T TCA GAA TAT 
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*This sequence reads “…AGT…” from 5’-3’. However, it is named as 3’-TGA-5’ as it reads 

“…TGA…” when written from 3’-5’. 

2.2.1.1.1. Ligand-induced intramolecular conformational changes 

We first selected a DNA sequence (5’-TCATG TTTGT TTG TTG GCC CCC CTT CTT TCT TA-

3’) that is known to bind to Hg2+ via intramolecular conformational changes. We replaced the 

underlined cytosine at the 4th position from the 3’ end with D to obtain a FIT-aptamer (HgA1). We 

anticipated that in the presence of Hg2+, T-Hg2+-T base pairing would occur, turning on the 

fluorescence of D (Figure 2.3.1-1). 

We note that the sequence used has been previously shown to detect Hg2+ as a structure-switching 

signaling aptamer that incorporates a fluorophore-quencher pair. This strategy necessitates that 

part of the aptamer be blocked by a short complementary strand. To study the impact of the short 

complement on the response time of the probe, we synthesized a 13-mer complement 

(HgA1comp). 

We next synthesized the FIT-aptamer HgA2 consisting of a simple string of 14 thymine bases with 

the 4th base from the 5’ end replaced with D (Figure 2.4.1-1A). To study how FIT-aptamers 

compare with FRET-based platforms, we synthesized three additional T14 sequences: the first 

sequence (HgA2-F) was labeled with fluorescein at the 3’ end, the second sequence (HgA2-T) was 

labeled with TAMRA dT at the 5’ end, and the third sequence (HgA2-FT) was labeled with both 

fluorescein and TAMRA at the 3’ and 5’ ends, respectively. Fluorescein and TAMRA are a well-

known FRET pair. Hg2+-mediated thymine coordination in HgA2-FT is expected to bring the 

FRET pair into close proximity, resulting in a FRET signal (Figure 2.3.1-3). HgA2-F and HgA2-
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T were synthesized as control sequences, to study the influence of Hg2+ on the FRET signal in the 

absence of one of the dyes. 

As a simple probe for Ag+, a cytosine-rich strand was designed (AgA, Figure 2.3.1-4), while a 

modified sequence for the human telomeric i-motif was used to detect pH changes (I-mD, Figure 

2.4.1-3A). 

2.2.1.1.2. Aptamer-based sandwich assay 

Thrombin was chosen as a model target for studying two epitope aptamer binding. Aptamers 

known to associate with thrombin at two distinct sites were used in this study. To generate FIT-

aptamers, five spacer18 moieties and 7-base complementary sequences were appended to the 3’ 

end of the first aptamer (THR1D) and 5’ end of the second aptamer (THR2), respectively. The 4th 

base from the 3’ end of THR1D was replaced with D (Figure 2.4.1-4A). 

2.2.1.1.3. Split-aptamers 

Thrombin was chosen as a model target for studying the feasibility of designing FIT-based split-

aptamers. A known aptamer for thrombin was fragmented into two parts. This aptamer is known 

to form a G-quadruplex and then bind to thrombin. To aid in G-quadruplex formation, 

complementary bases were appended to the 5’ and 3’ ends of the two aptamers, respectively. So 

that the designed FIT-aptamers reports target presence,  a similar design strategy as used for two 

epitope binding was employed: five spacer18 moieties and 7-base complementary sequences were 

appended to the 3’ end of the first aptamer (Split-THRa) and 5’ end of the second aptamer (Split-

THRb), respectively. The 4th base from the 3’ end of Split-THRa was replaced with D (Figure 

2.3.3-1). 
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2.2.1.1.4. Intraduplex metallo-base pair formation 

We synthesized three 21-base DNA sequences that differed only in terms of the bases at positions 

11, 12, and 13 from the 5’ end. The sequences consisted of TDT, TDA, and ADA regions and 

these sequences were correspondingly termed as 5’-TDT-3’, 5’-TDA-3’, and 5’-ADA-3’, 

respectively. Three strands that are complementary to these sequences were also synthesized: 3’-

AGA-5’, 3’-AGT-5’, and 3’-TGT-5’. The dye-labeled strands were added to the unlabeled strands 

in different combinations which resulted in the formation of duplexes with varying numbers of T-

T mismatches adjacent to D (Table 2.2.1-2). 

Table 2.2.1-2. Number of T-T mismatches in DNA duplexes 

 5’-TDT-3’ 5’-TDA-3’ 5’-ADA-3’ 

3’-AGA-5’ 0 0 0 

3’-AGT-5’ 1 0 0 

3’-TGT-5’ 2 1 0 

 

2.2.1.2. Synthesis, purification, and characterization 

DNA synthesis reagents were purchased from Glen Research. Oligonucleotides were synthesized 

either on a MerMade12 (MM12, BioAutomation Inc., Plano, Texas, USA) instrument using 

universal controlled pore glass (CPG) beads at a 5 µmol scale or an ABI 394 using CPG beads at 

a 1 µmol scale. After synthesis, the CPG-bound oligonucleotides were cleaved from the CPG beads 

and deprotected for 4 h at 55 ⁰C using 2 mL of 30% ammonium hydroxide. The ammonia was then 

evaporated off using an Organomation® Multivap® Nitrogen Evaporator. The volume of the 

remaining solution was adjusted to 2 mL using nanopure water. The solution was then filtered 

through a 0.2 μM syringe filter to remove the CPG beads. Subsequent purification was performed 

using reverse phase high pressure liquid chromatography (RP-HPLC, Varian ProStar 210, Agilent 



150 
 

 
 

Technologies Inc., Palo Alto, CA, USA) employing a C18 column and a gradient of 0 to 75% B 

over 45 min (A=triethylammonium acetate buffer, B=acetonitrile). Collected fractions were then 

lyophilized overnight and subsequently detritylated with 2 mL of 20% acetic acid for 1 h. The 

cleaved DMTr was extracted using ethyl acetate.  The remaining acidic oligonucleotide solution 

was lyophilized overnight again, and resuspended in nanopore water. The fraction containing the 

product was identified using matrix-assisted laser desorption ionization time-of-flight mass 

spectrometry (MALDI-TOF MS).  The concentration of product was determined via UV-VIS 

spectroscopy using the extinction coefficient at 260 nm obtained from the IDT Oligo Analyzer 

Tool. 

2.2.2. Synthesis and characterization of quinoline blue (D) 

2.2.2.1. General methods 

All chemicals, reagents, and solvents were purchased as reagent grade from Sigma-Aldrich, Acros, 

or Alfa Aesar and used as received unless otherwise stated. When specified, solvents were 

degassed under a stream of argon before use. All glassware and stir bars were oven-dried at 180 ℃. 

Flash chromatography was performed using SiO2 60 (230–400 mesh ASTM, 0.040–0.063 mm; 

Fluka). Deuterated solvents were purchased from Cambridge Isotope Laboratories and used as 

received. 1H and 13C NMR spectra were recorded on a Bruker Avance 400 MHz NMR 

spectrometer at 298 K, and chemical shifts (δ) are given in parts per million. 1H NMR spectra were 

referenced to residual proton resonances in the deuterated solvents (dimethylsulfoxide-d6 = δ 2.50), 

while absolute referencing was applied for heteronuclear NMR spectra (ΞC = 25.145020). 

Electrospray ionization mass spectrometry (ESI-MS) was recorded on a Micromas Quatro II 

triple−quadrapole mass spectrometer in positive ion mode. N-methyl-4-chlorquinolinium iodide 
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and N-carboxylmethyl-4-methquinolinium bromide were synthesized following literature 

procedures. 

2.2.2.2. Synthesis of quinoline blue derivative 

D was synthesized as described previously with slight modifications. N-methyl-4-

chlorquinolinium iodide (0.2636 g, 0.863 mmol, 1 equiv) and N-carboxylmethyl-4-

methquinolinium bromide (0.292 g, 1.035 mmol, 1.2 equiv) were suspended in 2.2 mL of 

dichloromethane (CH2Cl2). To the brown suspension was added trimethylamine (0.4190 mL, 3.02 

mmol, 3.5 equiv), and the resulting solution turned dark blue immediately. The mixture was stirred 

at room temperature in the dark overnight. The mixture was then dried and purified via flash 

chromatography (CH2Cl2:MeOH = 8:2). The product fractions were combined and dried in vacuo 

to obtain a bluish-purple powder (0.2083 g, 0.608 mmol, isolated yield = 71%). The product is 

stable when stored dried and shielded from light, but a solution of D would decolorize and degrade 

when exposed to light for an extensive period of time. 1H NMR (400 MHz, DMSO-d6) δ 8.71 – 

8.62 (m, 2H), 8.24 (d, J = 7.1 Hz, 1H), 8.00 (d, J = 7.4 Hz, 1H), 7.90 – 7.82 (m, 2H), 7.82 – 7.78 

(m, 1H), 7.78 – 7.70 (m, 2H), 7.67 – 7.54 (m, 2H), 7.51 (d, J = 7.5 Hz, 1H), 7.23 (s, 1H), 4.74 (s, 

2H), 3.96 (s, 3H). 13C NMR (101 MHz, DMSO-d6) δ 165.89, 149.40, 147.26, 144.21, 142.43, 

138.62, 138.58, 132.12, 132.09, 125.89, 125.54, 125.44, 125.35, 125.27, 124.62, 118.39, 117.15, 

109.32, 106.83, 95.72, 59.35, 41.09. ESI-MS m/z Calcd for [M+H]+: 343.14 m/z. Found: 343.14 

m/z. Calcd for [M+Na]+: 365.13 m/z. Found: 365.10 m/z. 
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2.2.2.3. NMR spectra 

 

 

Figure 2.2.2-1. 1H NMR (400 MHz, DMSO-d6, 298 K) spectrum of D.
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2.2.3. Coupling of D to oligonucleotide probes 

D-carboxylate was coupled to oligonucleotide probes containing an amino-modifier (N-

trifluoroacetyl serinol phosphoramidite) using a previously reported protocol with modifications 

(Figure 2.2.3-1). In a typical experiment, D-carboxylate (5 µmol) and pyridinium para‐toluene 

sulfonate (5 µmol) were added to dimethylformamide (250 μL) and vortexed to dissolve the 

components. Thereafter, N‐hydroxysuccinimide (25 µmol) and 1-Ethyl-3-(3-

dimethylaminopropyl) carbodiimide (50 µmol) were added to the solution, and the mixture was 

incubated at 30 °C for 10 min.  This activated dye solution was added to 100 nmol of 

oligonucleotides (dissolved in 250 µL of 0.1 M NaHCO3) and allowed to incubate for 2 h. 

The dye-oligonucleotide solution was added to water (15 mL) and filtered (3 kDa Amicon Ultra-

15 centrifugal filter units, Millipore Sigma). The filtrate was discarded and the solution remaining 

in the filter was purified using a NAP™-10 (GE Healthcare) column to remove any unreacted dye. 

The dye-conjugated oligonucleotide was separated from unreacted oligonucleotides using RP-

HPLC with a C18 column and a gradient of 0 to 75% B over 45 min (A=triethylammonium acetate 

buffer, B=acetonitrile). The product containing fraction was analyzed using MALDI-TOF and 

quantified using UV-Vis spectroscopy as before. 

 

Figure 2.2.3-1. A scheme of the coupling of the serinol phophoramidite to an amino-modified 

oligonucleotide.  
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2.2.4. Fluorescence experiments 

All measurements were performed in triplicate unless otherwise mentioned. 

2.2.4.1. Aptamer-Hg2+ binding studies 

2.2.4.1.1. Calibration curve 

A calibration curve measuring the response of probe HgA1 to target in MOPS buffer (10 mM 

MOPS, 100 mM NaNO3, pH 7.2) was constructed using a BioTek Synergy H4 Hybrid Reader. 50 

nM HgA1 probe was challenged with different amounts (0, 25, 50, 75, 100, 150, 200, 250, and 

300 nM) of HgCl2 in different wells of a 96 well plate.  The fluorescence reading was taken at 20 

⁰C. 

2.2.4.1.2. Kinetics 

50 nM HgA1 probe (with and without 100 nM of HgA1comp) was challenged with 250 nM HgCl2 

in MOPS buffer (10 mM MOPS, 100 mM NaNO3, pH 7.2) at 20 ⁰C. The fluorescence was read 

using an ISS PC1. Fluorescence of just the probe was read before the addition of Hg2+, and then 

monitored until the signal saturated after HgCl2 addition. 

2.2.4.1.3. Effect of pH on binding 

250 nM HgA2 probe was challenged with 75 nM HgCl2 in varying pH Britton-Robinson (BR) 

buffer (pH 6, 7, 8, 9, 10, and 11) and fluorescence was read using an ISS PC1 at 20 ⁰C. 

Fluorescence of the probe was read both before and after the addition of Hg2+.   

2.2.4.1.4. Effect of ionic strength 



155 
 

 
 

250 nM HgA2 probe was challenged with 75 nM HgCl2 in pH 10 BR buffer at different ionic 

strengths (0, 100, and 500 mM NaCl) and fluorescence was read using an ISS PC1. Fluorescence 

of just the probe was read before the addition of HgCl2. Fluorescence readings were taken at 20 

⁰C. 

2.2.4.1.5. Calibration curve 

All fluorescence readings were taken on an ISS PC1 at 20 ⁰C. In a representative experiment, a 

fluorescence reading was first taken of pH 10 BR buffer.  Then, 50 nM HgA2 probe was added 

and another fluorescence reading was taken. Lastly, x nM HgCl2 (where x is 10, 25, 50, 75, 100, 

150, 200, or 250) was added and a fluorescence reading was taken. The cuvette was then washed, 

and this procedure was repeated for the next value of x.  A corresponding spectrum was taken for 

each of these points by excitation at 560 nm and collection of emission from 590 nm to 750 nm. 

2.2.4.1.6. Selectivity of Hg 

50 nM HgA2 probe in pH 10 BR buffer was challenged with 500 nM of varying metals (Hg2+, 

Ag+, Pb2+, NH4
+, K+, Fe3+, Fe2+, Mn2+, Mg2+, Cu2+, Ca2+, Co2+, Ni2+, Zn2+, Cd2+, and Ba2+) and 

fluorescence was measured using a BioTek Synergy H4 Hybrid Reader.  The fluorescence readings 

were taken at 20 ⁰C. 

2.2.4.1.7. FRET experiments 

All experiments were done in pH 10 BR buffer and fluorescence was collected using a BioTek 

Synergy H4 Hybrid Reader at 20 ⁰C. Excitation was performed at 480 nm and emission was 

collected at 520, 580, and 700 nm. 50 nM of HgA2-F, 50 nM of HgA2-T, or 50 nM of HgA2-FT 

probe were challenged with 500 nM HgCl2. 
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2.2.4.2. Aptamer-Ag+ binding studies 

2.2.4.2.1. Calibration curve 

All fluorescence readings were taken on an ISS PC1 at 20 ⁰C. In all experiments, 50 nM AgA 

probe was added to MOPS buffer (10 mM MOPS, 100 mM NaNO3, pH 7.2). In a representative 

experiment, a fluorescence reading was first taken of the MOPS buffer. Then, 50 nM AgA probe 

was added and another fluorescence reading was taken. Lastly, x nM Ag+ (where x is 10, 25, 50, 

100, 250, 500, 750, or 1000) was added and a fluorescence reading was taken. The cuvette was 

then washed, and this procedure was repeated for the next value of x. A corresponding spectrum 

was taken for each of these points by excitation at 560 nm and collection of emission from 590 nm 

to 750 nm. 

2.2.4.2.2. Selectivity 

50 nM AgA probe in MOPS buffer (10 mM MOPS, 100 mM NaNO3, pH 7.2) was challenged with 

500 nM of varying metals (Ag+, Hg2+, Pb2+, NH4
+, K+, Fe3+, Fe2+, Mn2+, Mg2+, Cu2+, Ca2+, Co2+, 

Ni2+, Zn2+, Cd2+, Ba2+) and fluorescence was measured using a BioTek Synergy H4 Hybrid Reader. 

The fluorescence reading was taken at 20 ⁰C. 

2.2.4.3. Studies with i-motif 

All fluorescence readings were taken on an ISS PC1 at 25 ⁰C. 50 nM I-mD was added to pH x 

McIlvaine buffer (where x is 5.4, 5.6, 5.8, 6, 6.2, 6.4, 6.6, 6.8, 7.0, or 7.6). In a typical experiment, 

a fluorescence reading of pH x McIlvaine buffer was first taken.  Then, 50 nM I-mD was added 

and a fluorescence reading was taken. The cuvette was washed, and this procedure was repeated 

for the remaining values of x. The procedure was repeated in full using the HgA2 probe as a 
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control. Corresponding spectra were collected for the I-mD probe at pH 5.4, 5.6, 5.8, 6.0, 6.2, 6.6, 

7.0, and 7.6 by exciting at 560 nm and collecting emission from 590 nm to 750 nm. 

2.2.4.4. Two-aptamer binding to thrombin 

2.2.4.4.1. Effect of temperature on binding 

All fluorescence readings were taken on an ISS PC1.  In a typical experiment, a fluorescence 

reading was first taken of 1X Tris-buffered saline (20 mM Tris, 0.9% NaCl, pH 7.4). Then, 50 nM 

THR1D and 50 nM THR2 were added to 1X Tris-buffered saline and a fluorescence reading was 

taken after 3 min. 100 nM thrombin was then added, and a fluorescence reading was taken after 3 

min. In this experiment, this procedure was done at 4 different temperatures (5, 10, 15, and 20 ⁰C) 

to determine the temperature of maximum fluorescence enhancement. 

2.2.4.4.2. Calibration curve 

All fluorescence readings were taken on an ISS PC1 at 10 ⁰C. In a typical experiment, a 

fluorescence reading was first taken of 1X Tris-buffered saline (20 mM Tris, 0.9% NaCl, pH 7.4). 

Then, 50 nM THR1D and 50 nM THR2 were added to 1X Tris-buffered saline and a fluorescence 

reading was taken after 3 min. x nM thrombin (where x is 2.5, 5, 10, 17.5, 25, 50, or 100) was then 

added, and a fluorescence reading was taken after 3 min. The cuvette was then washed, and the 

procedure was repeated for the remaining values of x. A corresponding spectrum was taken for 

each of these points by excitation at 560 nm and collection of emission from 590 nm to 750 nm. 

2.2.4.4.3. Selectivity 
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All fluorescence readings were taken on an ISS PC1 at 10 ⁰C. In a typical experiment, a 

fluorescence reading was first taken of 1X Tris-buffered saline (20 mM Tris, 0.9% NaCl, pH 7.4). 

Then, 50 nM THR1D and 50 nM THR2 were added to 1X Tris-buffered saline and a fluorescence 

reading was taken after 3 min. 25 nM protein (where protein is thrombin, proteinase K, 

immunoglobulin G, hemoglobin, elastase, or single-strand DNA-binding protein) was then added, 

and a fluorescence reading was taken after 3 min.  The cuvette was then washed, and the procedure 

was repeated for the remaining proteins. 

2.2.4.4.4. FRET experiments 

All fluorescence readings were taken on an ISS PC1 at 10 ⁰C in 1X Tris-buffered saline (20 mM 

Tris, 0.9% NaCl, pH 7.4). 6 different spectra were collected by exciting at 440 nm and collecting 

emission from 470 nm to 700 nm: (i) 1X Tris-buffered saline alone (ii) 50 nM THR1-F in 1X Tris-

buffered saline, (iii) 50 nM probe THR1-F and 50 nM probe THR2-T in 1X Tris-buffered saline 

(after 3 min incubation), and (iv-vi) 50 nM THR1-F, 50 nM probe THR2-T, and x nM thrombin 

(where x was 5, 10, or 50)  in 1X Tris-buffered saline (after 3 min incubation). 

2.2.4.5. Split-aptamer 

2.2.4.5.1. Calibration curve 

All fluorescence readings were taken on an ISS PC1 at 10 ⁰C.  In a typical experiment, a 

fluorescence reading was first taken of 1X Tris-buffered saline with 100 mM KCl (20 mM Tris, 

0.9% NaCl, 100 mM KCl, pH 7.4). Then, 50 nM Split-THRa and 50 nM Split-THRb were added 

to the buffer and a fluorescence reading was taken after 3 min. x nM thrombin (where x is 25, 50, 

100, 200, or 300 nM) was then added, and a fluorescence reading was taken after 3 min. The 
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cuvette was then washed, and the procedure was repeated for the remaining values of x. A 

corresponding spectrum was taken for each of these points by excitation at 560 nm and collection 

of emission from 590 nm to 750 nm. 

2.2.4.5.2. Selectivity 

All fluorescence readings were taken on an ISS PC1 at 10 ⁰C.  In a typical experiment, a 

fluorescence reading was first taken of 1X Tris-buffered saline with 100 mM KCl (20 mM Tris, 

0.9% NaCl, 100 mM KCl, pH 7.4). Then, 50 nM Split-THRa and 50 nM Split-THRb were added 

to buffer and a fluorescence reading was taken after 3 min. 25 nM protein (where protein is 

thrombin, proteinase K, immunoglobulin G, hemoglobin, elastase, or single-strand DNA-binding 

protein) was then added, and a fluorescence reading was taken after 3 min.  The cuvette was then 

washed, and the procedure was repeated for the remaining proteins. 

2.2.4.6. Intraduplex metallo-base pair 

All experiments were done in 1X PBS (11.9 mM Phosphates, 137 mM NaCl, 2.7 mM KCl, pH 

7.4) and fluorescence measurements were performed using a BioTek Synergy H4 Hybrid Reader 

at 20 ⁰C.  In a typical experiment, 50 nM of a dye-labeled sequence was mixed with 50 nM of a 

complementary unlabeled sequence. The fluorescence was recorded in the absence and presence 

of HgCl2. This procedure was carried out for all dye labeled sequence/complement combinations 

(i.e. TDT/TGT, TDT/TGA, TDT/AGA, TDA/TGT, TDA/TGA, TDA/AGA, ADA/TGT, 

ADA/TGA, and ADA/AGA). As a control, fluorescence readings were taken individually of just 

50 nM of the dye-labeled sequences in the absence and presence of 500 nM Hg2+. 

2.2.4.7. Detection of thrombin in serum 
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All fluorescence readings were taken on an ISS PC1 at 20 ⁰C. One-part whole serum was diluted 

with 4-parts 1.25X Tris buffered saline (30 mM Tris, 1.13% NaCl, pH 7.4) to yield a 4:1 Tris 

buffered saline:serum buffer. This buffer was then filtered through a 0.2 um filter.  In a typical 

experiment, 50 nM THR1D and 50 nM THR2 were added to the serum/buffer mixture and a 

fluorescence reading was taken after 3 min. x nM thrombin (where x is 2.5, 5, 10, or 50) was then 

added, and a fluorescence reading was taken after 2 min.  The cuvette was then washed, and the 

procedure was repeated for the remaining values of x. 

2.2.5. CD studies 

Circular dichroism (CD) studies were performed using a Jasco J-1700 circular dichroism 

spectrometer. All samples were placed in a low-volume quartz cuvette with a 1 cm path length and 

the spectra were collected between 230-330 nm. HgA1, HgA2, and AgA were dissolved in 1X 

MOPS (pH 7.2, with 0.1 M NaNO3), BR buffer (pH 10), and 1X MOPS (pH 7.2, 0.1 M NaNO3), 

respectively, at a concentration of 2.5 µM. The spectra were recorded in the absence or presence 

of 10 equivalent target (Hg2+ or Ag+). In the case of HgA1, additional spectra were recorded in the 

presence of 5 µM HgA1comp. Similarly, 1.25 µM of the i-motif was dissolved in McIlvaine buffer 

at different pH (7.0, 6.4, 6.2, 6.0, 5.8, 5.6, 5.4, or 5.2). The CD value at 290 nm, characteristic of 

i-motif formation, was monitored as a function of pH. In all cases, the spectra were corrected for 

the contribution from the buffers. 

2.2.6. Data analysis 
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The values and error bars in all in graphs and charts represent the average and standard deviation, 

respectively, of 3 independent readings. The fluorescence enhancement was calculated according 

to Equation 1: 

𝐸. 𝐹. =
𝐼𝑓

𝐼0
                            𝑒𝑞 (1) 

𝐼0 represents the initial fluorescence of the probe alone while 𝐼𝑓 represents the fluorescence 

observed upon addition of analyte.  

The calibration curves for HgA1, HgA2, and AgA were fit to a Hill-equation (Equation 2) to 

estimate the dissociation constant (𝐾). 

𝑦 = 𝑦0 +
𝑦𝑚 − 𝑦0

1 + (
𝐾
𝑥 )

𝑛                           𝑒𝑞 (2)  

𝑥 represents the concentration of the analytes added and 𝑦 represents the corresponding 

fluorescence enhancement. 𝑦0 and 𝑦𝑚 represent the initial and maximum fluorescence 

enhancements and 𝑛 represents the Hill-coefficient. 𝑛 >1 is observed in all cases and is indicative 

of cooperative binding, consistent with previous reports.1 It should be noted that in this study, 𝐾 

is reflective of the concentration of the analyte that causes half of the maximum fluorescence 

enhancement possible. 

For I-mD, the data was fit to a sigmoidal curve (Equation 3): 

𝑦 = 𝑦0 +
𝑦𝑚 − 𝑦0

1 + 10(𝑎−𝑥)∗𝑏
                       𝑒𝑞 (3)  
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Similar to Equation 2, 𝑥 represents pH and 𝑦 represents the corresponding fluorescence 

enhancement. 𝑦0 and 𝑦𝑚 represent the initial and maximum fluorescence enhancements. 𝑎 

represents the pH at which half of the maximum fluorescence enhancement possible is observed. 

𝑏 is a fitting parameter corresponding to the slope of the transition region. 

For all analytes, the limit of detection (LOD) was determined by the 3σ/m method, where σ denotes 

the standard deviation of the response and m denotes the initial slope of the calibration curve. 

2.3. Results  

2.3.1. Intramolecular conformational changes 

2.3.1.1. Studies with HgA1 and HgA1comp 

As noted in section 1.1.1.1, we began by using a DNA sequence (5’-TCATG TTTGT TTG TTG 

GCC CCC CTT CTT TCT TA-3’) that is known to bind to Hg2+ via intramolecular conformational 

changes. We replaced the underlined cytosine at the 4th position from the 3’ end with D to obtain 

a FIT-aptamer (HgA1). By placing D between two thymines, we hypothesized that mercury 

induced coordination of thymines would result in the forced intercalation of D between the 

metallo-bps, therefore turning on fluorescence (Figure 2.3.1-1A).  
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Figure 2.3.1-1. FIT-aptamer for Hg2+. (A) Design scheme using HgA1. (B) Fluorescence 

enhancement vs [Hg2+]. Red line denotes fit to a Hill-equation. (C) Scheme when a short 

complementary strand (HgA1comp) is used to partially block the Hg2+-binding sites on HgA1. (D) 

Time taken for the fluorescence to change after Hg2+ addition to HgA1 in the absence and presence 

of HgA1comp. 

To assess this hypothesis, we measured the fluorescence response of 50 nM HgA1 in the absence 

and presence of varying concentrations of mercury in MOPS buffer (10 mM MOPS, 100 mM 

NaNO3, pH 7.2). A maximal 8-fold enhancement is observed at 250 nM and a LOD of 23 nM is 

found (Figure 2.3.1-1B).  

In previous literature, HgA1 has been used as part of a structure-switching signaling aptamer for 

detecting mercury.  In the previous system, the 5’ end of 5’-TCATG TTTGT TTG TTG GCC CCC 

CTT CTT TCT TA-3’ (i.e. HgA1 without the underlined cytosine being replaced by D) was labeled 

with a fluorophore and hybridized with a short 3’ quencher labeled complement. In the 

fluorescence “off state” of the probe, the two sequences were hybridized, thus placing the 



164 
 

 
 

fluorophore and quencher in close proximity. Mercury induced coordination of thymines in the 

fluorophore-labeled strand resulted in its folding and subsequent displacement of the quencher-

labeled strand, yielding fluorescence turn-on. However, partial blocking of the aptamer site has 

been shown to slow probe response. 

To simulate a structure switching aptamer in order to study how a short complement partially 

blocking the aptamer impacts probe response time, we synthesized a 13-mer complement to HgA1 

(HgA1comp, Figure 2.3.1-1C). We evaluated the change in fluorescence over time after addition 

of mercury to HgA1 only versus HgA1 partially blocked through prehybridization to HgA1comp. 

Our results indicate that partial blocking of the aptamer site slows probe response time by ~5-fold 

(Figure 2.3.1-1D). Because a FIT-based system does not require partial blocking of the aptamer 

site (in contrast to structure-switching signaling aptamers), its kinetic response is superior to 

structure-switching signaling systems. 

2.3.1.2. Studies with HgA2 

2.3.1.2.1. Effect of pH and ionic strength on fluorescence enhancement 

We first determined the pH at which addition of Hg2+ results in maximum fluorescence 

enhancement. The fluorescence of 250 nM HgA2 dissolved in a buffered solution (pH 6-11) was 

monitored in the absence and presence of 75 nM Hg2+. In order to keep the buffer composition the 

same across the different pH studied, we used BR buffer, considered to be a “universal buffer”, 

which was titrated to the desired pH using NaOH. Our results show that at pH 10, maximum 

fluorescence enhancement is observed (Figure 2.3.1-2A). We believe that this is because the pKa 
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of thymine is 9.5.7 Hg2+ competes with H+, and therefore, at pH 10, the binding of Hg2+ is favored 

over H+. 

 

Figure 2.3.1-2. (A) Effect of pH and (B) ionic strength on fluorescence enhancement 

We note that in a realistic sample, the ionic strength can vary significantly depending on the source 

of the sample (e.g. water from lakes, seas, ponds, etc.). Therefore, we next investigated the effect 

of ionic strength on fluorescence enhancement. As before, 75 nM Hg2+ was added to 250 nM HgA2 

in BR buffer of pH 10. The ionic strength of the buffer was varied by adding different 

concentrations of NaCl. Our results (Figure 2.3.1-2B) show that the fluorescence enhancement 

changes negligibly over an ionic strength of 0-500 mM. Therefore, further experiments (Figure 

2.4.1-1) were performed in BR buffer of pH 10 without any added NaCl. 

2.3.1.2.2. FRET experiments 

Using a T14 sequence (as used in HgA2) it is possible to imagine a probe that incorporates a FRET 

pair at its two ends such that Hg2+ binding brings them into close proximity resulting in a FRET 

signal (Figure 2.3.1-3A). To study how our FIT-aptamer compares with a traditional FRET-based 

probe, we synthesized a T14 strand labeled with fluorescein at the 3’ end and TAMRA at the 5’ 

end (HgA2-FT). As controls, two additional sequences were synthesized: HgA2-F which consisted 
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of a T14 sequence with only fluorescein at the 3’ end and HgA2-T, comprised of a T14 sequence 

with only TAMRA at the 5’ end. 

500 nM Hg2+ was added to 50 nM of HgA2-FT, HgA2-F, and HgA2-T. The fluorescence of the 

donor (fluorescein) channel was monitored in the absence and presence of Hg2+ (Figure 2.3.1-3B) 

and used to calculate the FRET efficiency (𝐸) via Equation 4: 

𝐸 = (1 −
𝐹𝑑𝑜𝑛𝑜𝑟→𝑎𝑐𝑐𝑒𝑝𝑡𝑜𝑟

𝐹𝑎𝑐𝑐𝑒𝑝𝑡𝑜𝑟
) ∗ 100%                  𝑒𝑞 (4) 

𝐹𝑑𝑜𝑛𝑜𝑟→𝑎𝑐𝑐𝑒𝑝𝑡𝑜𝑟 is the fluorescence of the donor in the presence of the acceptor (i.e. donor channel 

fluorescence for HgA2-FT) and 𝐹𝑎𝑐𝑐𝑒𝑝𝑡𝑜𝑟 is the fluorescence of the acceptor alone (i.e. donor 

channel fluorescence of HgA2-F). The signal to noise ratio was calculated by taking the ratio of 

the FRET efficiency in the presence of Hg2+ to the FRET efficiency in its absence.  

 

Figure 2.3.1-3. FRET-based Hg2+ probe. (A) Design scheme. (B) Donor channel fluorescence in 

the absence and presence of Hg2+. The donor channel fluorescence of HgA2-T is indistinguishable 

from that of the buffer and is, therefore, omitted from the graph. 

We observed a relatively high FRET efficiency (~71%) even in the absence of Hg2+. This result is 

unsurprising given the short sequence length as well as the small persistence length of single-

stranded DNA which results in the fluorophores being well within the Forster radius.  Addition of 
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250 nM Hg2+ further decreases the distance between the fluorophores, increasing the FRET 

efficiency to ~93%. Therefore, the signal to background ratio is only 1.3, in sharp contrast to the 

20-fold fluorescence enhancement observed using the FIT-aptamer (Figure 2.4.1-1B in main text). 

These results show that FIT-aptamers enable the use of shorter single-stranded probes with 

superior signal to background ratios compared to FRET.  

2.3.1.3. Studies with AgA 

To study whether our FIT-based strategy can detect Ag+, we designed a DNA sequence that places 

D between two cytosines such that the coordination of cytosines by silver results in the forced 

intercalation of D between the metallo-bps (Figure 2.3.1-4A).  The fluorescence of 50 nM AgA 

was measured in the absence and presence of varying amounts of Ag+ in MOPS buffer (10 mM 

MOPS, 100 mM NaNO3, pH 7.2). We observe nearly a 5-fold maximal fluorescence enhancement 

in the presence of 500 nM Ag+ (Figure 2.3.1-4B) and find a limit of detection of 17 nM, below the 

level that the EPA deems as unsafe in drinking water. To ensure that AgA is also selective, we 

challenged 50 nM of the probe with 500 nM of varying metals (Figure 2.3.1-4C).  These results 

indicate selective turn-on in the presence of silver.  
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Figure 2.3.1-4. FIT-aptamer for Ag+ (AgA). (A) Design scheme. Only bases involved in binding 

to Ag+ are shown for clarity. (B) Fluorescence enhancement vs [Ag+]. (C) Selectivity of the probe. 

2.3.1.4. CD experiments 

CD experiments were performed on 2.5 µM of the probes (HgA1, HgA1+ 2 eq. HgA1comp, HgA2, 

and AgA) in the presence and absence of 25 µM target (Hg2+ or Ag+). We observe a dramatic 

change in the CD spectra of the aptamers in the presence of their targets, confirming that the probes 

undergo conformational changes upon target binding (Figure 2.3.1-5). 
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Figure 2.3.1-5. CD spectra of (A) HgA1, (B) HgA1 + HgA1comp, (C) HgA2, and (D) AgA in the 

presence and absence of Hg2+. 
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2.3.2. Two epitope binding  

2.3.2.1. Effect of temperature on fluorescence enhancement 

We sought to expand the scope of detection contexts by studying FIT in the context of two epitope 

binding.  Given that both DNA hybridization and aptamer-target binding are temperature 

dependent, we began by finding the temperature at which maximum fluorescence enhancement is 

observed upon addition of thrombin. The fluorescence of 50 nM THR1D and 50 nM THR2 in 1X 

Tris-buffered saline (20 mM Tris, 0.9% NaCl, pH 7.4) was measured in the absence and presence 

of 100 nM thrombin at 4 different temperatures (5 ⁰C, 10 ⁰C, 15 ⁰C, or 20 ⁰C). Maximal 

fluorescence enhancement was found to occur at 5 ⁰C and 10 ⁰C (Figure 2.3.2-1A). Subsequent 

experiments were performed at 10 ⁰C to facilitate binding kinetics. Figure 2.4.1-4 and Figure 

2.3.2-1B show the fluorescence enhancements obtained upon addition of varying amounts of 

thrombin to the FIT-aptamers. 

 

Figure 2.3.2-1. Two epitope aptamer binding to THR. (A) Effect of temperature on fluorescence 

enhancement. (B) Spectra showing fluorescence enhancement upon thrombin addition to the 

probes at 10 °C (ex. 560 nm).  (C) Fluorescence spectrum of 100 nM thrombin (blue) in 

comparison to the spectra of the probes in the absence (black) and presence (red) of 100 nM 

thrombin (ex. 560 nm) 

2.3.2.2. Fluorescence of thrombin 
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To ensure that thrombin itself does not contribute to fluorescence signal at the monitored 

wavelength (610 nm), the fluorescence of 1X Tris-buffered saline was monitored in the presence 

of 100 nM thrombin. Our results (Figure 2.3.2-1C) show that the fluorescence of thrombin has a 

negligible contribution to the fluorescence signal at 610 nm. 

2.3.2.3. FRET experiments 

To compare our FIT-based detection method with a conventional FRET methodology in the 

context of two epitope binding to thrombin, sequences THR1-F with a fluorescein at the 3’ end 

and THR2-T with a TAMRA at the 5’ end were synthesized. The binding of THR1-F and THR2-

T to their respective epitopes allows for the complementary regions of the probes to hybridize, 

bringing the FRET pair into close proximity (Figure 2.3.2-2A). Excitation and emission spectra of 

50 nM THR1-F and 50 nM THR2-T were first acquired to determine optimal excitation/emission 

wavelengths to use for future experiments (Figure 2.3.2-2B). Based on these results, the 

fluorescence of 50 nM THR1-F and 50 nM THR2-T was monitored in the absence and presence 

of different concentrations of thrombin (10 and 50 nM) using an excitation of 480 nm and 

collecting emission at 520 nm to calculate the FRET efficiencies (Figure 2.3.2-2C-D). Our results 

show a maximal ~1.4-fold increase in FRET efficiency at 50 nM thrombin. In comparison, a ~5-

fold enhancement is observed when we employ our FIT strategy, adding 50 nM thrombin to 50 

nM THR1D and 50 nM THR2 (Figure 2.3.2-2E). 
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Figure 2.3.2-2. (A) A scheme of two epitope binding aptamers for thrombin that incorporate a 

FRET pair. (B) Excitation/emission spectra of THR1-F and THR2-T. (C) FRET efficiency of 

THR1-F and THR2-T as a function of thrombin concentration. (D) Fluorescence spectra of THR1-

F and THR2-T for different concentrations of thrombin. (E) Fluorescence spectra of FIT-based 

strategy for different thrombin concentrations 

As a control, strands THR1-F and THR2-T were also synthesized without fluorophores (THR1-c 

and THR2-c, respectively). The fluorescence of 50 nM of each fluorophore labeled probe was 

monitored in the absence and presence of 50 nM of its complementary control probe (i.e. THR1-

F + THR2-c and THR2-T + THR1-c) to ensure that changes in fluorescence intensity were not due 

to duplexing alone. 
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2.3.2.4. Detection of thrombin in human serum 

To simulate the detection of an analyte in a realistic scenario, we sought to detect thrombin in 

human serum. The fluorescence of 50 nM THR1D and 50 nM THR2 was measured in the absence 

and presence of varying amounts of thrombin in a buffered solution consisting of 4 parts 1.25X 

Tris-buffered saline and one-part whole serum. The fluorescence enhancement saturates at ~2-fold 

(Figure 2.3.2-3) and a limit of detection of 1.4 nM is found. Because the serum sample was diluted 

5-fold, the limit of detection in whole serum is 6.8 nM, still below the 10 nM critical thrombin 

concentration in serum associated with blood clot formation. 

 

Figure 2.3.2-3. The fluorescence response of 50 nM THR1D and 50 nM THR2 to varying amounts 

of thrombin in a buffer/serum mixture. 
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2.3.3. Split-aptamer 

2.3.3.1. Calibration curve 

To study the response of the split aptamer system (described in section 1.1.1.3 and shown in Figure 

2.3.3-1A) to thrombin, a calibration curve was constructed in 1X Tris-buffered saline. The 

fluorescence of 50 nM Split-THRa and 50 nM Split-THRb was measured in the presence and 

absence of varying amounts of thrombin. Our results show a maximal ~3 fold fluorescence 

enhancement at 200 nM thrombin and an LOD of 15 nM (Figure 2.3.3-1B).   

2.3.3.2. Selectivity 

The fluorescence of 50 nM Split-THRa and 50 nM Split-THRb in 1X Tris-buffered saline was 

measured in the absence and presence of 25 nM varying proteins [Proteinase K (PK), 

Immunoglobulin G (IgG), Hemoglobin (Hg), Elastase (Elt), or Single-strand DNA-binding protein 

(SSDBP), or Thrombin (THR)] to confirm that probe turn-on is selective. Probe turn-on is not 

observed in the presence of these other proteins (Figure 2.3.3-1C). 

 

Figure 2.3.3-1. FIT-based split-aptamer. (A) Design scheme. (B) The fluorescence response of 50 

nM Split-THRa and 50 nM Split-THRb to increasing concentrations of thrombin. (C) Selectivity 

of the probe.
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2.3.4. Intraduplex metallo-base pairs 

We next studied FIT in the context of local conformational changes.  The strands 5’-TDT-3’, 5’-

TDA-3’, and 5’-ADA-3’ were added to complementary sequences 3’-AGA-5’, 3’-TGA-5’, and 

3’-TGT-5’ in all combinations. Fluorescence readings were taken in the absence and presence of 

500 nM Hg2+. Control experiments were also performed with the dye-labeled strands alone to 

ensure addition of Hg2+ itself did not increase fluorescence signal. Table 2.2.1-2 qualitatively 

summarizes the results obtained with explanations and Figure 2.3.4-1 shows the quantitative 

fluorescence enhancements (If/I0, where I0 refers to the initial fluorescence of each dye-labeled 

single strand). In Figure 2.4.1-2, I0 refers to the initial fluorescence of a duplexed strand in the 

absence of Hg2+. 

 

 

Figure 2.3.4-1. Fluorescence enhancement upon T-Hg2+-T base pairing within a duplexed strand. 

2.4. Discussion 

2.4.1. Validating the FIT-based strategy 
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To evaluate the feasibility of realizing FIT-aptamers, we first chose a previously reported DNA 

sequence (Table 2.2.1-1), known to recognize Hg2+, as an example of an aptamer that binds to its 

target through an intramolecular conformational change.[348] We used the aptamer sequence as a 

single-stranded probe and the FIT-dye quinoline blue (D) as a nucleobase surrogate. We 

considered that this aptamer adopts a hairpin-like structure in the presence of Hg2+ due to the 

Hg2+-mediated bridging of thymine (T) bases (T-Hg2+-T).[348,350] Therefore, we hypothesized that 

if a base sandwiched between two Ts in the aptamer sequence was replaced with D, forced 

intercalation of D between the metallo-base pairs (bps) would turn on its fluorescence. The FIT-

aptamer (HgA1) was synthesized by substituting the fourth base from the 3’ end of the sequence 

with an amino-modifier to which D-carboxylate was conjugated via carbodiimide crosslinking 

chemistry (Figure 2.2.3-1). HgA1 was then titrated with Hg2+ in a buffered solution. The 

fluorescence enhancement factor (If/I0), defined as the ratio of the fluorescence in the presence of 

target (signal, If) to the initial fluorescence (background, I0), increases with increasing 

concentrations of Hg2+ and reaches a maximum value of ~8. Significantly, when a short 

complementary sequence is used to partially block the aptamer akin to a structure-switching 

signaling aptamer,[348] the response time of the probe is 5 times slower, showing that single-

stranded probes such as FIT-aptamers enable faster target detection. 
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Figure 2.4.1-1. FIT-aptamer for Hg2+ (HgA2). A. Design scheme. B. Fluorescence enhancement 

(If/I0) vs [Hg2+] added. Black spheres denote experimentally observed values. Red dashed line 

indicates theoretical fit to a Hill-equation. C. Fluorescence spectra (ex. 560 nm) with increasing 

[Hg2+]. D. Selectivity of the probe. 

Based on these results, we speculated that this system would enable one to create a fast, highly 

sensitive, and extremely simple Hg2+ probe. Therefore, we proceeded to use a T14 sequence in 

which the fourth base from the 5’ end was replaced with D (HgA2, Figure 2.4.1-1A). Remarkably, 

addition of aqueous Hg2+ (250 nM) to HgA2 results in a ~20-fold fluorescence enhancement 

(Figure 2.4.1-1B, C). In sharp contrast, a traditional FRET-based approach provides a signal-to-

background ratio of 1.3 (Figure 2.3.1-3). Based on the calibration curve of HgA2, the limit of 

detection (LOD) of the FIT-aptamer assay is 1.8 nM, well below the 10 nM toxicity limit for Hg2+ 

in drinking water.[351] Importantly, challenging the probe with a panel of 15 different metal ions 

(Ba2+, Cd2+, Zn2+, Ni2+, Co2+, Ca2+, Cu2+, Mg2+, Mn2+, Fe2+, Fe3+, K+, Pb2+, Ag+, and Hg2+) shows 

that HgA2 is highly selective for Hg2+ (Figure 2.4.1-1D). A small turn on (1.9±0.6) is detectable 

only in the case of Ag+ addition. Using a similar strategy, Ag+ ions can be detected via the 

formation of C-Ag+-C bps using a cytosine-rich strand (Figure 2.3.1-4). To the best of our 

knowledge, this is the first use of forced intercalation to measure the formation of metal-mediated 

non-traditional bps. 
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While the above examples show that FIT-aptamers can report metallo-bp formation through global 

conformational changes, we hypothesized that the sensitivity of FIT-probes to single bp 

mismatches[124] can be utilized to sense metallo-bp formation in a preformed DNA duplex. Current 

methods for finding metallo-bps rely primarily on single crystal X-ray diffraction studies,[352] 

which necessitate challenging DNA crystallization, or NMR,[350] which requires a sufficiently 

large number of metal binding events to distinguish resonances of metal-bound nucleobases from 

the inherent signal of other bases in a strand.  

 

 

Figure 2.4.1-2. Detecting metallo-bps within a duplexed strand. A. Design scheme with T-Hg2+-

T as an example. B. Fluorescence enhancement when Hg2+ is added to DNA duplexes with 0, 1, 

and 2 T-T mismatches adjacent to the dye.  

To assess whether FIT probes can be used as a simple alternative to allow rapid detection in 

solution, we synthesized six different 21-mer DNA sequences: three oligonucleotides containing 

TDT, TDA, and ADA regions, respectively, and their complements. The sequences containing D 

were added to the normal sequences in all combinations to form duplexes with zero T-T, one T-T, 

or two T-T mismatches directly adjacent to D. We observed that the addition of Hg2+ increased the 
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fluorescence only in the duplexes where T-Hg2+-T bases could be formed adjacent to the dye, 

showing that D can report local conformational changes and, moreover, that this information can 

be used to determine the identity of the metallo-bp formed (Figure 2.4.1-2, Figure 2.3.4-1). This 

ability of “local probing” is not possible with FRET or fluorophore/quencher-based techniques 

and can be potentially useful for screening new metallo-bps, studying local structural changes in 

DNA and RNA during various biological processes,[353–355] or identifying drug binding sites on 

DNA and RNA.[356–359]   

 

Figure 2.4.1-3. FIT-aptamer (I-mD) for pH sensing. A. Design scheme. Only bases involved in i-

motif formation are shown for clarity. B. Circular dichroism spectra showing i-motif formation at 

lower pH. C. Fluorescence enhancement (If/I0) vs pH. Red dashed line indicates theoretical fit to 

a sigmoidal curve.  

We next investigated the possibility of designing FIT-aptamers that undergo more complex 

structural transitions upon target binding by studying the i-motif as an example. The i-motif is a 

cytosine-rich “proton aptamer” that adopts a quadruplex structure at acidic pH due to the formation 

of C-H+-C bonds.[360,361] We replaced the ninth base of the i-motif with D (I-mD, Figure 2.4.1-3A). 

Circular dichroism spectra confirm that the presence of D does not impede i-motif formation 

(Figure 2.4.1-3B). Lowering the pH from 7.0 to 5.6 results in a 5-fold fluorescence enhancement 

(Figure 2.4.1-3C). Importantly, the fluorescence of HgA2 does not significantly change within this 

pH range, confirming that the enhancement is due to the forced intercalation of D in the i-motif 
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structure as opposed to the dye’s inherent pH-sensitivity. Taken together, these results suggest that 

a FIT-based strategy could be adapted to detect various analytes that cause conformational changes 

in aptamers.  

As a measure of versatility, we further explored how FIT-aptamers can be designed in other 

detection contexts. We considered that sandwich assays for detecting proteins based on antibodies 

are popular due to increased specificity.[362–364] Therefore, we examined systems that require the 

binding of two aptamers to generate a signal output.[365] As a model system, we used thrombin, 

since there are known aptamers that bind to two distinct sites.[366,367] Applying the FIT strategy, 

the two aptamer sequences were appended with spacer groups and short complementary sequences 

(Figure 2.4.1-4A), one of which (THR1D) was modified with D. The independent binding of these 

two aptamers (THR1D and THR2) to thrombin brings the complementary sequences into 

proximity, increasing their local concentration and allowing them to hybridize.  

 

 

Figure 2.4.1-4. FIT-aptamers for two epitope binding. A. Design scheme. B. Fluorescence 

enhancement vs concentration of thrombin denoted as [THR]. C. Selectivity of the probe. 
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In buffer, we observed a 5-fold fluorescence enhancement upon target binding (Figure 2.4.1-4B). 

Negative controls involving proteins other than thrombin generated negligible signal (Figure 

2.4.1-4C). The LOD was 1.4 nM. In comparison, a FRET-based method only yields a 1.4-fold 

enhancement (Figure 2.3.2-2). For FIT-aptamers to be useful, it is important to be able to use them 

in complex media at disease relevant target concentrations. As a clinically applicable model, we 

tested the potential for detecting thrombin in human serum using THR1D and THR2. Our results 

(Figure 2.3.2-3) show a limit of detection of 6.8 nM in whole serum. This value is below the 10 

nM thrombin concentration in serum that is associated with blood clot formation,[368,369] 

demonstrating assay utility in medical diagnostic relevant media. 

As a structurally similar but distinct detection mode, we also investigated how split-aptamers can 

be interfaced with a FIT-based strategy. In this case, the aptamer sequence is divided into two 

fragments such that the presence of the target templates their re-association.[299] Utilizing 

thrombin, we validated that FIT-based split-aptamers can be realized (Figure 2.3.3-1). This 

observation suggests that the FIT-aptamer approach can be used for detecting analytes that do not 

have well-characterized aptamer binding sites or do not support two epitope binding.  

2.5. Conclusion 

In summary, I have described a new class of signaling aptamers based on forced intercalation. I 

have shown that highly sensitive FIT-aptamers can be designed for the most common aptamer-

target binding modes, exemplifying that FIT-aptamers constitute a new paradigm for simple, 

versatile, and reliable detection. FIT-aptamers provide key advantages over state-of-the-art 

fluorescence-based signaling aptamers. For example, they are kinetically superior to strategies that 

require partial blocking of the aptamer site and show higher signal-to-background ratios than 
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traditional FRET-based techniques. Furthermore, a FIT-based strategy enables the probing of local 

target-induced conformational changes, a powerful capability that is not possible with 

conventional fluorophore/quencher or FRET-based methodologies. The ability to detect thrombin 

in human serum bodes well for extending the FIT-aptamer strategy to a wide variety of biological 

detection scenarios.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 



183 
 

 
 

CHAPTER THREE 

3. Programming Fluorogenic DNA Probes for Rapid Detection of Steroids 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Portions of this chapter reprinted (adapted) with permission from S.B. Ebrahimi, D. Samanta, 

B.E. Partridge, H.F. Cheng,  C.D. Kusmierz, A.A. Grigorescu, J.L. Chávez, P.A. Mirau, C.A. 

Mirkin, Angew. Chem. Int. Ed. 2021. Copyright 2021 Wiley. 
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3.1. Introduction 

Fluorogenic probes that selectively turn on in the presence of their target analytes have 

revolutionized chemical and biological analysis.[18,44,95,122,125,346,370–373] As discussed in Chapter 2, 

probes based on aptamers, nucleic acid sequences capable of binding to targets of interest, have 

recently emerged as effective tools for probing complex media and cells.[25,340,342,374] By coupling 

aptamer-target binding to a fluorescence readout, several different classes of analytes ranging from 

simple ions to complex proteins can be detected and quantified.[122,375,376] Aptamers are attractive 

as they can be rapidly synthesized, exhibit high stability, are amenable to various chemical 

modifications, and can be used as recognition moieties in strategies that involve simple sample 

processing and the use of widely available instrumentation.[377] However, conventional aptamer-

based strategies suffer from limitations such as kinetically slow responses, the presence of false-

positive signals, and poor aptamer performance in complex milieu.[375] 

Chapter 2 introduced the concept of forced intercalation (FIT)-aptamers by leveraging structures 

that switch from an unfolded to a folded state or by designing structures with appended bases such 

that hybridization is deliberately induced upon target binding.[378,379] FIT-aptamers contain a visco-

sensitive dye as a base surrogate. Target binding leads to structural changes in the aptamer resulting 

in the forced intercalation of the dye between nucleic acid base pairs, turning on the dye’s 

fluorescence. Chapter 2 showed that this enables target analyte detection with superior 

fluorescence enhancement and kinetics compared to state-of-the-art strategies.[378] In this chapter, 

steroid-binding aptamers are used as examples to show that a FIT-strategy allows one to transduce 

subtle binding induced structural changes to significant fluorescence turn-on. Such local structural 

changes are difficult to monitor by conventional techniques that rely on strand displacement.[95,376] 
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Importantly, the FIT strategy enabled us to develop the first fluorogenic aptamer capable of 

detecting dehydroepiandrosterone sulfate (DHEAS), a circulating adrenal androgen, in human 

serum and clinical samples. 

We focus on steroids as these biomolecules play a central role in various physiological processes, 

including controlling gene transcription, regulating metabolism, and attenuating inflammatory 

response.[380,381] Therefore, their dysregulation can lead to many clinical indications. For example, 

elevated levels of DHEAS are found in patients with adrenal tumors, congenital adrenal 

hyperplasia, and polycystic ovary syndrome.[382]  Steroids are typically detected using gas or liquid 

chromatography in tandem with mass spectrometry, immunoassays (e.g. Abbott Architect DHEAS 

test), or radioimmunoassays.[382] However, these methods require bulky, expensive, or specialized 

equipment, entail long turnaround times, necessitate highly trained personnel for sample 

preparation, instrument operation, and data analysis, or involve multistep reaction procedures.[383–

387] Consequently, rapid, sensitive, and simple fluorescence tests for studying steroids in 

physiological media remain highly sought after. 

3.2. Materials and Methods 

3.2.1. Oligonucleotide design, synthesis, purification, and characterization 

3.2.1.1. Design of FIT-aptamers based on computational modeling 

While designing FIT-aptamers, we hypothesized that if the dye is placed in single stranded and 

double-stranded regions away from the binding site, DHEAS binding will not result in 

fluorescence enhancement. On the other hand, by placing the dye in double stranded regions close 

to the binding site, we hypothesized that fluorescence enhancement could be observed. We 
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reasoned that the dye would act as a base mismatch that destabilizes or partially destabilizes the 

double stranded regions in the absence of DHEAS and these regions would refold upon DHEAS 

binding. Finally, placing the dye directly in the binding pocket could either lead to fluorescence 

enhancement due to rigidification of the dye upon DHEAS binding or result in significant loss of 

binding affinity because of the base’s importance to target recognition.  

 

 

Figure 3.2.1-1. Mfold predicted structure of the native aptamer. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. 
 

To determine which double-stranded regions could be classified as “close” or “far” from the 

binding site, we focused on the longest double-stranded region (Stem 1) and used Mfold to 

computationally model the expected DNA structure (Figure 3.2.1-1-Figure 3.2.1-3). The presence 

of the dye was simulated using a base mismatch. We note that when the base mismatch is placed 

within the first two bases from the binding site, the portion of the stem away from the binding site 
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is completely hybridized whereas that near the binding site is frayed. Therefore, it is reasonable to 

hypothesize that upon DHEAS binding, hybridization can be recovered. However, when the base 

mismatch is placed beyond the second base from the binding site, the stem is hybridized on both 

sides of the mismatch. Consequently, DHEAS binding would not result in additional base pairing. 

To test our hypothesis experimentally, we synthesized 20 different FIT-aptamer variants with 

single base mutations from the original aptamer as shown in Table 3.2.1-1 and Figure 3.2.1-4. The 

colors green, yellow, blue, and red correspond to (i) double-stranded regions close to the binding 

site, (ii) double stranded regions away from the binding site, (iii) bases in the binding site, and (iv) 

single stranded regions away from the binding site, respectively.  
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Figure 3.2.1-2. Mfold predicted structure of the aptamer with base mismatches at different 

locations along stem 1 within the first two bases from the binding site. Simulations performed 

using a solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2.
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Figure 3.2.1-3. Mfold predicted structure of the aptamer with base mismatches at different 

locations along stem 1 beyond the first two bases from the binding site. Simulations performed 

using a solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2.
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Table 3.2.1-1. Oligonucleotide sequences used in this study (DOG is deoxycorticosterone-21 

glucoside, DCA is deoxycholic acid). D denotes the location of the forced intercalation dye 

thiazole orange (TO) in the sequence.   

Identifier Sequence (from 5ʹ end to 3ʹ end) 

DHEAS CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

a CTG CTC TCG GGA CGD GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

b CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTT GDC CCG AG  

c CTG CTC TCG GDA CGT GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

d CTG CTC TCG GGA CGT GGD TTT TCC GCA TAC GAA GTT GTC CCG AG 

e CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTT GTC CCG DG 

f CTG CTC TCG GGA CGT GGA TTT TCC DCA TAC GAA GTT GTC CCG AG 

g CTG CTC TCG GGD CGT GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

h CTG CTC TCG GGA CGT DGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

i CTG CTC TCG GGA CGT GDA TTT TCC GCA TAC GAA GTT GTC CCG AG 

j CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTT GTC CDG AG 

k CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTT DTC CCG AG 

l CTG CTC TCG GGA CDT GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

m CTG CTC TCG GGA CGT GGA TTT TCC GCD TAC GAA GTT GTC CCG AG 

n CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTD GTC CCG AG 

o CTG CTC TCG GGA CGT GGA TTT TCC GCA TDC GAA GTT GTC CCG AG 

p CTG CTC TCG GGA DGT GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

q CTG CTC TCG GGA CGT GGA TTT TCC GDA TAC GAA GTT GTC CCG AG 

r CTG CTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GDT GTC CCG AG 

s CTG CTC TCG GGA CGT GGA TTT TCC GCA DAC GAA GTT GTC CCG AG 

t CTG DTC TCG GGA CGT GGA TTT TCC GCA TAC GAA GTT GTC CCG AG 

DOG 
CTG CTC TCG GGA CGT GGA TTT TCC ACA AAC CAG AAT GGT GTC 

CCG AGA 

u 
CTG CTC TCG GGA CGT GGA TTT TCC DCA AAC CAG AAT GGT GTC 

CCG AGA 

v 
CTG CTC TCG GGA CGT GGA TTT TCC ACA DAC CAG AAT GGT GTC 

CCG AGA 

DCA CTC TCT CGG GAC GCT GGG TTT TCC CAG GAC GAA GTC CGT CCC GA 

w CTC TCT CGG GAC GCD GGG TTT TCC CAG GAC GAA GTC CGT CCC GA 
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Figure 3.2.1-4. Cartoon structures of the 20 different FIT-aptamers (a-t) synthesized with single 

base mutations. The base replaced with thiazole orange is depicted in gray. 
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3.2.1.2. Synthesis, purification, and characterization 

Materials for solid-phase DNA synthesis were acquired from Glen Research. DNA was 

synthesized on a MerMade12 (MM12, BioAutomation Inc., Plano, Texas, USA) synthesizer. After 

synthesis, DNA was cleaved off controlled pore glass beads by soaking them in 30% ammonium 

hydroxide solution for 16 h. After evaporating the ammonium hydroxide using an Organomation® 

Multivap® Nitrogen Evaporator, samples were run on a reverse phase high-performance liquid 

chromatography column (C18 column, Varian ProStar 210, Agilent Technologies Inc., Palo Alto, 

CA, USA) using a 0-75% ramp of acetonitrile over 45 min (A= triethylammonium acetate buffer). 

After lyophilizing the product fractions, the 4,4'-dimethoxytrityl protecting group was cleaved by 

adding 20% acetic acid and incubating for 1 h at room temperature. The 4,4'-dimethoxytrityl group 

was then removed using ethyl acetate extraction. After lyophilizing the acidic solution, samples 

were dissolved in water and characterized using Matrix-assisted laser desorption ionization time-

of-flight mass spectrometry (MALDI-TOF MS) and quantified using UV-vis spectroscopy. 

3.2.2. Coupling of TO to oligonucleotide probes 

Carboxymethylated thiazole orange (TO) was synthesized and conjugated to DNA sequences 

using a previously reported protocol.  

3.2.3. Fluorescence experiments  

All experiments were performed in triplicate unless otherwise stated. 

3.2.3.1. DNA library screening to determine impact of sodium ion and magnesium 

ion concentration on fluorescence enhancement 
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Each of the 20 probes in the DNA aptamer library was tested for its fluorescence enhancement in 

the presence of DHEAS (Cayman Chemical Item No. 15873) across different sodium ion and 

magnesium ion concentrations. For a given sequence, 100 nM probe was added to a well with 20 

mM pH 8.0 Tris buffer that contained different amounts of sodium ions (0, 0.06, 0.12, 0.25, 0.50, 

or 1.0 M) and magnesium ions (0, 0.6, 1.2, 2.5, 5.0, or 10 mM) such that each possible combination 

of salt concentrations was tested (36 different combinations). A fluorescence reading of the probe 

was taken on a BioTek Cytation 5 fluorescence plate reader (excitation 485 nm, emission 528 nm). 

100 µM DHEAS was then added to each of the wells, and another fluorescence reading was taken 

to determine the fluorescence enhancement (defined as the fluorescence of the probe in the 

presence of DHEAS divided by the fluorescence of the probe in the absence of DHEAS). 

3.2.3.2. Calibration curve of best responding aptamers to DHEAS titration in buffer 

The three probes (probes o, s, and f) with superior recognition properties and fluorescence turn-on 

in the presence of DHEAS from experiments were used to construct calibration curves. Different 

concentrations of DHEAS (in 20 mM pH 8.0 Tris buffer, 1 M NaCl, and 10 mM MgCl2) were 

added to the wells of a 96 well plate, wherein the concentration of DHEAS was halved in each 

well through serial dilutions to give wells containing 200, 100, 50, 25, 12.5, 6.25, and 3.125 µM 

DHEAS. A separate set of wells contained 0 µM DHEAS. All wells contained 100 nM probe. A 

fluorescence reading was taken on a BioTek Cytation 5 fluorescence plate reader (excitation 485 

nm, emission 528 nm).  

3.2.3.3. Calibration curves of FIT-aptamers for deoxycorticosterone-21 glucoside 

and deoxycholic acid 
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Probes that were computationally designed to turn-on in the presence of deoxycorticosterone-21 

glucoside and deoxycholic acid were used to construct calibration curves. Different concentrations 

of these steroids (in 20 mM pH 8.0 Tris buffer, 1 M NaCl, and 10 mM MgCl2) were added to the 

wells of a 96 well plate, wherein the concentration of the steroids was halved in each well through 

serial dilutions to give wells containing 200, 100, 50, 25, 12.5, 6.25, and 3.125 µM 

deoxycorticosterone-21 glucoside or 800, 400, 200, 100, 50, and 25 µM deoxycholic acid. A 

separate set of wells contained 0 µM steroid. All wells contained 200 nM probe. A fluorescence 

reading was taken on a BioTek Cytation 5 fluorescence plate reader (excitation 485 nm, emission 

528 nm).  

3.2.3.4. Selectivity of best responding aptamers to off-target biomarkers in buffer 

Selectivity of probes o, s, and f was assessed by challenging each probe with a panel of biomarkers 

(β-estradiol from Sigma E8875, neuropeptide y from Sigma N5017, deoxycholic acid from Sigma 

264103, Deoxycorticosterone 21-glucoside from Santa Cruz Biotechnology sc-234526, DHEA 

from Cayman Chemical 15728, and DHEAS). For a given well of a 96 well plate, 100 nM probe 

was challenged with 25 µM of one of the biomarkers. A set of the wells contained 100 nM probe 

without any biomarkers to allow calculation of the enhancement factor. After a fluorescence 

reading was taken on a BioTek Cytation 5 fluorescence plate reader (excitation 485 nm, emission 

528 nm), DHEAS was added to the wells that previously did not contain DHEAS to assess whether 

other biomarkers interfere with probe-DHEAS binding. 

3.2.3.5. DHEAS detection in charcoal stripped fetal bovine serum 
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Probes o, s, and f were used to construct a calibration curve in steroid-free fetal bovine serum 

(Sigma F6765). Different concentrations of DHEAS (400, 200, 100, 50, 25, 12.5, 6.25, 3.125, and 

0 µM) were spiked into a 50% serum solution (5 parts serum, 5 parts 40 mM Tris pH 8.0 with 2 

M NaCl and 20 mM MgCl2) containing 100 nM probe. The fluorescence reading was taken on a 

BioTek Cytation 5 fluorescence plate reader (excitation 485 nm, emission 528 nm.  

3.2.3.6. DHEAS detection in charcoal dextran stripped human serum 

Probe f was used to construct a calibration curve in charcoal dextran stripped human serum 

(Innovative Research catalog #ISERCDA100ML). Different concentrations of DHEAS (400, 200, 

100, 50, 25, 12.5, 6.25, 3.125, and 0 µM) were spiked into a 40% serum solution (4 parts serum, 

1 part water, 5 parts 40 mM Tris pH 8.0 with 2 M NaCl and 20 mM MgCl2) containing 100 nM 

probe. The fluorescence reading was taken on a BioTek Cytation 5 fluorescence plate reader 

(excitation 485 nm, emission 528 nm. We observed a large loss in probe binding affinity for 

DHEAS in human serum, likely due to the strong binding affinity between DHEAS and serum 

proteins. Therefore, we developed a new procedure for the analysis of DHEAS in human serum. 

In particular, a plasma crash method was used to remove interfering proteins from serum samples. 

For charcoal dextran stripped serum, DHEAS (final concentration 25 µM), EDTA 

(ethylenediaminetetraacetic acid, final concentration 2.5 mM) and SDS (1% final concentration) 

were added to the serum. Samples were vortexed, and then acetonitrile was added in a 3:1 ratio by 

volume to precipitate proteins. After centrifugation (15,000 rcf, 3 min), the supernatant was 

removed and dried using an Organomation® Multivap® Nitrogen Evaporator. The dried sample 

was resuspended in buffer (20 mM Tris pH 8.0 with 1 M NaCl and 10 mM MgCl2), centrifuged 

(15,000 rcf, 3 min), and the supernatant was used for DHEAS analysis. 200 nM probe f was added 
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to the supernatant and a fluorescence reading was taken on a BioTek Cytation 5 fluorescence plate 

reader (excitation 485 nm, emission 528 nm). This fluorescence was compared to charcoal dextran 

stripped serum where no DHEAS was spiked in to calculate the enhancement factor. As a control, 

one set of samples had 25 µM DHEAS spiked into the supernatant after the plasma crash procedure 

in order to validate that fluorescence signal is the same as the case where DHEAS is spiked into 

the serum before the plasma crash procedure. 

3.2.3.7. DHEAS detection in clinical samples after plasma crash 

For clinical serum samples (Discovery Life Sciences), EDTA (final concentration 2.5 mM) and 

SDS (1% final concentration) were added to the serum. Samples were vortexed, and then 

acetonitrile was added in a 3:1 ratio by volume to precipitate proteins. After centrifugation (15,000 

rcf, 3 min), the supernatant was removed and dried using an Organomation® Multivap® Nitrogen 

Evaporator. The dried sample was resuspended in buffer (20 mM Tris pH 8.0 with 1 M NaCl and 

10 mM MgCl2), centrifuged (15,000 rcf, 3 min), and the supernatant used for DHEAS analysis. 

200 nM probe was added to the supernatant and a fluorescence reading was taken on a BioTek 

Cytation 5 fluorescence plate reader (excitation 485 nm, emission 528 nm). This fluorescence was 

compared to the same clinical sample where 200 nM control probe 21 (which does not turn-on in 

the presence of DHEAS) was spiked in to calculate the enhancement factor.  

In the initial sets of experiments, 300 µL serum was treated with the plasma crash method, and 40 

µL was analyzed in each well of a 96 well plate for its DHEAS concentration. We also repeated 

the plasma crash procedure using a lower initial volume of serum to simulate low-volume analysis. 

Specifically, 40 µL serum was treated with the plasma crash method and 10 µL was analyzed in 

each well of a 96 well plate.  
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3.2.4. Isothermal titration calorimetry experiments 

Samples for isothermal titration calorimetry (ITC) experiments were prepared in 20 mM pH 8.0 

Tris buffer, 125 mM NaCl, and 10 mM MgCl2 at the following concentrations: 300 µM for 

DHEAS and 30 µM for the free aptamer and aptamer f. The ITC experiments were performed on 

a MicroCal ITC 200 instrument (Malvern Panalytical). Before each experiment, the reference cell 

was filled with deionized filtered water, and the sample solutions were degassed for 10 min; 40 

µL of the DHEAS solution was loaded into the titrating syringe and 280 µL of the corresponding 

aptamer solution was placed in the ITC cell. After the instrument was equilibrated at 298 K and 

1200 rpm syringe rotational speed, a first injection of 0.1 µL was performed followed by a series 

of 1.2 µL injections spaced at 120 s. The first injection was discarded from the analysis of the 

integrated data, in order to avoid artifacts due to the diffusion through the injection port during the 

equilibration period. To measure residual heat, a control experiment was performed. This consisted 

of 10 injections of DHEAS solution into buffer with the experimental settings described above. 

ITC data were processed with MicroCal Origin 7.0 software package as described 

previously.[388] Individual injection heats (qi)—obtained by integrating the corresponding injection 

peaks—were normalized for ligand concentration and corrected for dilution heats. A non-linear 

regression fit to a single set of sites model provided the stoichiometry of binding N, equilibrium 

association constant Ka, and enthalpy change, ΔH, for each experiment.  

3.2.5. Circular dichroism experiments 

Circular dichroism (CD) experiments were performed using a Jasco J-1700 circular dichroism 

spectrometer. Samples were placed in a quartz cuvette with a 1 cm path length and the spectra 

were collected from 230-320 nm. The native aptamer and FIT-aptamer f were dissolved in 1X PBS 
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containing 1 M NaCl and 10 mM MgCl2 at a concentration of 2 µM. The spectra were recorded in 

the absence and presence of 100 µM DHEAS. A control experiment was performed by recording 

the spectra of DHEAS alone. All spectra were corrected for contributions arising from the buffer.  

3.2.6. Differential scanning calorimetry experiments 

Differential scanning calorimetry (DSC) experiments were performed on a TA Instruments 

NanoDSC calorimeter running DSCRun (TA Instruments, v4.7.1) data acquisition software. All 

solutions were prepared in buffer (20 mM Tris pH 8.0 with 1 M NaCl and 10 mM MgCl2) and 

degassed using a TA Degassing Station for 10 min at 600 mmHg. The sample cell and reference 

cell (cell volume: 300 µL) were loaded, respectively, with the solution for analysis and the buffer. 

The sample and reference were subjected to a five-step thermal treatment: (1) cooling from 30 to 

10 °C; (2) heating from 10 to 110 °C; (3) cooling from 110 to 10 °C; (4) heating from 10 to 110 °C; 

(5) cooling from 110 to 10 °C. All heating and cooling ramps were 1 °C/min. This sequence erases 

the thermal history of the sample (steps 1 and 2), allows the sample to fold under controlled 

conditions (step 3), and measures the melting of those structures (step 4). A buffer-to-buffer run 

was performed under identical conditions with buffer in both sample and reference cells. 

Data analysis was performed with NanoAnalyze (TA Instruments, v3.11.0) software. Data from 

the second heating (step 4) were used for analysis. Data from the buffer-to-buffer run were 

subtracted from the data of the sample under analysis to give buffer-corrected data. Due to inherent 

changes in heat capacity not associated with folding or unfolding events, the buffer-corrected data 

did not present a zero baseline, and thus a sigmoidal baseline correction was applied. This baseline 

was determined using a 1st order pre-transition baseline (fixed at 25 and 35 °C) and a 2nd order 

post-transition baseline (fixed at 95 and 105 °C). The resulting baseline-corrected data were fit 
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with a mathematical model comprising the sum of two Gaussian functions. Statistical analysis 

using NanoAnalyze generated 95% confidence intervals for the fitting parameters, using 100 trials. 

3.3. Results 

3.3.1. High-throughput screening of FIT-aptamers that turn on in the presence of DHEAS 

We first studied the fluorescence enhancement of the different aptamer sequences synthesized as 

a function of salt concentrations (varying MgCl2 and NaCl concentration). In all experiments, 100 

nM probe and 100 μM DHEAS were used. The fluorescence enhancement was calculated as the 

fluorescence of the probe in the presence of DHEAS divided by the fluorescence of the probe in 

the absence of DHEAS. The observed fluorescence enhancement is first plotted as a heatmap for 

the ease of visualization and rapid identification of desirable probes (Figure 3.3.1-1). From this 

heatmap, we observe that 5 probes turn on, namely, sequences b, f, o, r, and s, of which sequences 

f, o, and s show more than a 50% increase in fluorescence. 
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Figure 3.3.1-1. Heatmaps showing the fluorescence enhancement at different NaCl and MgCl2 

concentrations. Row one: sequences a, b, c, d, e; row two: sequences f, g, h, i, j; row three: 

sequences k, l, m, n, o; row four: sequences p, q, r, s, t. 

We next plotted the fluorescence enhancements as bar graphs (Figure 3.3.1-2) to capture the 

variation observed from sample to sample. We note that while the trends clearly show that while 

NaCl concentrations strongly impact fluorescence enhancements, MgCl2 concentrations have a 

relatively modest effect. 
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Figure 3.3.1-2. Dependence of the fluorescence enhancement (If / I0) on NaCl and MgCl2 

concentrations. Row one: sequences a, b, c, d, e; row two: sequences f, g, h, i, j; row three: 

sequences k, l, m, n, o; row four: sequences p, q, r, s, t 

3.3.2. Rationalization of experimentally observed results based on computationally 

predicted structures of the FIT-aptamers 



202 
 

 
 

Our initial screen (Figure 3.3.2-1) shows that five FIT-aptamers turn on in the presence of 100 μM 

DHEAS by more than 15%, namely, sequences b, f, o, r, and s, of which sequences f, o, and s 

show more than a 50% increase in fluorescence. We note that both b and f have TO placed within 

2 bases from the binding site whereas o, r, and s have TO directly in the binding site. These results 

agree with our initial hypothesis. However, we note that sequence a and g do not turn on despite 

the TO being within the first two bases. To understand this, we studied the computationally 

predicted structures of all the FIT-aptamers synthesized. These results are shown in Figure 3.3.2-2-

Figure 3.3.2-21. We further note that the fluorescence enhancement increases at increased salt 

concentrations, suggesting that in conditions where the secondary structure of the aptamer is 

preserved to a greater extent (Figure 3.3.2-22), the aptamer binds more strongly to the target. 

 

 

Figure 3.3.2-1. Fluorescence enhancement of the different FIT-aptamers synthesized at 1 M 

NaCl and 10 mM MgCl2.
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Figure 3.3.2-2. Mfold predicted structure of the FIT-aptamer a. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. A base mismatch completely 

changes the structure of the binding site compared to the original aptamer, thus a significant 

structural reorganization is necessary for DHEAS binding. This reason is potentially why no 

fluorescence turn on is observed. 

  
Figure 3.3.2-3. Mfold predicted structure of the FIT-aptamer b. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. DHEAS binding potentially 

causes refolding of the frayed region of stem 1, resulting in a fluorescence enhancement. 
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Figure 3.3.2-4. Mfold predicted structure of the FIT-aptamer c. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. As the binding site is intact, 

DHEAS binding does not lead to a fluorescence enhancement. 

 
Figure 3.3.2-5. Mfold predicted structure of the FIT-aptamer d. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. As the binding site is intact, 

DHEAS binding does not lead to a fluorescence enhancement. 
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Figure 3.3.2-6. Mfold predicted structure of the FIT-aptamer e. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. As the binding site is intact, 

DHEAS binding does not lead to a fluorescence enhancement. 

 
Figure 3.3.2-7. Mfold predicted structure of the FIT-aptamer f. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. DHEAS binding potentially 

causes refolding of the frayed region of stem 2, resulting in a fluorescence enhancement. 
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Figure 3.3.2-8. Mfold predicted structure of the FIT-aptamer g. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. DHEAS binding is not expected 

to result in additional base pairing, thus no fluorescence enhancement is observed. 

  

Figure 3.3.2-9. Mfold predicted structure of the FIT-aptamer h. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. A base mismatch completely 

changes the structure of the binding site compared to the original aptamer and thus a significant 

structural reorganization is necessary for DHEAS binding. This reason is potentially why no 

fluorescence turn on is observed. 
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Figure 3.3.2-10. Mfold predicted structure of the FIT-aptamer i. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. A base mismatch completely 

changes the structure of the binding site compared to the original aptamer and thus a significant 

structural reorganization is necessary for DHEAS binding. This reason is potentially why no 

fluorescence turn on is observed.  

 

 
Figure 3.3.2-11. Mfold predicted structure of the FIT-aptamer j. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. As the binding site is intact, 

DHEAS binding does not lead to a fluorescence enhancement. 
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Figure 3.3.2-12. Mfold predicted structure of the FIT-aptamer k. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. No fluorescence enhancement 

was observed upon DHEAS binding even though the dye is placed in the binding site. 

 

  
Figure 3.3.2-13. Mfold predicted structure of the FIT-aptamer l. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. No fluorescence enhancement 

was observed upon DHEAS binding even though the dye is placed in the binding site. 
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Figure 3.3.2-14. Mfold predicted structure of the FIT-aptamer m. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. No fluorescence enhancement 

was observed upon DHEAS binding even though the dye is placed in the binding site. 

 

  
Figure 3.3.2-15. Mfold predicted structure of the FIT-aptamer n. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. No fluorescence enhancement 

was observed upon DHEAS binding even though the dye is placed in the binding site. 



210 
 

 
 

 
Figure 3.3.2-16. Mfold predicted structure of the FIT-aptamer o. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. DHEAS binding potentially 

causes refolding of stem 3, resulting in a fluorescence enhancement. 

 

  
Figure 3.3.2-17. Mfold predicted structure of the FIT-aptamer p. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. No fluorescence enhancement 

was observed upon DHEAS binding even though the dye is placed in the binding site. 
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Figure 3.3.2-18. Mfold predicted structure of the FIT-aptamer q. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. No fluorescence enhancement 

was observed upon DHEAS binding even though the dye is placed in the binding site. 

 

  
Figure 3.3.2-19. Mfold predicted structure of the FIT-aptamer r. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. DHEAS binding potentially 

causes refolding of stem 3, resulting in a modest fluorescence enhancement. 
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Figure 3.3.2-20. Mfold predicted structure of the FIT-aptamer s. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. Given that the dye is placed 

directly in the binding site, DHEAS binding results in a fluorescence enhancement but also reduces 

the binding affinity of the aptamer.  
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Figure 3.3.2-21. Mfold predicted structure of the FIT-aptamer t. Simulations performed using a 

solution condition of 0.1 μM DNA, 1 M NaCl, and 10 mM MgCl2. As the binding site is intact, 

DHEAS binding does not lead to a fluorescence enhancement. 

 

 

Figure 3.3.2-22. Structure of FIT-aptamer f at (A) 1 M NaCl and 10 mM MgCl2 and (B) 6.25 

mM NaCl and 0 mM MgCl2. We note that the fluorescence enhancement under condition (A) is 

1.6 while that under condition (B) is 1.1, suggesting that conditions that preserve the secondary 

structure of the aptamer increase target binding.  

3.3.3. DHEAS detection experiments 

3.3.3.1. Detection of DHEAS in fetal bovine serum 

We selected the three FIT-aptamers with the highest fluorescence enhancements and tested 

whether these sequences allow for the detection of DHEAS in steroid-free fetal bovine serum with 

different concentrations of DHEAS spiked in. We note from Figure 3.3.3-1 that the trends in 

dissociation constants observed mirror those observed in the selection buffer (Figure 3.4.1-3). 

However, the absolute values of the dissociation constants are significantly increased in fetal 

bovine serum.  
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Figure 3.3.3-1. Calibration curve of DHEAS spiked into steroid-free fetal bovine serum for 

sequences (A) o, (B) s, and (C) f. 

3.3.3.2. Direct detection of DHEAS in human serum 

We selected FIT-aptamer f which has the lowest dissociation constants in both buffer and fetal 

bovine serum for subsequent experiments with human serum. We tested whether sequence f allows 

for the detection of DHEAS in steroid-free human serum with different concentrations of DHEAS 

spiked in. We could not detect DHEAS in 100% serum and therefore we performed experiments 

with 40% human serum (diluted with the selection buffer). We note from Figure 3.3.3-2 that the 

dissociation constant increases by over 25-fold relative to the selection buffer. Consequently, the 

limit of detection in the original sample is raised to ~27 μM. These experiments indicate that we 

cannot detect clinically relevant amounts of DHEAS in human serum without further processing 

of the serum. 
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Figure 3.3.3-2. Calibration curve of DHEAS spiked into steroid-free human serum for sequence 

f. 

3.3.3.3. Images of the plasma crash procedure 

We hypothesized that the apparent dissociation constant of the aptamer significantly decreases in 

human serum due to the competing interaction of the DHEAS with serum proteins. Therefore, we 

developed a plasma crash method to precipitate the serum proteins and extract the DHEAS into 

the aptamer selection buffer. Figure 3.3.3-3 shows images corresponding to the various stages of 

the serum processing during the plasma crash method. It should be noted that the addition of a 3:1 

ratio of acetonitrile (ACN) to serum causes the serum proteins to precipitate. The resulting 

DHEAS-containing supernatant is clear. 
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Figure 3.3.3-3. Images of (A) a clinical sample, (B) an aliquot of the clinical sample after 

addition of SDS and EDTA, (C) the sample after plasma crash with ACN, (D) the supernatant 

containing DHEAS, and (E) the evaporated supernatant reconstituted in the aptamer selection 

buffer. 

3.3.3.4. Detection of DHEAS in human serum using the plasma crash method 

Different concentrations of DHEAS were spiked into charcoal dextran stripped (i.e. steroid-free) 

human serum. A calibration curve was constructed, and the data points were fit to the Hill equation. 

The Hill-parameters obtained closely match those obtained when the calibration curve is 

performed in pure buffer, showing that the plasma crash approach is successful in extracting 

DHEAS from human serum. Moreover, when no DHEAS is added, we observed that the 

fluorescence enhancement obtained using the target probe is similar to that obtained using a control 

probe (that does not turn on in the presence of DHEAS). Therefore, the fluorescence of the control 

probe can be utilized as I0 in calculating the fluorescence enhancement in samples with unknown 

DHEAS concentrations. 
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Figure 3.3.3-4. Detection of DHEAS spiked into steroid-free human serum using the plasma crash 

method. (A) Calibration curve obtained using the plasma crash method. (B) Calibration curve 

obtained in buffer. The data are fit to the Hill-equation and the parameters are tabulated below the 

respective graphs. There is a slight reduction in ym; however, both graphs show similar values for 

y0, Kd, and n, indicating that the plasma crash approach yields similar results compared to buffer. 

(C) Comparison of signal obtained from the target probe and a control probe when no DHEAS is 

added to the serum. The differences in the signals obtained are statistically insignificant (i.e., p > 

0.05), indicating that the signal from the control probe can be utilized as I0 in calculating 

fluorescence enhancement in samples with unknown DHEAS concentrations. 

3.3.3.5. DHEAS detection in low volume clinical sample 

To investigate whether low sample volumes can be used to detect DHEAS, we used three clinical 

samples with DHEAS concentrations of 20.5, 2.9, and 0.2 μM, respectively. After plasma crash, 

we treated 10 μL of these samples with the scramble and target probe in succession. The relative 

fluorescence enhancements with the lowest value normalized to 1 are shown in Figure 3.3.3-5. 

From this figure, we see that the relative fluorescence enhancements correlate with the DHEAS 

concentrations even when low sample volumes (10 μL) are used.
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Figure 3.3.3-5. Detection of DHEAS in low volume clinical samples. Volume of the clinical 

sample used per well is 10 μL. 

3.3.4. Isothermal titration calorimetry experiments 

We next investigated whether replacing a base with TO results in a significant loss of binding 

affinity compared to the native aptamer. Therefore, we performed ITC on the native aptamer and 

the best performing FIT-aptamer, sequence f. Our results indicate that the dissociation constants 

of both sequences are the same within error. 

 

Figure 3.3.4-1. Dissociation constants of (A) FIT-aptamer f and (B) the native aptamer as 

determined by isothermal titration calorimetry. The results indicate that replacement of a base with 

TO at the position shown by a gray dot in (A) does not significantly alter the binding affinity of 

the aptamer. 
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3.3.5. Circular dichroism experiments 

We performed CD experiments to study the change in aptamer structure upon DHEAS binding. 

Our results indicate that there are no large changes in structure for either the native aptamer or the 

FIT-aptamer f. 

 

Figure 3.3.5-1. CD spectra of 2 μM native aptamer and FIT-aptamer f in the presence and absence 

of 100 μM DHEAS. The CD spectra look nearly identical for both the native aptamer and f in the 

absence of DHEAS. Although the signal increases for both in the presence of DHEAS, the 

calculated CD spectra of the aptamers in the presence of DHEAS can be expressed as a sum of the 

CD of DHEAS and that of the aptamers by themselves. Therefore, we conclude that there is no 

additional contribution from the aptamer-DHEAS binding. These results further confirm that a 

significant structural change in the aptamer does not accompany DHEAS binding.   



220 
 

 
 

3.3.6. Design of FIT-aptamers for deoxycorticosterone-21 glucoside and deoxycholic acid 

To test the generality of our system, we designed two FIT-aptamers for deoxycorticosterone-21 

glucoside based on simulation-guided design. We note from Figure 3.3.6-1 that u contains TO in 

one of the stems whereas v contains TO in the binding pocket. While both sequences result in a 

florescence turn on (Figure 3.3.6-2), the binding affinity is significantly reduced for v, consistent 

with prior observations in the case of the DHEAS FIT-aptamers. Therefore, we designed a FIT-

aptamer, w, for deoxycholic acid by replacing a base in one of the stems with TO (Figure 3.3.6-3). 

This sequence was successful in detecting its target (Figure 3.3.6-4). 

 

Figure 3.3.6-1. Mfold predicted structure of (A) DOG, (B) the FIT-aptamer u, and (C) the FIT-

aptamer v. Simulations performed using a solution condition of 0.2 μM DNA, 1 M NaCl, and 10 

mM MgCl2. Binding of deoxycorticosterone-21 glucoside potentially causes refolding of the 

destabilized stem in (B) resulting in a fluorescence enhancement. In case of (C), given that the dye 

is placed directly in the binding site, target binding results in a fluorescence enhancement but also 

reduces the binding affinity of the aptamer. 
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Figure 3.3.6-2. Calibration curves of deoxycorticosterone-21 glucoside in buffer for FIT-aptamers 

(A) u and (B) v. We note that the binding affinity is significantly reduced when a base in the 

binding pocket is replaced by the dye. 

 

Figure 3.3.6-3. Mfold predicted structure of (A) DCA and (B) the FIT-aptamer w. Simulations 

performed using a solution condition of 0.2 μM DNA, 1 M NaCl, and 10 mM MgCl2. Binding of 

deoxycholic acid potentially causes refolding of the destabilized stem in (B) resulting in a 

fluorescence enhancement. 
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Figure 3.3.6-4. Calibration curve of deoxycholic acid in buffer for FIT-aptamer w. 

3.3.7. Differential scanning calorimetry experiments and detailed Mfold modeling 

DSC data collected upon heating for both the native aptamer and FIT-aptamer f can be modeled 

by a sum of two Gaussian peaks (Figure 3.3.7-1), suggesting that the melting of the aptamers 

occurs in two distinct stages. The peak temperatures of these Gaussian peaks are consistent with 

the melting temperatures predicted for stem 1 (major peak) and stems 2+3 (minor peak) by Mfold 

simulations (Figure 3.3.7-2). We note that the expected area ratio of the minor:major peak (which 

corresponds to the ratios of the enthalpies associated with the melting transitions) is 0.66 for the 

native aptamer in the absence of DHEAS. The experimentally observed value is 0.39, suggesting 

that stems 2+3 are not fully folded. Moreover, the ratio increases to 0.70 in the presence of 100 μM 

DHEAS indicating that stems 2+3 are considerably stabilized upon DHEAS binding.  

We further note that the area ratio of the minor:major peak in FIT-aptamer f, which contains a base 

mismatch in stem 2, is significantly decreased to 0.12, indicating that the base mismatch 

substantially destabilizes the stem. The ratio increases to 0.15 upon DHEAS addition indicating 

that the stability is partially recovered upon target binding. 
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Figure 3.3.7-1. DSC traces of 50 μM of the (A, B) native aptamer and the (C, D) FIT-aptamer f 

in the absence (-) and presence (+) of 100 μM DHEAS, respectively. 
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Figure 3.3.7-2. Structures of (A) the native aptamer, (B) a sequence of the same length as the 

native aptamer that contains only stem 1, (C) a sequence of the same length as the native aptamer 

containing only stems 2 and 3, (D) FIT-aptamer f, (E) a sequence of the same length as f that 

contains only stem 1, and (F) a sequence of the same length as f containing only stems 2 and 3. 
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Table 3.3.7-1. Melting temperatures (Tm) of the stems of the native aptamer and FIT-aptamer f 

as determined using DSC experiments and Mfold simulations 

Aptamer 

without DHEAS 100 μM DHEAS 

Tm (°C) 

(major) 

Tm (°C) 

(minor) 

Area Ratio 

(minor/major) 

Tm (°C) 

(major) 

Tm (°C) 

(minor) 

Area 

Ratio 

DSC Mfold DSC Mfold DSC Mfold DSC DSC DSC 

native 71.4 75.1 55.3 60.4 0.39 0.66 69.4 54.7 0.70 

f 72.3 75.1 54.0 55.4 0.12 0.54 72.4 51.5 0.15 



226 
 

 
 

3.4. Discussion 

3.4.1. Validating a FIT-based approach for rapid detection of steroids 

In the results section, we developed steroid-binding FIT-aptamers using thiazole orange (TO) as 

the visco-sensitive dye whose fluorescence is turned on when rotation about its methine bridge is 

restricted.[124,154] We began by selecting a previously evolved aptamer for DHEAS.[389] The 

minimum energy structure predicted by Mfold[390] indicates that the free aptamer exists in a folded 

conformation at room temperature, containing three double-stranded regions (Figure 3.4.1-1, 

Figure 3.2.1-1). These results are consistent with experimentally observed differential scanning 

calorimetry (DSC) traces (Figure 3.3.7-1). The junction of the double-stranded regions forms the 

binding pocket. Therefore, we needed to develop a strategy that could detect the subtle structural 

changes that would accompany DHEAS binding (Figure 3.3.5-1).  

 

Figure 3.4.1-1. (A) Secondary structure of the aptamer for DHEAS showing predicted 

fluorescence turn on when FIT-aptamers are designed by substituting TO at different locations on 

the sequence. The FIT-aptamer library was generated by synthesizing 20 different sequences such 

that in each sequence one of the bases circled in black was substituted with TO. (B) Chemical 

structure of an oligonucleotide with TO as a base surrogate. 

By analyzing the structure of the DHEAS aptamer, we noted that there are four types of sites 

(Figure 3.4.1-1): (i) single-stranded regions away from the binding site, (ii) double-stranded 
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regions away from the binding site, (iii) double-stranded regions close to the binding site, and (iv) 

bases in the binding site. We reasoned that if TO is placed in regions (i) and (ii), no fluorescence 

turn-on will be observed because the local environment of the dye should not change significantly 

upon DHEAS binding. On the other hand, placing TO in regions (iii) and (iv) may result in a 

fluorescence turn on due to restricted internal rotation of the dye upon target binding. We predicted 

the aptamer structure after TO substitution by computational modeling using Mfold, where we 

used a base mismatch to simulate the incorporation of TO. From our initial set of simulations, we 

anticipated that regions within 2 base pairs of the binding site may undergo local conformational 

changes upon DHEAS binding sufficient for fluorescence turn-on. 

To test our hypothesis, we synthesized a library of 20 variants of the DHEAS aptamer, each with 

a single point mutation (Figure 3.4.1-1, Table 3.2.1-1) where TO is used as a nucleobase surrogate. 

We screened ~1500 points in high throughput corresponding to selection buffers with different 

NaCl and MgCl2 concentrations (Figure 3.3.1-1-Figure 3.3.1-2). At each condition, we added 100 

M DHEAS and calculated the fluorescence enhancement, defined as the fluorescence of the 

aptamer in the presence of the target, If, relative to the fluorescence of the aptamer alone, I0 (Figure 

3.4.1-2, Figure 3.3.1-1-Figure 3.3.1-2). Our initial screen resulted in the selection of 5 sequences 

that turn-on (sequences b, f, o, r, and s), which can be rationalized based on Mfold simulations 

(Figure 3.3.2-1-Figure 3.3.2-21). The fluorescence enhancement increases with increasing salt 

concentrations, reaching up to 2-fold. These results suggest that conditions in which the secondary 

structure of the aptamer is preserved to a greater extent facilitate DHEAS binding (Figure 

3.3.2-22). We further validated the generality of this approach by using simulation guided design 
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to program fluorescence into FIT-aptamers for other steroids such as deoxycorticosterone-21 

glucoside and deoxycholic acid (Figure 3.3.6-1-Figure 3.3.6-4).  

We next measured the fluorescence response of the 3 FIT-aptamers with >50% fluorescence 

increase (sequences f, o, and s) as a function of DHEAS concentration (Figure 3.4.1-3). By fitting 

the data to the Hill equation, we calculated the apparent dissociation constants, Kd, to be 7, 23, and 

21 µM, respectively. We note that DSC experiments suggest that in probe f, the TO-containing 

region is destabilized relative to the unmodified aptamer. The stability is partially recovered in the 

presence of DHEAS (Figure 3.3.7-1). However, the Kd of probe f is not significantly changed 

compared to the unmodified aptamer, as ascertained by isothermal titration calorimetry. In 

contrast, probes o and s, both of which have TO in the binding pocket, have higher dissociation 

constants, suggesting that modifications outside of the binding pocket are more desirable for 

creating probes with higher sensitivity. Notably, the apparent Kd of probe f designed using a FIT-

strategy is significantly smaller than that observed when a fluorophore-quencher-based strategy 

that requires strand displacement is used.[389]  

We next investigated the specificity of aptamers f, o, and s for DHEAS (Figure 3.4.1-3). Due to 

the structural similarity of DHEA and DHEAS and the evolutionary promiscuity of these aptamers 

towards deoxycorticosterone-21 glucoside,[389] we observe fluorescence turn-on in the presence of 

these two steroids. However, physiological concentrations of DHEAS are 1-2 orders of magnitude 

higher than that of deoxycorticosterone-21 glucoside and DHEA, alleviating challenges with 

cross-reactivity in biologically relevant media.[391–393] Moreover, other off-target biomarkers like 

deoxycholic acid, neuropeptide Y, and β-estradiol cause negligible turn-on, and the presence of 

off-target biomarkers in a mixture of the aptamer and DHEAS does not inhibit binding. 
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Importantly, these results show that for the structures studied, the selectivities of  FIT-aptamers 

are the same as that of the original aptamers.[389] Given that all three show comparable selectivity, 

we identified probe f to be the best FIT-aptamer in the library since it has the lowest Kd (and 

consequently, a limit of detection of 1.3 μM). Therefore, we next evaluated its ability to sense 

DHEAS in serum.    
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Figure 3.4.1-2. Fluorescence enhancement (If/I0) screening data for 4 representative FIT-aptamers 

with TO substitution at different locations along the sequence. In all cases, 0.1 μM probe and 100 

μM DHEAS were used. (A, D, G, J) Schemes for sequence t, j, f, and s, respectively. TO 

substitution is denoted by a grey circle. (B, E, H, K) Corresponding fluorescence enhancement 

heatmaps. (C, F, I, L) Fluorescence enhancement shown as bar graphs.  

 

 



231 
 

 
 

 

 

Figure 3.4.1-3. Sensitivity and selectivity of the best FIT-aptamers from the initial library screen. 

(A, E, H) Schemes of sequence o, s, and f, respectively with the dye denoted by a grey circle. (B, 

F, I). Fluorescence enhancements of 0.1 μM of FIT-aptamers o, s, and f, respectively with varying 

DHEAS concentration. (C, G, J) Selectivity of FIT-aptamers o, s, and f, respectively. Gray bars 

denote fluorescence enhancement after addition of 25 μM of different analytes to 0.1 μM probe. 

Colored bars represent fluorescence enhancement after DHEAS is added to this mixture. “Probe” 

denotes FIT-aptamers with no added analyte. (D) Structures of the biomarkers used for selectivity 

studies.  

Studies where DHEAS was spiked into steroid-free human serum showed a significant loss in 

binding affinity (Kd = 198 µM) of the aptamer (Figure 3.3.3-2), likely due to interaction of DHEAS 

with serum proteins.[394] We therefore developed a plasma crash procedure to break these 

interactions and remove proteins from serum (Figure 3.4.1-4A, Figure 3.3.3-3).  Briefly, the 
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proteins were denatured with ethylenediaminetetraacetic acid (EDTA) and Sodium dodecyl sulfate 

(SDS) and precipitated with acetonitrile (ACN). The supernatant containing DHEAS was dried 

and resuspended in buffer. Thereafter, the FIT-aptamer was added for taking fluorescence 

readings. Serum samples with DHEAS-spiked in before and after the treatment showed that this 

procedure yields fluorescence turn-ons comparable to that observed in buffer (Figure 3.3.3-4), 

indicating that the treatment is effective in extracting DHEAS (Figure 3.4.1-4B).  

We next assessed the ability of the FIT-aptamer to make measurements of DHEAS in clinical 

serum samples. Specimens from 13 different individuals with known DHEAS levels, measured 

using the Abbott Architect chemiluminescent assay, were acquired and tested blind using probe f. 

A control probe (sequence n) that does not result in fluorescence turn-on upon binding DHEAS 

was used as a baseline to enable comparisons between the different samples. The observed 

fluorescence values were sorted based on the known DHEAS concentrations (Figure 3.4.1-4C). 

The target probe yields a Spearman’s rank correlation coefficient of 0.90 (p < 2.2E-16) between 

the average fluorescence and the concentration, whereas the control probe yields a coefficient of 

0.42 (p = 0.16). These results show that the signal from probe f increases monotonically with 

increasing concentrations of DHEAS whereas that from the control probe does not. Moreover, we 

verified using a χ2 goodness-of-fit test that the fluorescence enhancement relative to the control 

probe observed as a function of concentration is well-described by the Hill-equation (Figure 

3.4.1-4D). Taken together, these results show that FIT-aptamers can be utilized for the 

measurement of clinically relevant concentrations of steroids in serum. Importantly, the FIT 

strategy enabled us to use a plate reader-based format to make high throughput measurements with 

sample volumes as low as 10 µL in 30 min (Figure 3.3.3-5). This reduces the volume of serum 
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required by up to 20-fold compared to routinely used electrochemiluminescence immunoassays 

and yields immediate results.[395] 

 

Figure 3.4.1-4. DHEAS measurement in serum. (A) Plasma crash procedure. Created using 

biorender.com. (B) Fluorescence enhancement of FIT-aptamer f after spiking in DHEAS in steroid-

free serum. (C) Measured raw fluorescence of target and control probes in clinical serum samples. 

(D) Fluorescence enhancement in clinical samples plotted against concentration reported by the 

Abbott Architect assay. 

In summary, we have shown that fluorogenic aptamers for steroids can be programmed using a 

FIT strategy with the aid of simulation guided design. Importantly, our results show that global 

structural transitions from an unfolded to a folded state are not necessary for the design of FIT-

aptamers. If designed correctly, these structures can retain the binding affinity of the original 

aptamers and enable target detection in complex biological media. Specifically, for steroids, this 

strategy allows rapid (<30 min), high throughput detection using low sample volumes (10 µL), 

without the use of complex instrumentation. These results bode well for the use of FIT-aptamers 

as a new and general strategy for sensing other important biological markers whose binding may 

lead to subtle changes in aptamer structure. 
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CHAPTER FOUR 

4. Protein Spherical Nucleic Acids for Live-Cell Chemical Analysis 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Portions of this chapter reprinted (adapted) with permission from D. Samanta, S. B. Ebrahimi, C. 

D. Kusmierz, H. F. Cheng, C. A. Mirkin, J. Am. Chem. Soc. 2020, 142, 13350–13355. Copyright 

2020 American Chemical Society. 
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4.1. Introduction 

The chemical analysis of live cells at the molecular level provides fundamental insight into 

dynamic cellular processes, informs about the role of intracellular analytes in disease progression, 

and has guided the development of new medical diagnostic tools.[117,375,396–398] Although 

fluorescent probes based on both molecular recognition (binding-based sensing)[375,399] and 

molecular reactivity (activity-based sensing)[400] have led to significant new capabilities, the 

majority of techniques either necessitate the fixing or lysis of the cells, the use of cytotoxic 

transfection reagents, or the genetic encoding of the cells. Specifically, protein- and nucleic acid-

based approaches, such as enzyme-linked immunosorbent assays,[401] genetically encoded-

fluorescent proteins[402] and RNA sensors,[122] polymerase chain reaction,[403] and fluorescence in 

situ hybridization,[404] are routinely used to detect a wide variety of biological analytes. However, 

exogenous proteins and nucleic acids are not efficiently internalized by cells; thus, their 

development into live-cell intracellular probes is challenging.  

To overcome these limitations, in this chapter I introduce a powerful new class of intracellular 

probes based on protein spherical nucleic acids (ProSNAs).[405,406] This design allows analyte 

detection via a quencher-free approach using either the nucleic acid or the protein component. 

Additionally, this platform allows the detection of intracellular analytes through binding-based or 

activity-based sensing. ProSNAs are based on the SNA architecture and consist of a protein core 

functionalized with a dense shell of radially oriented oligonucleotides.  The SNA architecture is 

ideally suited for making intracellular measurements as it is non-toxic to cells, elicits minimal 

immune response, can be taken up by cells without the need for transfection reagents, and is more 

resistant to nuclease degradation compared to traditionally used linear oligonucleotide probes.[165] 
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Additionally, it allows the intracellular delivery of functional proteins and confers stability against 

protease degradation.[405,406] 

The first examples of SNA-based intracellular probes were NanoFlares (NFs).[44,164] As discussed 

in Chapter 1, the NF construct consists of a gold nanoparticle core that acts as a quencher. 

Oligonucleotide duplexes comprising a recognition strand and a shorter fluorophore-labeled 

reporter strand are immobilized onto the gold nanoparticle through a gold-thiol linkage. Inside the 

cell, the target of interest displaces the reporter strand as it binds to the recognition sequence, and 

results in a fluorescence turn on due to separation of the fluorophore and the quencher. By 

designing the recognition strand to be complementary to nucleic acids in cells, genetic content can 

be measured.[44,90,98,164,171,174] On the other hand, using aptamer and DNAzyme sequences, ions, 

small molecules, and proteins can be detected.[95,97,407] NFs allow live-cell genetic and metabolic 

analyses,[44,95] the sorting and isolation of circulating tumor cells based on variations in genetic 

profiles,[139] and the identification of diseased tissue in vivo.[135,408,409]  However, NFs suffer from 

several limitations. Since their fluorescence is solely dependent on the fluorophore’s distance from 

the gold core, NFs are susceptible to false-positive signals arising from nuclease degradation of 

the oligonucleotides, dehybridization of the reporter strands, or cleavage at the gold-thiol 

linkage.[175] In addition, NFs rely on a displacement event for signal generation which retards 

probe-target binding kinetics.[410] Finally, NFs can only be designed for targets with known nucleic 

acid-based recognition sequences.[375]   

4.2. Materials and Methods 

4.2.1. Oligonucleotide design, synthesis, purification, and characterization 

4.2.1.1. Design 
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We have used 3 types of spherical nucleic acid (SNA)-based constructs in this study. There are 

(i) Gold NanoFlares (NFs) 

a. With a pH-sensitive i-motif sequence as the recognition strand 

b. With a pH-insensitive control sequence as the recognition strand 

(ii) β-galactosidase (β-gal) SNAs  

a. With a pH-sensitive i-motif sequence as the “FIT-aptamer”. This construct is 

referred to as ProTOn 

b. With a pH-insensitive control sequence 

(iii) Glucose oxidase SNAs (GOx-SNAs) 

The DNA sequences used in designing the SNAs are provided in Table 4.2.1-1. D denotes the 

location of the forced intercalation dye thiazole orange in the sequence. Note that the 7th T from 

the 5’ end in the design of GOx-SNAs is modified with an amino group (amino-modifier C2 dT).  

Table 4.2.1-1. Oligonucleotide sequences used in this study 

Abbreviation Sequence (from 5’ end to 3’ end) 

Gold NF i-motif recognition CCC TAA CCC TAA CCC TAA CCC Cy5 T15-SH 

Gold NF control recognition TTT CTA TCG CGT ACA ATC TGC Cy5 T15-SH 

Gold NF i-motif flare Cy3-A6 AGG GTT AGG GTT A 

Gold NF control flare Cy3-A6 AGC AGA TTG TAC G 

ProSNA i-motif 5'-DBCO TEG- T15 C4 TAA CDCC TAA C4 TAA CTCC-3' 

ProSNA control 5'-DBCO TEG- T15 T4 TTT TDTT TTT T4 TTT TTTT-3' 

GOx DNA* DBCO TEG- T13 
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Cy3 denote cyanine-3. Cy5 denotes cyanine-5. DBCO-TEG denotes 10-(6-oxo-6-

(dibenzo[b,f]azacyclooct-4-yn-1-yl)-capramido-N-ethyl)-O-triethyleneglycol-1-[(2-cyanoethyl)-

(N,N-diisopropyl)]-phosphoramidite 

4.2.1.2. Synthesis, purification, and characterization 

All reagents for DNA synthesis were purchased from Glen Research. Oligonucleotides were 

synthesized using solid-phase phosphoramidite coupling chemistry. Universal or thiolated 

controlled pore glass (CPG) beads were used as the solid support. Synthesis was performed either 

using a MerMade12 (MM12, BioAutomation Inc., Plano, Texas, USA) or an ABI 394 instrument 

at 5 or 10 µmol scales. The oligonucleotides were then cleaved from the CPG beads using standard 

deprotection techniques (4 h at 55 ⁰C or 16 h at room temperature using 2 mL of 30% ammonium 

hydroxide). An Organomation® Multivap® Nitrogen Evaporator was then used to evaporate off 

the ammonia. The remaining solution was adjusted to 2 mL in volume using nanopure water and 

filtered through a 0.2 μM syringe filter to remove the CPG beads. The filtrate was subjected to 

reverse phase high-performance liquid chromatography (RP-HPLC, Varian ProStar 210, Agilent 

Technologies Inc., Palo Alto, CA, USA) to isolate the product. A C4 or C18 column and a gradient 

of 0 to 75% B over 45 min (A = triethylammonium acetate buffer, B = acetonitrile) were used. The 

collected fractions for sequences terminating in a 4,4'-dimethoxytrityl (DMTr) group were 

lyophilized and re-dissolved in 20% acetic acid for 1 h for detritylation. The cleaved DMTr group 

was removed by ethyl acetate extraction (3 times). The remaining acidic solution was lyophilized 

and re-dissolved in water. Sequences not terminating in a DMTr group did not require treatment 

with acetic acid. Matrix-assisted laser desorption ionization time-of-flight mass spectrometry 

(MALDI-TOF MS) was used to identify the product. The concentration (c) of the final product 

was determined using UV-VIS spectroscopy. Specifically, c = A/ε where A is the absorbance 
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measured and ε is the extinction coefficient of the oligonucleotide at 260 nm obtained from the 

IDT Oligo Analyzer Tool. 
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4.2.2. Synthesis and characterization of thiazole orange (D) 

4.2.2.1. General methods 

All of the chemicals, reagents, and solvents were purchased as reagent grade from Sigma-Aldrich 

and used as received unless otherwise stated. Glassware and stir bars were oven-dried at 180 ℃ 

prior to use. Flash chromatography was performed with SiO2 (230–400 mesh ASTM, 0.040–0.063 

mm; Fluka). Deuterated solvents were purchased from Cambridge Isotope Laboratories and used 

as received. 1H and 13C NMR spectra were recorded on a Bruker Avance 400 MHz NMR 

spectrometer at 298 K, and chemical shifts (δ) are given in parts per million. 1H NMR spectra were 

referenced to residual proton resonances in the deuterated solvents (methanol-d4 = δ 3.31), while 

absolute referencing was applied for heteronuclear NMR spectra (ΞC = 25.145020). N-

carboxylmethyl-4-methquinolinium bromide was synthesized following literature procedures.[411]  

4.2.2.2. Synthesis of thiazole orange derivative 

 

3-Methyl-2-(methylthio)-benzothiazolium tosylate was synthesized as described previously with 

slight modifications.[411] Solid 2-methylthiobenzothiazole (4.12 g, 22.7 mmol, 1 equiv) was added 

to neat methyl p-toluenesulfonate (4.66 g, 25 mmol, 1.1 equiv) in an oven-dried round bottom 

flask and heated to reflux at 130 °C for 1 h. Reaction mixture was cooled to 70 °C, and acetone 

was added till creamy precipitates formed. Reaction was then refluxed at 70 °C. After 30 min, the 

mixture was cooled to room temperature, filtered and washed with acetone. The creamy 

precipitates collected were dried vacuo to yield the product (8.11 g, 22.1 mmol, isolated yield = 
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97 %). 1H NMR (400 MHz, methanol-d4) δ 8.20 (ddd, J = 8.2, 1.3, 0.7 Hz, 1H), 8.05 (dt, J = 8.6, 

0.8 Hz, 1H), 7.82 (ddd, J = 8.5, 7.3, 1.2 Hz, 1H), 7.71 (ddd, J = 8.3, 7.3, 1.0 Hz, 1H), 7.69 – 7.61 

(m, 2H), 7.22 – 7.14 (m, 2H), 4.12 (s, 3H), 3.10 (s, 3H), 2.33 (s, 3H). 13C NMR (101 MHz, MeOD) 

δ 181.12, 141.97, 141.63, 139.45, 128.62, 127.78, 127.65, 126.41, 124.80, 122.53, 114.37, 34.77, 

19.20, 16.42. 

 

 

Carboxymethylated thiazole orange was synthesized as described previously with slight 

modifications.[411] N-carboxylmethyl-4-methquinolinium bromide (1.52 g, 5.39 mmol, 1.25 equiv) 

and 3-methyl-2-(methylthio)-benzothiazolium tosylate (1.58 g, 4.31 mmol, 1 equiv) were 

dissolved in dichloromethane. Triethylamine (1.5 mL, 10.8 mmol, 2.5 equiv) was then added. The 

reaction mixture, which turned dark red immediately, was stirred in dark at room temperature for 

16 h. The reaction mixture was dried on a rotary evaporator to give a red residue, which was 

dissolved in 325 mL of boiling methanol. 815 mL of water was then added to the red solution, 

which was stored at 4 °C over 3 days for crystallization. The red precipitate formed was collected 

by filtration, washed with a small amount of cold water, and dried in vacuo to give a red powder 

(1.64 g, 3.83 mmol, 89 % isolated yield). Note that the product gradually decomposes in solution 

if it is exposed to light. 1H NMR (400 MHz, methanol-d4) δ 8.66 – 8.60 (m, 1H), 8.34 (d, J = 7.2 
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Hz, 1H), 7.96 – 7.86 (m, 2H), 7.75 – 7.56 (m, 4H), 7.49 (dd, J = 7.2, 2.3 Hz, 1H), 7.46 – 7.37 (m, 

1H), 6.93 (s, 1H), 5.17 (s, 2H), 4.00 (s, 3H). 

4.2.2.3. NMR spectra 

 

 

Figure 4.2.2-1. 1H NMR (400 MHz, methanol-d4, 298 K) spectrum of 3-methyl-2-(methylthio)-

benzothiazolium tosylate. 
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Figure 4.2.2-2. 13C NMR (101 MHz, methanol-d4, 298 K) spectrum of 3-methyl-2-(methylthio)-

benzothiazolium tosylate. 
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Figure 4.2.2-3. 1H NMR (400 MHz, methanol-d4, 298 K) spectrum of carboxymethylated thiazole 

orange. 
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4.2.3. Coupling of D to oligonucleotide probes 

Thiazole orange was conjugated to DNA sequences composed of an amino-modifier 

(Ntrifluoroacetyl serinol phosphoramidite) according to a previously reported protocol.[378] In a 

typical reaction, thiazole orange (5 µmol), pyridinium para‐toluene sulfonate (5 µmol), N‐

hydroxysuccinimide (25 µmol),  and 1-Ethyl-3-(3- dimethylaminopropyl) carbodiimide (50 µmol)  

were dissolved in 250 µL dimethylformamide and shaken for 10 min at 30°C. After 10 min, 100 

nmol of amino-modified DNA in 250 µL of 0.1 M NaHCO3 was added to the solution and shaken 

at room temperature for 2h.  After 2 h, the reaction mixture was run through a NAP™-10 (GE 

Healthcare) column to separate away any free dye.  To separate DNA sequences with and without 

the dye modification, RP-HPLC was then run on a C18 column (0 to 75% B, 45 min, A = 

triethylammonium acetate buffer, B = acetonitrile).  

4.2.4. Synthesis, purification, and characterization of i-motif and control gold NFs 

In a typical reaction, 2 mL of 13 nm gold NPs were added to a 15 mL falcon tube and supplemented 

with Tween to a final concentration of 0.2%. 10X PBS was added to the falcon tube such that its 

final concentration became 1X. The mixture was vortexed for 30 seconds and then sonicated for 

30 seconds.  

In a separate tube, recognition strand and flare strand were mixed in a 1:1 molar ratio and adjusted 

to 50 µM concentration in 1X duplexing buffer (30 mM HEPES, 100 mM KOAc, 2 mM MgOAc).  

This mixture was heated at 95 °C for 5 min and then allowed to cool to room temperature.  The 

duplex was then added to the AuNP mixture at 300 equiv. duplex per AuNP.  The subsequent 

mixture was allowed to incubate for 2 h, at which point 5 M NaCl was added to make the NaCl 
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concentration 350 mM.  After 1 h of further incubation, more 5 M NaCl was added to make the 

final NaCl concentration 500 mM.  The mixture was then shaken for 48 h. After 48 h, the gold 

NFs were purified using 5 rounds of centrifugation (15000 rcf, 10 min) through successive 

pelleting and resuspension steps in 1X PBS.   

The concentration of the gold NFs was determined via UV-VIS spectroscopy using an extinction 

coefficient of 2.7 x 108 M-1cm-1 for 13 nm gold nanoparticles. Next, the number of DNA strands 

per particle was determined. 40 μL of 50 nM gold NFs were added to 140 uL 8 M urea. 180 μL of 

40 mM KCN were added to this mixture. Over the next 5-10 min, the gold nanoparticles were 

etched completely by KCN and this process could be followed visually as the wine-red color of 

the nanoparticles disappeared. The solution was heated to 60 ºC for 10 min. The fluorescence of 

the resultant solution was measured using a plate reader both in the Cy3 (excitation: 488 nm, 

emission 525 nm) and Cy5 (excitation: 647 nm, emission: 700 nm) channels. The concentration 

of DNA could be calculated from a calibration curve of the Cy3- and Cy5-labeled recognition and 

flare strands in the same solvent mixture. All fluorescence measurements were performed in 

triplicate. The ratio of the concentration of DNA to that of the nanoparticles yielded the number 

of strands per particle. On average, each gold nanoparticle had ~40 duplexes (one flare strand for 

every recognition strand).  

4.2.5. Synthesis, purification, and characterization of i-motif and control ProSNAs 

β-gal ProSNAs were synthesized and characterized following previously reported 

procedures.[405,406] Lyophilized β-galactosidase (β-Gal) from an E. coli overproducer (Roche) was 

centrifuged and resuspended in 1X PBS three times using a 100 kDa MWCO Amicon® filter to 

remove storage salts. Next, a thiol-reactive Alexa FluorTM 647 C2 Maleimide (ThermoFisher) was 
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introduced at a ten-fold excess, and the reaction was allowed to proceed overnight at 4 °C in 1X 

PBS with shaking. Multiple washing cycles were conducted in a 100 kDa MWCO Amicon® filter 

to remove the unreacted dye, resuspending β-Gal-AF647 in 1X PBS after each centrifuge. Wash 

cycles were stopped once the filtrate did not have a detectable absorbance signal at ~653 nm, as 

monitored by a Cary-500 UV-vis spectrophotometer. A 350-fold excess of NHS-PEG4-Azide 

(ThermoFisher) was added to β-Gal-AF647 and incubated overnight at 4 °C in 1X PBS with 

shaking. Unreacted linker was removed by ten wash cycles using a 100 kDa MWCO Amicon® 

filter, resuspending the β-Gal-AF647-azide in 1X PBS after each centrifugation. The number of 

Alexa Fluor 647 modifications made to the protein were calculated based on absorbance spectra 

collected on a Cary-500 UV-vis spectrophotometer and their respective extinction coefficients (εβ-

gal = 1,142,000 M-1cm-1 at 280 nm and 596,268 M-1cm-1 at 260 nm; εAF-647 = 270,000 at 650 nm). 

The number of PEG4-azide linker modifications was assessed by MALDI-TOF MS using sinapinic 

acid (ThermoFisher) as a matrix in a Bruker AutoFlex-III. Each linker addition leads to an increase 

in 275 m/z. In a typical reaction, 60 molar equivalents (DNA:protein) of DBCO-modified DNA 

was added to a 1.5 mL Eppendorf tube and dried on a Centrivap.  Protein (1X PBS, concentration 

~6 µM β-galactosidase) was then added to this DNA and shaken for 3 days (60 eq DNA:protein).  

After 3 days, the ProSNAs were purified through ~15-20 washes (1X PBS) using a 100 kDa 

Amicon filter. The number of DNA strands per protein was calculated based on UV-vis 

spectroscopy (εi-motif DNA = 337,600 M-1cm-1 at 260 nm and εcontrol DNA = 315,400 M-1cm-1 at 260 

nm). Because the DNA’s max absorbance (260 nm) overlaps with the protein’s max absorbance 

(280 nm), the AF-647 UV-vis trace was used to back-calculate the protein’s concentration. There 
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were ~6.8 AF-647 dyes per protein. ~30 DNA strands were attached per i-motif ProSNA (ProTOn) 

and ~40 DNA strands per control ProSNA.  

4.2.6. Design, synthesis, purification, and characterization of GOx-SNAs 

Due to the absence of chemically accessible cysteine residues on the surface of GOx, both AF-647 

and DNA were conjugated to the surface through lysine residues. The relative ratios of the two 

modifications were controlled by controlling the molar equivalents and the conjugation reaction 

time. On average, each protein contained ~2 AF-647 dyes and ~28 DNA strands. A simple DBCO-

labeled T13 sequence was used as the DNA shell to allow probe uptake and as in the case of β-gal, 

the AF-647 dyes allow the monitoring of probe uptake. 

Glucose oxidase protein (Millipore-Sigma G7141) was first dissolved in 0.1 M NaHCO3 at 10 

mg/mL. Alexa Fluor 647 NHS Ester (Thermo-Fisher A37573) was dissolved at a concentration 10 

mg/mL in DMF.  This dye solution was added dropwise to the protein solution while vortexing in 

13-fold molar excess.  After shaking the mixture for 1 h at 1400 rpm, the unfunctionalized Alexa 

dye was separated from the protein using a 30 kDa Amicon filter (13,000 rcf at 4 ºC) and washing 

10 times using 0.1 M NaHCO3.  

The protein was then labeled with PEG-azide to allow subsequent functionalization to DBCO-

modified DNA. 300 µL of 50 µM protein in PBS was reacted with 18 µL NHS-PEG4-Azide for 

1.75 h.  The mixture was then purified using a 30 kDa Amicon filter by washing with 1X PBS (10 

washes, 13,000 rcf at 4 °C).   

In a typical DNA functionalization reaction, 300 molar equivalents (DNA:protein) of DBCO-

modified DNA was added to a 1.5 mL Eppendorf tube and dried on a Centrivap.  Protein (1X PBS, 
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concentration ~10 µM) was then added to this DNA and shaken for 3 days (300 eq DNA:protein).  

After 3 days, GOx-SNAss were purified through ~15-20 washes (1X PBS) using a 100 kDa 

Amicon filter. 

The number of dye and DNA per protein was calculated via UV-VIS spectroscopy using the 

extinction coefficient of the DNA (εDNA = 113,900 M-1cm-1), protein (εGOx = 267,200 M-1cm-1), and 

the dye (εAF-647 = 270,000 M-1cm-1). 

4.2.7. Fluorescence experiments  

All experiments were done in triplicate unless otherwise stated. 

4.2.7.1. Experiments with i-motif and control gold NFs 

4.2.7.1.1. Fluorescence melt to determine duplex melting temperature 

The melting temperature of the flare/recognition strand duplex was determined by fluorescence 

melt experiments.  This was done to ensure that the i-motif recognition/flare and control 

recognition/flare have comparable melting temperatures.  ~3 nM by gold i-motif or control NFs 

were added to pH 7.5 clamping buffer (Thermo-Fisher P35379).  The temperature of a BioTek 

Cytation 5 fluorescence plate reader was set to x °C (where x = 28, 29, 31, 33, 35, 37, 39, 41, 43, 

45, 47, 49, 51, 53, 55, 57, 59, 61, 63, 65) and samples were shaken for 5 min.  After 5 min, a 

fluorescence reading was taken, acquiring a fluorescence reading at each temperature (excitation: 

554 nm, emission: 600 nm for the Cy3 dye; excitation: 647 nm, emission: 700 nm for the Cy5 

dye). 

4.2.7.1.2. pH sensitivity of i-motif gold NFs in buffer 
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i-motif or control NFs were incubated in clamping buffer of varying pH to assess the response of 

the constructs to pH.  The pH of buffer was adjusted using NaOH. 1.7 nM by gold i-motif or 

control NF was added to buffer of pH 4.5 5.0, 5.5, 6.0, 6.5, 7.0, 7.5 and incubated for 30 min at 

37 °C.  A BioTek Cytation 5 fluorescence plate reader (excitation 554 nm, emission 600 nm for 

the Cy3 dye, excitation 647 nm, emission 690 nm for the Cy5 dye) was used to measure the 

fluorescence at each pH. 

4.2.7.1.3. Fluorescence response of gold NFs in presence of nuclease in buffer 

In triplicate, 2 nM (by gold) was added to 100 µL 1X DNAse buffer and allowed to incubate at 

37 °C for 30 min.  After 30 min, 10 µL of 0.2 U/µL DNAse I (Themo-Fisher AM2224) was added 

to each well (10 µL of water was added to wells not treated with DNAse as a DNAse free control).  

Fluorescence was monitored on a BioTek Cytation 5 plate reader (excitation 554 nm, emission 

600 nm for the Cy3 dye, excitation 647 nm, emission 690 nm for the Cy5 dye) every 1 min over 

the course of 15 min.   

4.2.7.1.4. Change of fluorescence signal over time of gold NFs in cellulo  

MDA-MB-231 cells were treated in a 24 well plate with 1 nM (by gold) i-motif or control NFs in 

Opti-MEM (Thermo-Fisher 31985062).  All cells were pulsed for 1 h and chased for either 0, 2, 

or 4 h in triplicate. Cells were washed with 400 µL Opti-MEM before the pulsing step and 400 µL 

Opti-MEM before the chasing step.  After the chasing step, cells were detached from the plate 

using 1X TrypLE (Thermo-Fisher 12604021) with added DAPI and then analyzed using flow 

cytometry (BD LSRFortessa and BD Symphony A3).   

4.2.7.2. Experiments with i-motif and control ProSNAs 
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4.2.7.2.1. pH sensitivity of ProTOn in buffer  

i-motif or control ProSNAs were incubated in clamping buffer of varying pH to assess the response 

of the constructs to pH.  500 nM (by DNA) of ProTOn or control ProSNA were added to buffer of 

pH 5.0, 5.5, 6.0, 6.5, 7.0, and 7.5 in triplicate at room temperature.  A BioTek Cytation 5 

fluorescence plate reader (excitation 485 nm, emission 527 nm for the thiazole orange dye, 

excitation 647 nm, emission 690 nm for the Alexa Fluor 647 dye) was used to measure the 

fluorescence at each pH.   

4.2.7.2.2. Fluorescence response of ProSNAs in presence of nuclease in buffer 

In triplicate 500 nM (by DNA) of i-motif or control ProSNA was added to 100 µL 1X DNAse 

buffer and incubated at 37 °C for 15 min. 10 µL of 0.2 U/µL DNAse I was added to induce nuclease 

degradation. 10 µL of water was added to the wells not treated with DNAse I as a control.  The 

fluorescence was monitored on a BioTek Cytation 5 plate reader (excitation 485nm, emission 528 

nm for the thiazole orange dye) every 1 min over the course of 15 min.   

4.2.7.2.3. Response of ProSNAs to proteases in buffer 

For this specific study, the ProSNA used was comprised of β-Galactosidase densely functionalized 

with a (sp18)2T30 sequence (~34 DNA per protein). The native protein and the ProSNA were 

incubated with a 250 mg L-1 Trypsin (Gibco) in 1X PBS at 37°C with shaking. As the degradation 

reaction proceeded, aliquots were removed every ten minutes for a total of 70 min and loaded onto 

a 7.5% Mini-PROTEAN TGX precast gel (BioRad). The protein bands were visualized by staining 

using a SimplyBlue SafeStain (Thermo Fisher). 

4.2.7.2.4. Change of fluorescence signal over time of ProSNAs in cellulo  
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MDA-MB-231 cells were treated in a 24 well plate with 500 nM (by DNA) of ProTOn or control 

ProSNAs.  All cells were pulsed for 1 h and chased for either 0, 2, or 4 h in triplicate.   Cells were 

washed with 400 µL Opti-MEM before the pulsing step and 400 µL Opti-MEM before the chasing 

step.  After the chasing step, cells were detached from the plate using 1X TrypLE containing DAPI 

and then analyzed using flow cytometry.   

4.2.7.2.5. Fluorescence response of i-motif ProSNA after clamping cellular pH 

MDA-MB-231 cells were treated in a 24 well plate with 500 nM (by DNA) of ProTOn or control 

ProSNA.  Cells were treated for 3 h, after which they were washed once with 400 µL Opti-MEM 

and subsequently detached using 1X TrypLE. Each well of the plate was then pipetted into separate 

Eppendorf tubes, after which tubes were centrifuged to pellet the cells.  The supernatant was 

aspirated off, and cells were suspended in pH 5.5 or pH 7.5 clamping buffer for 10 min before 

being analyzed by flow cytometry.  Control cells not treated with SNAs were also analyzed to 

ensure that different pH’s do not alter the autofluorescence of the cells. As a control, commercially 

available pHrodo™ Red AM Intracellular pH Indicator (Thermo Fisher P35372) was also used to 

measure the fluorescence difference between cells clamped at pH 5.5 and pH 7.5.  Cells were 

treated according to manufacturer protocol with no modification. 

4.2.7.3. Experiments with GOx-SNAs 

4.2.7.3.1. Fluorescence response of GOx-SNAs to glucose in buffer 

Varying concentrations of glucose (in 1X PBS) were added to the wells of a 96 well plate, whereby 

the concentration of glucose was halved in each well through a half serial dilution (a separate set 

of wells were prepared that had 0 mM glucose).  All wells contained 5 µM FBBBE (Cayman 
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Chemical 14606).  The plate was then allowed to incubate for 15 min at 37 °C.  After 15 min, an 

automatic dispensing unit on a BioTek Cytation 5 fluorescence plate reader was used to add GOx-

SNAs to each well at a final concentration of 20 nM by protein (a buffer only set of wells was also 

prepared).  After addition, the BioTek Cytation 5 plate reader was used to shake the sample for 

15 s, and subsequently a fluorescence reading was taken every 3 min over 2 h (excitation 460 nm, 

emission 530 nm for FBBBE, excitation 640 nm, emission 700 nm for the Alexa Fluor 647 dye). 

A separate control experiment was done to ensure that the dye fluorescence in the absence of GOx-

SNAs does not change with increasing glucose concentration.  Varying concentrations of glucose 

(in 1X PBS) were added to the wells of a 96 well plate, whereby the concentration of glucose was 

halved in each well through a half serial dilution (a separate set of wells were prepared that had 

0 mM glucose).  All wells contained 5 µM FBBBE.  The sample was incubated at 37°C for 30 

min, after which a fluorescence reading was taken every 3 min over 2 h (excitation 460 nm, 

emission 530 nm for FBBBE). 

4.2.7.3.2. GOx-SNAs fluorescence response to “off-target” sugars in buffer 

In triplicate, 20 nM (by protein) GOx-SNAs was co-incubated with 5 µM FBBBE and one different 

sugar (either 5 mM glucose, sucrose, xylose, mannose, glucose 6-phosphate, fructose, maltose, 

lactose, or galactose) in 1X PBS. Controls for GOx-SNAs+FBBBE, FBBBE only, GOx-SNAs 

only, and 1X PBS only were also done.  Samples were incubated at 37 °C for 30 min after which 

a fluorescence reading was taken on a BioTek Cytation 5 plate reader (excitation 460 nm, emission 

530 nm for the FBBBE dye).  
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In another experiment, 10 nM (by protein) GOx-SNAs were incubated with 5 μM FBBBE and all 

the sugars (5 mM glucose, sucrose, xylose, mannose, glucose 6-phosphate, fructose, maltose, 

lactose, and galactose) in 1X PBS. Controls for GOx-SNAs+FBBBE+5 mM glucose, GOx-

SNAs+FBBBE, FBBBE only, GOx-SNAs only, and 1X PBS only were also done.  Samples were 

incubated at 37 °C for 30 min after which a fluorescence reading was taken on a BioTek Cytation 

5 plate reader (excitation 485 nm, emission 528 nm for the FBBBE dye). 

4.2.7.3.3. GOx-SNAs activity versus native protein 

20 nM native glucose oxidase protein or 20 nM GOx-SNAs were added to 1X PBS in the presence 

of 1 mM glucose and 5 µM FBBBE at 37 °C in triplicate. A reading of fluorescence was taken 

every 3 min over 2 h on a BioTek Cytation 5 (excitation 485 nm, emission 527 nm for the FBBBE 

dye, excitation 647 nm, emission 690 nm for the Alexa Fluor 647 dye). 

4.2.7.3.4. Fluorescence response of GOx-SNAs in different cell lines 

Adherent cells were detached from culture dish using 1X TrypLE and subsequently pelleted by 

centrifugation.  The supernatant was removed and the cells were washed twice with 6 mL glucose 

free DMEM (Thermo-Fisher 11966025) through successive pelleting and resuspension steps.  

After the second wash, the cell suspension was split into 3 different treatment groups each run in 

triplicate.  In two of the treatment groups, cells were suspended in glucose free media only and in 

the third treatment group the cells were suspended in glucose free media containing 40 nM GOx-

SNAs (by protein).  After 30 min, cells were pelleted by centrifugation, the supernatant was 

removed, and all cells were washed twice with 1 mL glucose free media through successive 

pelleting and resuspension steps.  In the first treatment group, previously untreated cells were 
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resuspended in DMEM supplemented with 25 mM glucose (untreated group).  In the second 

treatment group, previously untreated cells were resuspended in DMEM supplemented with 25 

mM and 50 µM FBBBE (dye only group).  In the third treatment group, previously SNA treated 

cells were resuspended in DMEM supplemented with 25 mM and 50 µM FBBBE (dye+SNA 

group).  After 30 min, cells were pelleted by centrifugation, resuspended in 1X TrypLE containing 

DAPI, and analyzed using flow cytometry. This procedure was the same for all adherent cell lines. 

Suspension cells were pelleted by centrifugation and washed twice with 6 mL glucose free DMEM 

through successive pelleting and resuspension steps.  After the second wash, the cell suspension 

was split into 3 different treatment groups each run in triplicate.  In two of the treatment groups, 

cells were suspended in glucose free media only and in the third treatment group the cells were 

suspended in glucose free media containing 40 nM GOx-ProSNA (by protein).  After 30 min, cells 

were pelleted by centrifugation, the supernatant was removed, and all cells were washed twice 

with 1 mL glucose free media through successive pelleting and resuspension steps.  In the first 

treatment group, previously untreated cells were resuspended in DMEM supplemented with 25 

mM glucose (untreated group).  In the second treatment group, previously untreated cells were 

resuspended in DMEM supplemented with 25 mM and 50 µM FBBBE (dye only group).  In the 

third treatment group, previously SNA treated cells were resuspended in DMEM supplemented 

with 25 mM and 50 µM FBBBE (dye+SNA group).  After 30 min, cells were pelleted by 

centrifugation, resuspended in 1X TrypLE containing DAPI, and analyzed using flow cytometry.  

This procedure was the same for all suspension cell lines. 

4.2.7.3.5. In cellulo fluorescence response of GOx-SNAs to varying glucose 

concentrations  
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EL4 suspension cells were pelleted by centrifugation and washed twice with 6 mL glucose free 

DMEM through successive pelleting and resuspension steps.  After the second wash, the cell 

suspension was split into different treatment groups each run in triplicate.  The cells were 

suspended in glucose free media containing 40 nM GOx-SNAs (by protein).  After 30 min, cells 

were pelleted by centrifugation, the supernatant was removed, and all cells were washed twice 

with 1 mL glucose free media through successive pelleting and resuspension steps.  The cells were 

then resuspended in DMEM containing 50 µM FBBBE with 0 mM or 25 mM glucose. After 30 

min, cells were pelleted by centrifugation, resuspended in TrypLE containing DAPI, and analyzed 

using flow cytometry. Relative glucose levels in cells measured by flow cytometry were compared 

with glucose levels measured in cell lysates using a commercially available glucose assay kit 

(Section 4.2.7.3.8). 

4.2.7.3.6. In cellulo fluorescence response of GOx-SNAs to increase in glucose uptake 

The insulin-sensitive MC38 cell line was used in this study. MC38 cells were detached from 

culture dish using 1X TrypLE and subsequently pelleted by centrifugation.  The supernatant was 

removed and the cells were washed twice with 6 mL glucose free DMEM (Thermo-Fisher 

#11966025) through successive pelleting and resuspension steps. After the second wash, the cell 

suspension was split into different treatment groups, each run in triplicate.  The cells were 

suspended in glucose-free media containing 40 nM GOx-SNAs (by protein).  After 30 min, cells 

were pelleted by centrifugation, the supernatant was removed, and all cells were washed twice 

with 1 mL glucose-free media through successive pelleting and resuspension steps.  The cells were 

resuspended in DMEM containing 5 mM glucose and 50 µM FBBBE with 0 nM or 100 nM insulin 
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from Thermo Fisher catalog #12585014. After 30 min, cells were pelleted by centrifugation, 

resuspended in TrypLE containing DAPI, and analyzed using flow cytometry.  

4.2.7.3.7. In cellulo fluorescence response of GOx-SNAs to inhibition of glucose uptake 

EL4 suspension cells were pelleted by centrifugation and washed twice with 6 mL glucose free 

DMEM through successive pelleting and resuspension steps.  After the second wash, the cell 

suspension was split into different treatment groups, each run in triplicate.  The cells were 

suspended in glucose-free media containing 40 nM GOx-SNAs (by protein).  After 30 min, cells 

were pelleted by centrifugation, the supernatant was removed, and all cells were washed twice 

with 1 mL glucose-free media through successive pelleting and resuspension steps.  The cells were 

resuspended in DMEM containing 25 mM glucose and 50 µM FBBBE with 0 µM or 10 µM 

cytochalasin B from Millipore Sigma catalog #C6762. After 30 min, cells were pelleted by 

centrifugation, resuspended in TrypLE containing DAPI, and analyzed using flow cytometry. 

Relative glucose levels in cells measured by flow cytometry were compared with glucose levels 

measured in cell lysates using a commercially available glucose assay kit (Section 4.2.7.3.8). 

4.2.7.3.8. Measurement of glucose in cell lysate 

EL4 cells were pelleted by centrifugation and washed twice with 6 mL glucose free DMEM 

through successive pelleting and resuspension steps.  After the second wash, the cell suspension 

was split into 3 different treatment groups each run in triplicate.  In all of the treatment groups, 

cells were first suspended in glucose free media.  After 30 min, cells were pelleted by 

centrifugation, the supernatant was removed, and then cells were treated in 3 groups.  In the first 

treatment group, cells were resuspended in DMEM containing no glucose (0 mM glucose 
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treatment group).  In the second treatment group, cells were resuspended in DMEM supplemented 

with 25 mM glucose and 10 µM cytochalasin B (glucose inhibitor group).  In the third treatment 

group, cells were resuspended in DMEM supplemented with 25 mM glucose (25 mM glucose 

treatment group).  After 30 min, cells were combined and pelleted by centrifugation, the 

supernatant was removed, and cells were washed twice with 6 mL DPBS through successive 

pelleting and resuspension steps.  After the 2nd wash, cells were resuspended in 1 mL of glucose 

assay buffer (Abcam 169559).  Cells were then lysed through 5 freeze-thaw cycles.   

After lysis, cells were centrifuged to remove any cellular debris and the supernatant was collected 

for further analysis.  A glucose assay kit (Abcam 169559) was used to measure relative glucose 

concentrations between the 3 different conditions (150,000 cells analyzed in each well).  Lysate 

was first filtered through a 10 kDa Amicon filter to remove any interfering proteins, and then 

assayed according to the manufacturer protocol using a BioTek Cytation 5 fluorescence plate 

reader. 

4.2.8. Data analysis and statistics 

All figures provided show the mean of three independent readings unless otherwise mentioned. 

Error bars correspond to one standard deviation. For Figure 4.4.1-2, the p-value was determined 

via a t-test using a one-tailed hypothesis (this is because fluorescence at pH 5.5 should be higher 

than fluorescence at pH 7.5).   

4.3. Results 

4.3.1. i-motif and control gold NFs 

4.3.1.1. Fluorescence melt to determine the melting temperature of flare strands 
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For a fair comparison of the false-positive signal obtained from gold NFs, it is important to 

ascertain that the flares strands bind to the recognition sequences with similar affinity. As a proxy 

for the binding affinity, we investigated the melting behavior of the duplexes. When the flare strand 

is hybridized to the recognition sequence, its proximity to the gold nanoparticle quenches its 

fluorescence. However, as the temperature of the sample is gradually increased, DNA 

dehybridization occurs. Therefore, the fluorescence of the flare sequence gradually increases as it 

is separated from the gold nanoparticle. From the figure below, we observe that the melting 

temperatures of the flare strands are nearly identical for both the i-motif and the control gold NFs. 

  

Figure 4.3.1-1. Fluorescence melt experiment to determine melting temperature of pH-sensitive 

i-motif and pH-insensitive control NFs recognition/flare duplex. It can be seen from the plot that 

the melting temperatures are nearly identical. Data points and error bars represent the mean and 

standard deviation of 3 replicates, respectively.
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4.3.1.2. pH-sensitivity of i-motif gold NFs in buffer 

~1.7 nM of i-motif and control gold NFs were subjected to different pH between 7.5 and 4.5 at 

37 °C and their fluorescence was monitored.  The fluorescence of I-motif gold NFs increases by 

up to ~3.5-fold as the pH decreases due to the formation of i-motif structures and displacement of 

the flare sequence. In contrast, the fluorescence of the pH-insensitive control NF does not change 

significantly in this pH range.  

 

Figure 4.3.1-2. Fluorescence enhancement (If / I0) versus pH for gold NF constructs in buffer. 

Fluorescence enhancement is defined as the fluorescence intensity of the solution at a given pH 

(If) relative to the least fluorescence intensity of the solution across all the pH tested (I0). All 

fluorescence intensities are corrected for the fluorescence intensity of the buffer. Data points and 

error bars represent the mean and standard deviation of three replicates, respectively.



261 
 

 
 

4.3.1.3. Fluorescence response of gold NFs in the presence of nucleases in buffer 

To investigate the effect of nuclease degradation on gold NFs, 2 nM gold NFs were incubated with 

2 U DNAse I for at 37 °C. In the presence of DNAse I, the fluorescence increases over time for 

both the i-motif and the control sequence. In contrast, in the absence of DNAse I, the fluorescence 

remains unchanged. These results show that nuclease degradation leads to over 15-fold 

fluorescence enhancement in the absence of a recognition event, giving rise to false-positive 

signals. 

 

Figure 4.3.1-3. Fluorescence enhancement over time of 100 µL of 2 nM i-motif or control gold 

NF in the presence of 10 µL of 0.2 U/µL DNAse I.  Fluorescence enhancement is defined as the 

fluorescence intensity of the solution at a given time (If) relative to the initial fluorescence intensity 

of the same solution (I0). All fluorescence intensities are corrected for the fluorescence intensity 

of the buffer. In the presence of DNAse I, the fluorescence increases by over 15-fold while in the 

absence of DNAse I, the fluorescence remains unchanged. Data points and error bars represent the 

mean and standard deviation of three replicates, respectively.  
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4.3.1.4. Change of fluorescence signal over time of control gold NFs in cellulo 

To determine the extent of false-positive signal obtained from NFs in cells, pulse-chase 

experiments were performed with the control gold NFs. 1 nM of the control NFs were incubated 

with MDA-MB-231 cells for 1 h in serum-free media. The cells were then washed thoroughly and 

after additional 0, 2, and 4 hours, they were analyzed by flow cytometry. The fluorescence from 

the flare strand was monitored and it was found to increase over time. These results show a time-

dependent false-positive fluorescence signal is observed from gold NFs in cells. 

 

Figure 4.3.1-4. Fluorescence enhancement over time of MDA-MB-231 cells treated with control 

gold NFs.  Fluorescence enhancement is defined as the mean fluorescence intensity of the cells at 

a given time (If) relative to the mean fluorescence intensity (I0) at the initial timepoint. All 

fluorescence intensities are corrected for the mean fluorescence intensity of untreated cells. Time 

1 h corresponds to a 1 h pulse, 0 h chase.  Time 3 h corresponds to a 1 h pulse, 2 h chase.  Time 5 

h corresponds to 1 h pulse, 4 h chase. The fluorescence increases by ~3.5 fold over time. Data 

points and error bars represent the mean and standard deviation of three replicates, respectively. 
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4.3.2. ProTOn and control ProSNAs 

4.3.2.1. Fluorescence response of ProSNAs in presence of nuclease in buffer 

 

Figure 4.3.2-1. Fluorescence enhancement over time of 100 µL of 500 nM (by DNA) of ProTOn 

or control ProSNA in the presence of 10 µL of 0.2 U/µL DNAse I.  The fluorescence of samples 

without DNAse I was monitored over time as a control. Fluorescence enhancement is defined as 

the fluorescence intensity at a given time (If) relative to the fluorescence intensity (I0) at the initial 

timepoint. All fluorescence intensities are corrected for the fluorescence intensity of the buffer. 

Data points and error bars represent the mean and standard deviation of three replicates, 

respectively.  

4.3.2.2. Change of fluorescence signal over time of control ProSNAs in cellulo
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Figure 4.3.2-2. Fluorescence enhancement over time of MDA-MB-231 cells treated with control 

ProSNAs.  Fluorescence enhancement is defined as the mean fluorescence intensity of the cells at 

a given time (If) relative to the mean fluorescence intensity (I0) at the initial timepoint. All 

fluorescence intensities are corrected for the mean fluorescence intensity of untreated cells. Time 

1 h corresponds to a 1 h pulse, 0 h chase.  Time 3 h corresponds to a 1 h pulse, 2 h chase.  Time 5 

h corresponds to a 1 h pulse, 4 h chase. Unlike the case of gold NFs (Figure 4.3.1-4), the 

fluorescence does not significantly change over time. Data points and error bars represent the mean 

and standard deviation of three replicates, respectively. 
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4.3.2.3. Fluorescence response of pHrodo™ Red AM Intracellular pH Indicator  

To benchmark ProTOn against a commercially available intracellular pH indicator, we studied the 

pH response of pHrodo™ Red AM. This hydrophobic pH-sensitive dye is cell permeable. In the 

cell, non-specific esterases cleave the AM ester groups and, consequently, the dye is retained 

intracellularly.  We studied the pH response of pHrodo™ Red AM both in buffered solutions as 

well as in cells clamped to specific pH. 

 

 

Figure 4.3.2-3. Fluorescence enhancement of pHrodo™ Red in (A) buffer at different pH and (B) 

cells clamped at different pH. Fluorescence enhancement is defined as the fluorescence intensity 

of the pHrodo™ Red solution/cells at a given pH (If) relative to the fluorescence intensity (I0) at 

pH 7.5. All fluorescence intensities are corrected for the fluorescence intensity of the 

buffer/untreated cells.  Intracellularly, pHrodo results in approximately ~2-fold fluorescence 

enhancement when clamped at pH 5.5 relative to pH 7.5. Data points and error bars represent the 

mean and standard deviation of three replicates, respectively.
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4.3.2.4. The ProSNA architecture protects the protein against protease degradation 

To demonstrate the effectiveness of the SNA architecture in protecting a protein from protease 

degradation, both the native protein and the ProSNA were incubated with a protease (trypsin) and 

aliquots of this degradation reaction were loaded on an SDS-PAGE gel. We observed that the 

native protein incubated with trypsin produced several lower molecular weights corresponding to 

degradation products after 10 minutes. Furthermore, the intensity of these degradation products 

increased with time. However, with the ProSNA these degradation bands were not observed 

suggesting that the DNA shell is able to partially protect the protein from substantial degradation 

by trypsin. 

 

Figure 4.3.2-4. SDS-PAGE gel of β-gal and β-gal ProSNA treated with trypsin (protease) shows 

that while β-gal degrades over a time course of 70 min (as evidenced by the appearance of multiple 

bands at lower molecular weights), β-gal ProSNA does not. The β-gal ProSNA used in this specific 

study consists of the DNA sequence 5’-DBCO-(sp18)2T30-3’.
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4.3.3. GOx-SNAs 

4.3.3.1. GOx-characterization 

Since this is the first report of GOx-SNAs, we provide UV-Vis characterization data below. We 

note that native GOx has an absorbance peak at 280 nm. Upon modifying the GOx with AF-647 

and PEG azides (i.e. for GOx-AP), an additional absorbance peak is observed at 650 nm 

corresponding to AF-647. Upon further functionalization with DNA (i.e. for GOx-SNAs), an 

additional peak is observed at 260 nm corresponding to the DNA. Based on the extinction 

coefficients of the GOx, AF-647, and DNA, the number of AF-647 per GOx-SNA calculated to 

be ~2 while the number of DNA strands were calculated to be ~28. 

 

Figure 4.3.3-1. UV-Vis characterization of GOx-SNAs. 

4.3.3.2. Activity of GOx-SNAs compared to native GOx
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To determine the effect of conjugation of DNA to GOx on its catalytic activity, we incubated 

identical concentrations (20 nM) of GOx and GOx-SNAs with and without 1 mM glucose in 1X 

PBS containing 5 µM FBBBE at 37 °C. GOx catalyzes the conversion of glucose to gluconic acid 

with concomitant production of hydrogen peroxide. The hydrogen peroxide formed reacts with 

FBBBE and cleaves the boronate ester groups, yielding highly fluorescent fluorescein. We observe 

from the figure below that the fluorescence increases significantly over time in the presence of 

glucose. Importantly, the increase in fluorescence for both GOx and GOx-SNAs is nearly identical 

showing that the activity of GOx is retained in SNA. 

 

Figure 4.3.3-2.Comparison of catalytic activity of GOx and GOx-SNAs at 37 °C. 20 nM GOx-

SNA or 20 nM native GOx are treated with 0 mM and 1 mM glucose in 1X PBS containing 5 µM 

FBBBE. The fluorescence at each time point is corrected for the fluorescence of the dye alone in 

buffer. The fluorescence is monitored by exciting FBBBE at 485 nm and collecting the emission 

at 528 nm. The results show that the protein’s native activity is retained in the SNA form. Data 

points and error bars represent the mean and standard deviation of three replicates, respectively. 

4.3.3.3. Response of GOx-SNAs to increasing glucose concentrations in buffer
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To determine the response of GOx-SNAs to increasing glucose concentrations in buffer, we 

incubated 20 nM GOx-SNAs with 5 µM FBBBE in 1X PBS at 37 °C and added varying amounts 

of glucose between 0-5 mM. The fluorescence from FBBBE was monitored over a period of 2 h. 

A calibration curve was constructed at the 30-min time point and the 2 h time point. The limit of 

detection (LOD) was determined at each time point by the 3σ/m method, where σ denotes the 

standard deviation of the response and m denotes the initial slope of the calibration curve. The 

LODs were to be ~17 µM and ~5 µM at 30 min and 2 h, respectively. Both LODs are well below 

the typical concentration of glucose in cells (0.1-2 mM).[412,413] 

 

Figure 4.3.3-3. Fluorescence enhancement of 20 nM GOx-SNAs + 5 µM FBBBE in the presence 

of varying amounts of glucose at 37 °C. The fluorescence enhancement is calculated as the ratio 

of Ic,30 / I0,30. Ic,30 represents the fluorescence of the solution at the 30-min time point when a 

concentration c of glucose is added.  I0,30 represents the fluorescence of the solution at the 30-

minute time point when a concentration 0 mM of glucose is added. The fluorescence is corrected 

for the fluorescence of the buffer. The fluorescence is monitored by exciting FBBBE at 460 nm 

and collecting the emission at 530 nm. Data points and error bars represent the mean and standard 

deviation of three replicates, respectively.
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Figure 4.3.3-4. Fluorescence enhancement over time of AF-647 conjugated to GOx-SNAs in the 

presence of varying amounts of glucose and 5 µM FBBBE 1X PBS at 37 °C. The fluorescence 

enhancement is calculated as the ratio of Ic,t / I0,0. Ic,t represents the fluorescence of the solution at 

the time t when a concentration c of glucose is added.  I0,0 represents the fluorescence of the 

solution at the initial time point when a concentration 0 mM of glucose is added. These results 

show that the AF-647 signal from GOx-SNAs is not affected by the formation of FBBBE. The 

slight decrease in fluorescence over time is attributed to photobleaching. The fluorescence is 

monitored by exciting GOx-SNAs at 640 nm and collecting the emission at 700 nm. Data points 

and error bars represent the mean and standard deviation of three replicates, respectively.
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4.3.3.4. Selectivity of GOx-SNAs for glucose over other sugars in a complex mixture 

We studied whether GOx-SNAs can selectively detect glucose in the presence of other sugars 

(sucrose, xylose, mannose, fructose, maltose, lactose, galactose, and glucose-6-phosphate). We 

note that the fluorescence observed in the presence of glucose is nearly identical to the fluorescence 

observed when glucose is present in a mixture of other sugars. Importantly, the fluorescence 

observed in the absence of glucose is negligible. 

 

Figure 4.3.3-5. Selectivity of GOx-SNAs for glucose over other sugars in a complex mixture. 10 

nM GOx-SNAs were incubated with 5 μM FBBBE at 37 °C for 30 min in the presence or absence 

of 5 mM of sugars. The fluorescence observed when 5 mM glucose is added to the GOx-

SNA/FBBBE solution is normalized to a value of one. The other values are plotted relative to this 

value. The fluorescence of all three data points was corrected for the fluorescence of a solution of 

containing only FBBBE. The fluorescence was monitored by exciting FBBBE at 485 nm and 

collecting the emission at 528 nm. Data points and error bars represent the mean and standard 

deviation of three replicates, respectively. 
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4.3.3.5. Response of GOx-SNAs in different cell lines 

Several different cell lines were tested for their fluorescence after treatment with the ProSNA 

probe set.  Flow cytometry experiments are shown in this section.  

4.3.3.5.1. Example flow cytometry gating strategy 

We show here an example of our gating strategy for flow cytometry experiments validating the 

ProSNA probes. 

 

Figure 4.3.3-6. Example flow cytometry gating strategy. (A) Cells are first distinguished from 

debris based on forward and side scatter. (B) Single cells are distinguished from clusters of cells. 

(C) Live cells are selected based on the fluorescence of the dye DAPI which preferentially stains 

dead cells. (D) The fluorescence histogram of live cells in the FBBBE channel is plotted. In this 

example, EG7-OVA cells treated with FBBBE have been analyzed.  
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4.3.3.5.2. MDA-MB-231 

 

Figure 4.3.3-7. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE. 
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4.3.3.5.3. U87 

 

Figure 4.3.3-8. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE.  
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4.3.3.5.4. SKOV-3 

 

Figure 4.3.3-9. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE. 
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4.3.3.5.5. EL4 

 

Figure 4.3.3-10. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE.
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4.3.3.5.6. Human Dermal Fibroblasts (HDF) 

 

Figure 4.3.3-11. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE. 
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4.3.3.5.7. MC38 

 

Figure 4.3.3-12. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE.
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4.3.3.5.8. NIH-3T3 

 

Figure 4.3.3-13. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE.



280 
 

 
 

4.3.3.5.9. 4T1 

 

Figure 4.3.3-14. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE. 
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4.3.3.5.10. EG7-OVA 

 

Figure 4.3.3-15. Representative fluorescence histograms of untreated cells, cells treated with 50 

µM FBBBE and cells treated with 40 nM GOx-SNA and 50 µM FBBBE. 

4.3.3.6. Intracellular response of GOx-SNAs to varying glucose concentrations in cell 

culture media 

To study the effect of glucose add to cell culture media on the fluorescence reported by GOx-

SNAs, EL4 cells were first treated with 40 nM GOx-SNAs in glucose-free media. After washing 

the cells thoroughly, 50μM FBBBE in 0 mM or 25 mM glucose-containing media was added to 

the cells. The cells were incubated at 37 °C for 30 min and then analyzed by flow cytometry. We 

note that the fluorescence of cells subjected to 25 mM glucose-containing media is ~50% higher 

than cells incubated in 0 mM glucose. Importantly, these results agree with the fluorescence 

observed from cell lysates when a commercially available glucose assay kit is used. 
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Figure 4.3.3-16. Intracellular response of GOx-SNAs to varying glucose concentrations in cell 

culture media. (A) Representative fluorescence histograms of GOx-SNA-treated cells incubated 

in cell culture media containing 0 mM and 25 mM glucose. (B) Mean fluorescence of GOx-SNA-

treated cells incubated in cell culture media containing different glucose concentrations (If) relative 

to the mean fluorescence of cells incubated in 0 mM glucose-containing media (I0). Data points 

and error bars represent the mean and standard deviation of three replicates, respectively. (C) 

Relative fluorescence values of cells incubated in cell culture media containing 0 mM and 25 mM 

glucose as measured using cell lysates through a commercially available glucose assay kit. Data 

points and error bars represent the mean and standard deviation of three replicates, respectively.  
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4.3.3.7. Intracellular response of GOx-SNAs to increased glucose uptake 

To study the effect of increased glucose uptake on the fluorescence reported by GOx-SNAs, MC38 

cells were first treated with 40 nM GOx-SNAs in glucose-free media. After washing the cells 

thoroughly, 50μM FBBBE in 5 mM glucose-containing media was added to the cells. Additionally, 

either 0 nM or 100 nM insulin, well-known to increase glucose uptake was added.[414,415] The cells 

were incubated at 37 °C for 30 min and then analyzed by flow cytometry. We note that the 

fluorescence of cells subjected to 100 nM insulin is increased by ~90% compared to cells not 

treated with the insulin. Importantly, these results agree with previous reports of the effect of 

insulin on glucose uptake in MC38 cells measured using radiolabeled glucose.[414] 

 

 

Figure 4.3.3-17. Intracellular response of GOx-SNAs to increase of glucose uptake. (A) 

Representative fluorescence histograms of GOx-SNA-treated cells incubated in cell culture media 

containing 0 nM and 100 nM insulin. (B) Mean fluorescence of GOx-SNA-treated cells incubated 

in cell culture media containing different insulin concentrations (If) relative to the mean 

fluorescence of cells incubated in 0 nM insulin-containing media (I0). Data points and error bars 

represent the mean and standard deviation of two replicates, respectively.  

4.3.3.8. Intracellular response of GOx-SNAs to inhibition of glucose uptake 
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To study the effect of blocking glucose receptors on the fluorescence reported by GOx-SNAs, EL4 

cells were first treated with 40 nM GOx-SNAs in glucose-free media. After washing the cells 

thoroughly, 50μM FBBBE in 25 mM glucose-containing media was added to the cells. 

Additionally, either 0 μM or 10 μM cytochalasin B, a well-known glucose transport inhibitor was 

added.[416] The cells were incubated at 37 °C for 30 min and then analyzed by flow cytometry. We 

note that the fluorescence of cells subjected to 10 μM cytochalasin B is reduced by ~25% compared 

to cells not treated with the inhibitor. Importantly, these results agree with the fluorescence 

observed from cell lysates when a commercially available glucose assay kit is used. 

 

Figure 4.3.3-18.Intracellular response of GOx-SNAs to inhibition of glucose uptake. (A) 

Representative fluorescence histograms of GOx-SNA-treated cells incubated in cell culture media 

containing 0 μM and 10 μM cytochalasin B. (B) Mean fluorescence of GOx-SNA-treated cells 

incubated in cell culture media containing different cytochalasin B concentrations (If) relative to 

the mean fluorescence of cells incubated in 0 μM cytochalasin B-containing media (I0). Data points 

and error bars represent the mean and standard deviation of three replicates, respectively. (C) 

Relative fluorescence values of cells incubated in cell culture media containing 0 μM and 10 μM 

cytochalasin B as measured using cell lysates through a commercially available glucose assay kit. 

Data points and error bars represent the mean and standard deviation of three replicates, 

respectively.  

4.4. Discussion 

4.4.1. Validating the ProSNA approach 
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We hypothesized that the use of a quencher-free strategy coupled to an SNA architecture could 

overcome many of the challenges associated with NanoFlares discussed in section 4.1. To test this 

hypothesis, we first designed SNAs in which the nucleic acid sequences act as the recognition 

element. We used a duplex-sensitive dye, thiazole orange (TO), as a base-surrogate in an 

oligonucleotide recognition sequence that is designed to bind to the target analyte (Figure 4.4.1-1, 

Figure 4.2.2-3). This class of dyes, derived from intercalators, have low fluorescence in a single-

stranded oligonucleotide due to unrestricted rotation about the methine bridge in the molecules.[124] 

In contrast, upon binding to the target analyte, the dye undergoes forced intercalation (FIT) 

(Chapter 2) between the oligonucleotide base pairs, thereby restricting its motion, leading to 

enhanced fluorescence.[124,154,378]  The use of a duplex-sensitive dye no longer necessitates the 

presence of a “chemically inert” gold core and allows us to expand the core selection. Here, we 

use a protein core as a model system due to its well established biocompatibility, biodegradability, 

and site-specific attachment points.[417,418]  

For proof-of-concept, we chose an i-motif sequence as the recognition strand that undergoes pH-

dependent structural changes between an unfolded and a tetraplex form.[253,419] The i-motif  is an 

aptamer for protons, and we converted the i-motif into a FIT-aptamer using a strategy previously 

reported by our group.[378] β-galactosidase (β-gal) was chosen as the protein core. A fluorescent 

dye AlexaFluor 647 (AF-647) was covalently conjugated to the cysteine residues of the protein 

through maleimide-thiol coupling to enable the monitoring of the cellular uptake of the probe. 

DBCO-TEG terminated DNA was attached orthogonally to the lysine residues modified with 
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PEG-azides. These modifications gave rise to a TO containing i-motif-β-gal ProSNA termed as 

ProTOn (Figure 4.4.1-1). 

 

 

Figure 4.4.1-1. (A) Structure of β-galactosidase with lysine and cysteine residues highlighted. (B) 

Structure of the forced intercalation dye thiazole orange (TO). (C) Unfolded i-motif sequence with 

a single base replaced with TO. (D) Folded i-motif with TO intercalated between base pairs. (E) 

Structure of ProTOn at pH 7.5 and pH 5.5. The formation of the i-motif structure leads to 

fluorescence turn on of TO. 

We first established that ProTOn is capable of detecting pH changes in vitro (Figure 4.4.1-2) by 

subjecting it to buffered solutions at different pH. Our results show a gradual increase in the 

fluorescence enhancement of TO, saturating at 9-fold, when the pH of the solution changes from 

7.5 to 5.0. No change in fluorescence signal is observed from AF-647 in this pH range. Similarly, 
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ProSNAs containing a control sequence that does not form the i-motif structure results in no 

fluorescence enhancement either in the TO channel or the AF-647 channel in this pH range.  

Next, we determined the ability of ProTOn to report changes in intracellular pH (Figure 4.4.1-2). 

The MDA-MB-231 cell line, a human epithelial breast cancer cell line, was chosen as a model. 

These cells were incubated with 40 nM ProTOn in serum-free media for 4 h. The cells were then 

clamped at pH 5.5 and pH 7.5 and analyzed by flow cytometry. The mean fluorescence of cells at 

pH 5.5 is almost double that of cells at pH 7.5, consistent with the results obtained when pHrodo™ 

Red AM, a commercially available intracellular pH probe, is used as a benchmark (Figure 4.3.2-3). 

As before, control ProSNAs do not elicit a significant fluorescence change, demonstrating the 

specificity of ProTOn.  

 

Figure 4.4.1-2. (A) In vitro fluorescence response of ProTOn and a control probe to different pH. 

The fluorescence in the TO increases as pH decreases due to the formation of i-motifs in ProTOn. 

The control probe does not form an i-motif and, therefore, shows no change in fluorescence. The 

fluorescence of AF-647 remains unchanged for both ProTOn and the control probe. (B) TO 

channel fluorescence response of MDA-MB-231 cells treated with ProTOn and a control probe. 

ProTOn-treated cells clamped at pH 5.5 are almost twice as fluorescent as those clamped at pH 

7.5. Cells treated with the control probe show no significant difference in fluorescence.  

Importantly, this new quencher-free ProSNA-based design is not prone to false-positive signals, 

as evidenced by in vitro nuclease degradation experiments (Figure 4.3.1-3, Figure 4.3.2-1) and 
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pulse-chase experiments in MDA-MB-231 cells (Figure 4.3.1-4, Figure 4.3.2-2). Moreover, the 

use of a FIT-strategy does not require strand displacement, overcoming limitations associated with 

non-specific dehybridization of the reporter strand and allowing faster binding to the target 

analyte.[378] Taken together, these results show that ProSNA-based quencher-free probes constitute 

a next-generation platform for monitoring intracellular analytes in live cells compared to gold-

NFs. 

Moreover, the use of a ProSNA allows one to not only detect analytes through the nucleic acid 

shell but also vastly expands the range of analytes that can be detected by taking advantage of the 

functional protein core. We hypothesized that using an enzyme, we can detect analytes for which 

nucleic acid-based recognition sequences are not known. To test this hypothesis, we designed a 

ProSNA for intracellular glucose detection using glucose oxidase (GOx) as the core (Figure 

4.4.1-3). We chose glucose as a model analyte because of its fundamental importance to 

maintaining cellular functions, its high intracellular abundance (~0.1 mM-2 mM),[412,413] and the 

lack of a glucose aptamer with a biologically relevant binding affinity.[420] Remarkably, the activity 

of GOx-SNAs remains unchanged compared to the native protein (Figure 4.3.3-2). 
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Figure 4.4.1-3. (A) Structure of glucose oxidase SNAs (GOx-SNAs). (B) Structure of fluorescein 

bis (benzyl boronic ester), FBBBE. (C) A two-step assay developed for glucose detection. (i) First, 

GOx-SNA catalyzes the conversion of β-D-glucose to D-glucono-1,5-lactone with the formation 

of H2O2. (ii) The H2O2 formed reacts with non-fluorescent FBBBE and yields highly fluorescent 

fluorescein. 

To detect glucose intracellularly, we developed a new two-step assay. In the first step, cells are 

treated with GOx-SNAs in glucose-free media. Upon entering the cells, GOx-SNAs catalyze the 

conversion of glucose to D-glucono-1,5-lactone and produce hydrogen peroxide. In the second 

step, the cells are washed thoroughly and treated with fluorescein bis (benzyl boronic ester), 

FBBBE, a cell-permeable, non-fluorescent fluorescein derivative.[421] In the presence of hydrogen 

peroxide, the boronate groups are cleaved and highly fluorescent fluorescein is formed and 

retained intracellularly. Therefore, the fluorescence is directly proportional to the amount of 

glucose in the cell. This assay results in a 120-fold fluorescence enhancement in the presence of 

glucose (Figure 4.4.1-4A) in vitro. Due to the high specificity of GOx, the probe is selective against 

other sugars including sucrose, xylose, mannose, fructose, maltose, lactose, galactose, as well as 
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glucose-6-phosphate which results from rapid phosphorylation of glucose upon cellular entry 

(Figure 4.4.1-4B, Figure 4.3.3-5).[422]  

To ensure the validity of this new assay in cells, we tested nine different cells lines (MDA-MB-

231, MC38, U87, SKOV3, HDF, EL4, EG7-OVA, 4T1, and NIH/3T3), representing a mix of 

cancer and normal cells, adherent and suspension cells, and human and murine-derived cells 

(Figure 4.3.3-7-Figure 4.3.3-15). Flow cytometry experiments show that cells treated with FBBBE 

alone have increased fluorescence compared to untreated cells. These results are expected because 

some fluorescein is formed due to the basal level of H2O2 produced in the cells. Cells pre-treated 

with GOx-SNAs show up to ~12-fold increase in fluorescence due to the elevated levels of H2O2 

produced (Figure 4.4.1-4C). 
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Figure 4.4.1-4. (A) In vitro fluorescence response of GOx-SNA to increasing concentrations of 

glucose. The y-axis shows the observed fluorescence (Ic,t) for a particular concentration, c, of 

glucose at time, t,  relative to the fluorescence (I0,0) of GOx-SNA at the initial timepoint in the 

absence of glucose. Over 120-fold fluorescence enhancement is observed in the presence of 

glucose. (B) In vitro selectivity of GOx-SNA against other sugars. (C) Fluorescence of EL4 cells 

under different treatment conditions. Cells treated with GOx-SNAs and FBBBE fluoresce ~12-

fold more compared to cells treated with FBBBE alone. (D) Representative fluorescence 

histograms corresponding to data in (C).  

Modulating intracellular glucose levels impacts the fluorescence detected. GOx-SNA-treated cells 

exposed to media containing 25 mM glucose show an increase in fluorescence compared to those 
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exposed to 0 mM glucose (Figure 4.3.3-16). Similarly, increasing glucose uptake by treating cells 

with 100 nM insulin results in higher fluorescence (Figure 4.3.3-17). In contrast, decreasing 

glucose uptake by using 10 µM cytochalasin B, a well-known glucose transport inhibitor,[416] 

results in decreased fluorescence (Figure 4.3.3-18). Taken together, these experiments show that 

GOx-SNAs can be used as intracellular glucose probes, which going forward, may aid the high 

throughput screening of antihyperglycemic drugs. 

4.5. Conclusion 

In summary, I have discussed the development of a powerful new class of intracellular probes 

based on ProSNAs. Their modular structure allows one to change the protein core and the nucleic 

acid shell independently and detect analytes using either component as the sensing moiety through 

binding- or activity-based sensing. The programmable nature of nucleic acids would allow the 

detection of targets using aptamers, DNAzymes, or hybridization-based probes. The unparalleled 

specificity of proteins will give rise to probes that are highly selective for their targets. When one 

takes into account the many proteins that have been developed for sensing analytes in cell lysates 

or fluorescent proteins that are genetically encoded, the scope of possibilities is enormous, 

considering that these proteins could be repurposed as exogenous probes for detecting intracellular 

analytes in live cells and clinical samples.  
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CHAPTER FIVE 

5. Outlook and Future Work 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Portions of this chapter reprinted (adapted) with permission from S. B. Ebrahimi, D. Samanta, C. 

A. Mirkin, J. Am. Chem. Soc. 2020, 142, 11343–11356. Copyright 2020 American Chemical 

Society. 
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5.1. Summary 

The work outlined in this thesis has resulted in the development of a toolbox that can allow 

researchers and clinicians to study a wide variety of targets (protein, ions, small molecules, etc.) 

in a wide variety of different milieu (serum, living cells, etc.).  In the second chapter, I described 

the development of a new method of signal transduction for aptamer-target binding, called FIT-

aptamers.[378]  The advantages of FIT-aptamers outlined in Chapter 2 enabled their employment as 

the first fluorogenic aptamer probes capable of detecting steroid hormones in clinical serum 

samples, discussed in Chapter 3.[423]  Finally, the quencher-free nature of the FIT-approach allowed 

the development of a new class of false-positive resistant probes for live cell chemical analysis, 

presented in Chapter 4.[379]  Below, I outline future directions of interest using these developed 

tools. 

5.2. High throughput screening of novel metallo base-pairs 

Certain analytes have no known aptamers, small molecule dyes, or proteins for their detection 

inside of living cells.  This deficiency applies to several metal ions.  A FIT-based strategy enables 

the probing of local target-induced conformational changes, a powerful capability that is not 

possible with conventional fluorophore/quencher or FRET-based methodologies.  Future work 

will leverage this capability for the high-throughput screening of novel metallo-base pairs. 

Specifically, if a metal is added to a DNA duplex that contains a single base pair mismatch directly 

adjacent to the FIT-dye, the dye will only turn-on if the metal coordinates the single base pair 

mismatch.  This turn-on is due to the rigidifying of the local environment of the FIT-dye due to 

metal binding.  By testing all combinations of single base pair mismatches (i.e. CT, AG, GT, etc.), 

a high-throughput screening can be done for several metals.  Preliminary experiments have led to 
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the potential discovery of 13 novel metallo-base pairs, including those mediated by Ag+, Hg2+, and 

Cu2+.  Future work will focus on confirming the metal-DNA coordination through NMR studies 

and DNA crystallization. These DNA duplexes can potentially serve as recognition elements for 

probing metal ions intracellularly. 

5.3. Expanding scope of recognition to mRNA inside of living cells 

Additional future work to expand the library of analytes that can be detected using protein SNAs 

involves mRNA, the detection, quantification, and tracking of which can enable live-cell genetic 

analysis. However, the central challenge to reliable mRNA detection is that the majority of SNA-

based structures are trapped in the endosome, which renders accurate quantification of cytosolic 

targets challenging. To address this, aptamer-mediated strategies have been investigated that allow 

receptor-mediated internalization. By targeting different cell-surface receptors, different uptake 

pathways can be elicited. Studies have shown that by modifying DNA-based structures with the 

nucleolin aptamer AS1411, direct cytosolic entry is possible.  We have appended the AS1411 

aptamer to FIT-based recognition sequences for vimentin mRNA, a known oncogene. This 

strategy affords 10-fold fluorescence turn-on in solution, with future work testing its feasibility in 

living cells.  Further experiments have focused on microinjecting structures into cells to measure 

the fluorescence signal generated when cytosolic delivery is maximized. 

5.4. Studying events in vivo 

Ultimately, the most interesting use of a newly developed diagnostic probe is for studying events 

in vivo.  To do this, several important considerations must be made.  In vivo delivery requires the 

consideration of additional factors compared to cells in culture due to the presence of more 
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biological barriers. Probes delivered by systemic injection must evade the immune system to avoid 

rapid clearance before reaching the target site, be stable during circulation, and accumulate in the 

target region in significant quantities to result in appreciable signal. The majority of structures 

localize predominantly in the liver and the spleen.132 This phenomenon offers an opportunity for 

the imaging of targets present in these organs, but also creates a challenge for studying analytes in 

organs that are difficult to access such as the brain. In this regard, one promising approach is the 

local delivery of probes. This strategy has been used for tumor imaging by delivering NanoFlares 

using an injectable hydrogel directly in the tumor.74 Alternately, targeting moieties such as 

aptamers or antibodies can potentially promote tissue-specific uptake.133,134 Imaging in vivo is most 

effectively done with dyes that emit in the biological optical window (NIR regime).135 These dyes 

allow for the signal to be distinguished from tissue autofluorescence, especially important in the 

analysis of deep tissue. In this light, the study of skin diseases has proven encouraging, as many 

targets are near the surface and local topical delivery of probes is possible.6,119 Moreover, 

multifunctional nanoparticles that combine fluorescence imaging with structural imaging (e.g. 

magnetic resonance imaging)112,136,137 can potentially provide more detailed information about 

diseased tissue in vivo. A final consideration is the biocompatibility and the long-term safety of 

the probes. It is anticipated that advances in probe design can lead to structures that can function 

as companion diagnostics, such as theranostic platforms for precision medicine, which is a growing 

area of interest.  The versatility of the protein SNA probes that we have developed make us 

uniquely poised to use them in vivo. First, as this new generation of probes no longer require a 

gold core, a biocompatible and biodegradable core such as a protein makes translation to in vivo 

contexts more attainable. Moreover, the protein SNA structure is expected to exhibit SNA 
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characteristics that allow analysis of skin samples or access to hard to reach areas like the brain.  

The versatility of the FIT-approach also allows the use of a palette of dyes, with recent work 

pushing further towards finding dyes that fluoresce in the NIR regime.  Access to a palette of dyes 

also would enable multiplexed detection, an important capability when trying to understand the 

interplay between different molecules. 

5.5. Selectively releasing nucleic acid-protein conjugates from solid surfaces 

Proteins functionalized with biotin modified nucleic acids can be attached to streptavidin coated 

surfaces.  If the protein chosen can be coupled to a colorimetric assay, the selective release of the 

protein from the surface as a result of a target of interest’s presence can be used as a diagnostic 

assay.  In this light, our recent results show that Cas13 enzyme activation via presence of a target 

nucleic acid of interest can be used to indiscriminately degrade the nucleic acid linkage between 

proteins and surfaces.  Using horseradish peroxidase as the protein core, a colorimetric substrate 

can be added to the milieu that is detached from the surface.  The intensity of color produced is 

directly proportional to the amount of target that was present to trigger Cas13 activity.  This 

capability has been leveraged by us recently to measure transcripts associated with SARS-CoV-

2.  Future work aims to look at other nucleic acid targets, or interface this strategy with aptamer-

target binding to create a new class of colorimetric probes. 
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